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Chromatography is an important analytical technique for the
separation of molecules in environmental, pharmaceutical,

medicinal, natural product synthesis research, and industrial
production. Despite chromatography’s extensive use, the
selection of appropriate column conditions is driven by empirical
methods and phenomenological theories. Single molecule
spectroscopy (SMS) offers the possibility to extract molecular-
scale data, with the overall goals of obtaining a mechanistic
understanding of chromatography and providing a framework for
intelligent chromatographic optimization, neither of which is
achievable through traditional ensemble-averaged methods.
Here we review both the spectroscopic techniques and the
new insights that SMS has provided on interfacial liquid
chromatographic separations. The experimental studies include
reverse phase, normal phase (silica based), and ion-exchange
chromatography. We discuss how single molecule results can
inform theory and predict column performance and a perspective
of future directions in the field is given. Overall, this review
demonstrates the value of collaborations between the separations
and single molecule spectroscopy communities and hopefully
will inspire future efforts to achieve a molecular-scale under-
standing of the crucial analytical technique of chromatography.

Chromatographic separation of molecules from complex
mixtures is an important analytical technique. In the
pharmaceutical industry, chromatography is used to isolate
therapeutic biomolecules produced by recombinant-engineered
bacteria for safe products to be consumed by patients.1 Similarly,
in the natural food product industry, chromatography can
quantify the amount of antioxidants or beneficial lipid products
in fortified food used for maintaining health.2 Chromatographic
methods are crucial in these two industries that combined
accounted for over $120 billion dollars to the economy in
2009.3,4 Chromatography also has important roles in the oil and
gas industry,5 environmental analysis,6 and natural product
synthesis. Thus, as one of the most commonly used analysis
techniques spanning many applications,7 understanding and
improving chromatography has important scientific and
economic implications.
Recent advancements in chromatography address the needs of

these diverse applications. Liquid chromatography column
stationary phases improved by decreasing the particle size to
<2 μm,8 using solid core-porous shell particle geometries,9

utilizing slip-flow properties of the mobile phase along the
stationary phase column walls,10−12 combining hydrophilic
bonded phases and ionic ligands for mixed-mode capabilities,13

and using monolithic materials14 to decrease data acquisition
times, pressure requirements, and column lengths.7,15 In
improving data analysis, multidimensional methods improved
quantification of analytes from nonuniform peaks due to
background contributions, retention time shifts, and peak
shape changes.16 Theoretically, numerical and molecular
mechanical modeling of analyte adsorption are used to
understand plate- and mass-transfer descriptions of column
performance.17,18

Despite the importance of and advancements in chromatog-
raphy, an experimental molecular-scale understanding is lacking.
In industry, selection of appropriate mobile and stationary phase
conditions is often empirically determined through a time-
intensive, costly process of testing numerous combinations of
variables such as stationary phase packing density, ligand loading,
and particle size; mobile phase ionic strength, hydrophobicity,
and pH; and column length, diameter, and flow rate. Current
explanations of chromatographic performance through theoreti-
cal models have relied heavily on phenomenological descriptions
that use either variables that have no clear physical parallel within
the experiment or broad definitions of diffusion, packing, and
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kinetics comprised of many complicated molecular processes
contributing in sum. One cause of the lack of mechanistic
information in both chromatographic experiment and theory is
ensemble averaging. The ensemble averaged information
obtained from classical analysis of a vast number of molecules
inherently averages out any underlying analyte and/or process
heterogeneity.19 Ensemble methods therefore make it difficult to
resolve a fundamental, molecular viewpoint of the potentially
heterogeneous processes that occur in practical chromatographic
separations.
SMS is a technique that can fill this gap. By observing one

molecule at a time, heterogeneity that is hidden in ensemble-
averaged studies can be revealed. For example, non-Gaussian
peaks due to fronting or tailing are a challenge in chromatog-
raphy (Figure 1, solid line) and arise from multiple sub-

populations of dynamic interactions between the analyte and
stationary phase. SMS can resolve individual events that correlate
and distinguish the subpopulations (Figure 1, dashed lines),
revealing the causes of peak broadening and asymmetry in
chromatography from a mechanistic perspective not possible
through traditional techniques. Therefore, SMS represents a
promising path to a genuinely predictive, molecular under-
standing of the chromatography processes.
We will review the recent work in relevant SMS techniques

with applications to chromatography. Work from the first reports
on SMS chromatography in 1998 to the present are included but
recent advancements from 2014 that use super-resolution
imaging, particle tracking, and relating experimental results to
theory will be highlighted. First, the underlying principles of the
applicable SMS instrumentation will be summarized. Next, we
will highlight specific examples of the application of SMS in
providing mechanistic insight into separation methods.
Throughout, we will discuss techniques and problems that
have been addressed and identify scientific questions that still
remain for future collaborations between the separations and
SMS fields.

■ PRINCIPLES OF SINGLE MOLECULE
SPECTROSCOPY AND INSTRUMENTAL
TECHNIQUES

SMS allows for the detection of an individual molecule, the
fundamental concentration detection limit, allowing access to
molecular parameters and statistical distributions not available to
the ensemble. SMS was first introduced with the foundational

work from Moerner20 and Orrit21 detecting single molecules at
cryogenic temperatures. During the quarter of a century since the
technique was first demonstrated, capabilities at room temper-
ature,22−27 in biological systems,28,29 and improved temporal30,31

and spatial32,33 resolutions have been developed. This section
serves as a general introduction to the SMS techniques that have
been applied to interfacial studies of liquid chromatography.
More detailed reviews of the spectroscopic instrumentation and
analysis are available by Moerner and Fromm19 and Orrit et al.,34

to name a few. Reviews regarding the specific instrumentation
and analysis discussed in this section are also provided.

General Considerations and Sample Requirements.
Appropriate sample conditions in fluorescent microscopy allows
for single molecule detection. Compared to alternative
spectroscopic phenomena such as adsorption, Raman, or
Rayleigh scattering, fluorescence with appropriate high quantum
yield fluorophores can achieve high signals (∼105 photons/s).
The emitted photons are red-shifted from the laser excitation,
allowing the emission to be separated from the excitation for
detection. A low probe concentration, usually in the picomolar to
nanomolar range, is required to ensure only one molecule is
detected at a time. The sample must also be as free as possible
from contamination and defects, as Raman scattering and
fluorescence from impurities decrease the signal-to-background
ratio. The chemistry of the fluorescent probe must be
appropriate to the system of interest. For example, for the
separation of small, charged, organic molecules, the fluorophores
themselves can serve as appropriate model molecules. Rhod-
amine 6G, BODIPY, or Alexa dyes can act as cationic, neutral, or
anionic model analytes, respectively.35 Alternatively, for the
separation of biomolecules, natural or modified fluorescent
proteins, such as green fluorescent protein,36,37 are used. For
each method, it is important to reduce as much as possible the
perturbations to both probe and biomolecular function that are
associated with labeling. Proteins can be labeled on native amino
acids or mutated to contain a site-specific amino acid. Typically,
lysine or cysteine residues are labeled through amine- or thiol-
specific chemistry, respectively.38 Because of the popularity of
the SMS and prevalence of fluorescence in biology, a large library
of labeling probes is available through companies such as
Invitrogen. For further discussion of labeling biological
molecules, see Weiss.39

Creative solutions to improve or exploit the photophysical
drawbacks of fluorescence imaging have been presented in both
sample and instrument forms. Single molecule fluorescence is
inherently limited by photoblinking and photobleaching when a
fluorophore enters a temporary or permanent dark state,
respectively, either of which renders the probe useless for
observation. Photophysics can limit the amount of data collected
or lead to false analysis results; therefore, it is desirable to increase
the single molecule fluorescent lifetime. Solution-based
approaches have prevented photodynamic reactions where a
combination of light and oxygen interact with the fluorophore
and cause oxidative damage. Chemical methods have removed
oxygen that either reacts as a free radical with the fluorophore or
quenches excited fluorophores from solution, commonly using
enzymatic-based scavenging solutions.40 A myriad of different
solution cocktails41−46 and protective strategies47,48 have been
offered and compared.49 When using chemical approaches, it is
important to consider how the requisite pH and/or ionic
conditions of the oxygen scavenging solution are compatible with
the sample. Alternatively, hardware approaches can be used to
reduce adverse photophysics. The excitation intensity can simply

Figure 1. Illustration of asymmetric chromatography peak that at the
ensemble level (solid line) cannot resolve the heterogeneous, multiple
populations present (dashed lines) that SMS can reveal.
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be decreased, as the number of emitted photons per second
increases linearly with incident intensity before reaching a
saturating value.50,51 Reduced excitation intensity will indeed
extend the observation time but with the sacrifice of decreasing
the signal-to-noise ratio. Therefore, excitation power should be
selected to balance between reducing photophysical effects and
obtaining adequate signal-to-noise ratio. Other hardware-based
approaches that prevent unnecessary excitation of single
moleucle fluorophores have been presented through modulating
the excitation in sync with the time-gated data acquisition and
inherent data conversion time of the detector.52,53 The signal-to-
background ratio can also be improved bymodulation of the dark
and light state populations of a fluorophore using a modulated
secondary laser to resolve signal from the autofluorescent
background.54−56 Finally, synthetic development of new
fluorophores, both organic57−59 and biological,60 offers
improved lifetimes as another route toward better fluorophores.
Confocal Microscopy. In the study of chromatography at

the single molecule level, two different fluorescence microscopy
geometries have been applied (Figure 2): confocal microscopy
and wide field total internal reflection fluorescence (TIRF). In
confocal microscopy, the excitation overfills the back of a high
numerical aperture objective, leading to the focal volume being
focused to the diffraction limit (Figure 2A) with a beam radius of

∼200 nm and femtoliter volume. The focal volume can be held
stationary and molecules detected as they diffuse through or the
objective/sample stage can be scanned to obtain spatial
information. Emitted photons are detected on a single-element
detector, usually a semiconductor-based avalanche photodiode
(APD), though photomultiplier tubes have also been used
historically.61 The resulting signal can be the number of photons
detected over time (Figure 2B) or single photons and their arrival
time detected in a time-correlated single-photon counting
(TCSPC) setup.62

The intensity transient signal (Figure 2B) detected in confocal
microscopy reveals single molecule dynamics through several
routes of analysis. In the scanning geometry, discussed above, the
resulting output from the single channel detector can be
reconstructed into an image based on the location of the
objective on the sample at a given time. The areas of the image
with bright spots reveal the spatial locations of adsorbed
molecules. The frequency at which an image can be obtained is
limited by the scan rate. Typical acquisition rates can be ∼30
mHz for a 15 μm × 15 μm image. Alternatively, when the focal
volume is in a fixed location, blip analysis can reveal the frequency
of events. Blip analysis simply counts the number of events where
increases in intensity, or “blips”, indicate that a molecule has
passed through the focal volume. The total number of blips can
reveal information about the affinity and intermolecular forces at
work between the probe molecule and the interface.
Fluorescence correlation spectroscopy (FCS) analysis quan-

tifies diffusion properties of molecules using confocal micros-
copy. Through not truly a single molecule technique, the
correlation of the signal of many single molecule events over time
can be related to the time scale of motion of the probes. The
results provide a bridge between the classical ensemble averaged
and single molecule levels.63 From the transient signal, F(t), the
fluctuations of the signal, δF(t) are calculated by subtracting the
average signal, ⟨F⟩, from all points:

δ = −F t F t F( ) ( ) (1)

The self-similarity of the signal is then calculated through
autocorrelation analysis:
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where Veff is the size of the effective focal volume, ⟨C⟩ is the
concentration of fluorescent probe used, τ is the correlation lag
time, τD is the characteristic diffusion time, and r0 and z0 are the
focal beam radius and height, respectively. Equation 3, derived by
Elson and Madge, is based on the Stokes−Einstein relationship
for Brownian diffusion,64−66 and τD can be related to the
diffusion coefficient, D, by

τ
=D

r
4

2

D (4)

Figure 2. Summary of SMS instrumentation, data, and analysis. (A−C)
Representation of confocal microscopy. (A) Excitation geometry at an
ion-exchange interface where fluorescently-labeled proteins are being
detected. (B) Example intensity trace from 1D detection of photons
with an APD detector. (C) Example of FCS analysis where slower
diffusion is observed by increasing the probe size (red < blue < green).
(D−F) Representation of wide field TIRF microscopy. (D) Through-
the-objective TIRF excitation geometry where excitation at a high angle
(θ) creates an evanescent wave that only excites fluorophores (red) near
the interface, while out of focus fluorophores (yellow) do not contribute
to background signal. (E) Example 2D image of single molecules
detected on an EMCCD. (F) Analysis of data by super-resolution
imaging, improving the spatial resolution from ∼250 nm to ∼30 nm.
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Other fitting equations for additional types of diffusion have
also been derived.67,68 If various types of diffusion are present, a
multiple component fit can be used to resolve heterogeneous
behavior. Representative experimental results of G(τ) for
different size probes ranging from 2 to 100 nm in size are
shown in Figure 2C, demonstrating how FCS can reveal diffusion
dynamic information based on the decay of the curve.
Advanced confocal microscopy and FCS techniques have been

developed to circumvent limitations in traditional setups such as
slow diffusion and signal from noncorrelated background. When
transport is too slow, the diffusion coefficient cannot be
accurately extracted due to long acquisition time required; the
maximum lag time must be on the order of 5 000 times the
longest characteristic diffusion time before the observed diffusion
constant converges to the expected value.69 Movement of the
focal volume to parallelize the acquisition over the spatial
dimension and reduce time points between data has been
performed to analyze slower diffusion in techniques such as
raster scan image correlation spectroscopy,70−72 line scan
FCS,73,74 and circular scanning FCS.75,76 Alternatively, multiple
focal volumes separated by a set distance have been used in dual
focus FCS to quantify the diffusion time from one focal volume
to the other, obtaining information on a longer time scale in
addition to the typical diffusion within each individual focal
volume.77−80 Methods such as two-photon excitation81,82 or
stimulated emission depletion (STED) geometry83,84 improve
analysis by reducing nonspecific excitation of the background
and photobleaching for systems with high amounts of
autofluorescence or optical aberrations causing noncorrealated
background signal that obscures traditional autocorrelation
analysis. Finally, alternatives for sample preparation have also
allowed for nonfluorescent, unlabeled analyte to be observed by
exploiting fluctuations in the fluorescent medium surrounding
the particles in a technique called inverse FCS.85−89 For further
information on confocal microscopy techniques, specifically
FCS, readers should refer to Elson,63 Ries and Schwille,90 and
two reviews by Haustein and Schwille.61,91

Total Internal Reflectance Fluorescence Wide Field
Imaging and Analysis. TIRF microscopy images single
molecules over a wide field of view. TIRF limits the focal volume
to be within ∼100 nm of the support/sample interface by using
an exponentially decaying evanescent wave for excitation. The
formation of the evanescent excitation wave is achieved by
passing the excitation light at a high angle, θ, relative to the
critical angle, θc, as defined by Snell’s law, to allow for total
internal reflection to occur at an interface:

θ
η
η

=
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⎝
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where η1 and η2 represent the refractive index of the substrate and
sample, respectively. This high angle can be achieved through
two possible geometries, either using a prism or passing the
excitation at the edge of a high numerical aperture objective
(Figure 2D). The totally internally reflected beam creates an
evanescent wave that passes normal to the interface, and its
penetration depth, dp, decays exponentially according to

λ π η θ η= −d /4 sinp 1
2 2

2
2

(6)

where λ is the wavelength of the incident excitation. In typical
TIRF measurements, dp ∼ 100 nm. The lateral size of the
excitation in TIRF occurs over a wide field, typically ∼50 μm ×

50 μm, allowing for a large area to be excited simultaneously. The
resulting wide field of excitation can be detected on a 2D array
detector, such as an electron multiplying charge coupled device
(EMCCD), though newer scientific complementary metal-oxide
semiconductor (CMOS) detectors are being used more often.31

The resulting output, a movie comprised of a series of 2D images
can be obtained at much faster time scales (∼10 Hz) than
scanning confocal images and can resolve the dynamics of many
molecules simultaneously. For further information on the
instrumental details and applications on TIRF microscopy,
readers should refer to Wazawa and Ueda92 and Axelrod.93

Particle tracking analysis of TIRF data quantifies the diffusion
dynamics of individual molecules. In particle tracking, molecules
are identified in each frame, their locations are found and
recorded, and the trajectories of the motion of the molecules
from frame-to-frame are constructed by connecting molecule
locations between frames. The single molecule trajectories can be
further analyzed to understand the rate, nature, and distribution
of diffusion (Brownian, anomalous, etc.) through mean square
displacement analysis,94−98 van Hove distributions,99−101 radius
of gyration,102 and 3D spatial projections for curved
interfaces.103,104 Compared to FCS, the diffusion dynamics can
be found for each individual molecule instead of requiring many
individual events to calculate quantitative information. Further
information on single molecule particle tracking methods can be
found in reviews by Shuang et al.,105 Saxton and Jacobson,106 and
Chenouard et al.107

Super-resolution imaging analysis of TIRF data can obtain
spatial resolutions as small as ∼10 nm (Figure 2F). Since the
general principles were introduced,32,33,83,108,109 super-resolu-
tion methods have primarily been used to image biological
structure but are finding increased application to synthetic
materials and to understand dynamics. Fluorophores stochasti-
cally turn on and off through the image series either through
photophysical control or adsorption/desorption110 such that
only a few fluorophores are “on” at a time within a single frame.
This allows the centers of the isolated probes that appear as a
diffraction limited spot (∼250 nm in size) to be localized with
∼10−20 nm precision by fitting to a 2DGaussian or related point
spread function model;111,112 a statistical buildup of the locations
of multiple “on” events leads to an image below the diffraction
limit. Many reviews of super-resolution imaging have been
reported recently and the impact and versatility of the technique
was recognized by the Nobel Prize113 in Chemistry in
2014.40,114−116

Progress in determining the orientation, three-dimensional
location, and removal of photophysical events of single molecules
has been realized in improvements to wide field TIRF
microscopy. By defocusing the objective, the orientation of
single molecules can be determined. First reported by Dickson et
al.117−120 with advances in analysis by Enderlein et al.,121−123

defocusing changes the emission pattern of the fluorophores
from an in-focus Airy disk to a defocused pattern indicative of the
orientation of the emission dipole. Orientational imaging has
addressed important questions in biological environments, such
as molecular motors124 and membranes,125−129 and has
advanced to incorporate super-resolution position130 and
chirality131 information. Super-resolution imaging and tracking
in the axial dimension, in addition to the lateral direction, has
been achieved using phase masks132−134 and multiplane
collection geometries.135−139 Phase masks introduce an optical
astigmatism that, similar to defocusing, aberrates the emission
pattern that indicates the z-location of single molecules. A simple
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cylindrical lens placed in the detection path will lead to resolvable
axial information to ∼50 nm,132,133 but the double-helix point
spread function has been especially popular,134,140,141 due to the
ability to determine both 3D molecular orientation and position.
Finally, alternating laser excitation (ALEX)142,143 can perform
“photophysical sorting” to discern dynamics from photophysics
when two-color systems are being used. Two dye labels can be
used to perform single molecule Förster resonance energy
transfer (FRET), where the nonradiative transfer from one
fluorophore (“donor”) to the other (“acceptor”) can be used to
determine the distance between the dyes at 1−10 nm
resolution.144 Yet, blinking and bleaching of the donor and
acceptor can lead to false artifacts and data assignments. In
ALEX, two lasers are alternated, identifying and removing
photophysical effects. When performed on a TIRF microscope
with millisecond temporal resolution, dynamic information such
as macromolecule-ligand adsorption can be resolved.145

Overall, SMS techniques reveal temporal and spatial
information hidden in traditional ensemble techniques. Confocal
and wide field TIRFmicroscopies resolve single molecules with a
high signal-to-noise ratio using fluorescence to determine
location, kinetic, diffusion, and orientation information. SMS
has matured into a developed field with routine instrumentation
and analysis that can be applied to understand chromatography
at the fundamental concentration limit of a single molecule.

■ CHROMATOGRAPHY METHODS STUDIED BY
SINGLE MOLECULE SPECTROSCOPY

Interfacial liquid chromatography systems, including reverse
phase,146−158 normal phase (silica based),151,159−163 and ion-
exchange164−166 chromatography have been studied using SMS
techniques (Figure 3). Chromatography can be classified based
on the forces dominating the mobile/stationary phases
interaction that in turn result in separation, e.g., hydrophobic/
hydrophilic, electrostatic, steric, etc. In the following sections,

each form of chromatography is introduced and the relevant
SMS studies are reviewed.

Reverse Phase Liquid Chromatography. Reverse phase
liquid chromatography (RPLC) utilizes a hydrophobic stationary
phase to retain nonpolar analytes from a more hydrophilic
mobile phase, usually consisting of a combination of water and
acetonitrile. It is commonly applied to the separation of large
hydrocarbon molecules not volatile enough to be separated by
gas chromatography, making RPLC especially relevant to oil
analysis. The preparation of the stationary phase is commonly
performed through modification of silanol groups on a silica
surface with an organosilane compound containing a hydro-
phobic moiety. The characteristics of the stationary phase are
determined by the hydrophobic group, a long hydrocarbon such
as C18 (Figure 3A). The ease of modifying silica microscopy
coverslips with low amounts of autofluorescent contamination
and the availability of nonpolar fluorescent molecules to use as
probes has made RPLC very attractive for SMS studies.
The contribution of exposed RPLC stationary phase silanols to

retention heterogeneity was studied using SMS. It has been
known through ensemble studies that silanols can lead to
complex energy distributions167,168 within the stationary phase
with an end result of tailing in the elution profile.169,170 Wirth et
al. was one of the first groups to apply single-molecule
spectroscopy to RPLC to investigate surface heterogeneity.146

On the basis of their early ensemble findings on the highly acidic
and strong hydrogen-bonding properties of silanols that lead to
tailing,171 single molecule imaging and FCS were applied to the
dynamics of the lipophilic cationic fluorescent probe, DiI, at a
C18-modified silica interface. In their first report,146 two
populations of diffusion were observed; a majority (99%)
underwent fast diffusion (D = 1.3 × 10−6 cm2/s) (Figure 4A),
while a small population exhibited longer adsorptions with dwell
times as long as 3.3 s (Figure 4B). These rare but long-lasting
interactions were concluded to be the cause of tailing commonly

Figure 3. Illustration of different chromatographic interfaces studied by SMS. (A) C18 RPLC stationary phase with silanol defect present. In the articles
reviewed, the single molecule fluorophore probes (represented by red burst) were observed to interact for long periods of time at defect sites but not at
areas properly modified with octadecylorganosilane. (B, C) Silica-based stationary phases in (B) NPC/CLC and (C) CE where electro-osmosis of the
surplus of cations in the double layer drives the mobile phase through the capillary to the cathode instead of hydrodynamic flow. (D) Anion-exchange
IEX stationary phase with porous agarose support functionalized with clustered-charge cationic ligands. The chemical structure of agarose is included.
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observed in RPLC. Further work correlated atomic force
microscopy (Figure 4C) with fluorescent imaging (Figure
4D).147 Longer adsorption sites were located at defects in the
C18-modified silica, implying exposed silanol groups were the
source of the long events (Figure 3A).
The ability to tune the activity of these strong adsorption sites

was studied through changing mobile phase conditions of
acetonitrile148 or methanol149 content and pH.147 Ludes and
Wirth148 varied the common RPLC variable of acetonitrile
percentage while observing adsorption to the C18 interface. At
increased acetonitrile concentration, the relative population of
strong interactions of the analyte with characteristic desorption
times of 0.07 s and 2.6 s, as quantified by confocal blip analysis,
increased from 11% and 4% in water to 11% and 17%,
respectively, in 60% acetonitrile. The 4-fold increase in the
population of the longer 2.6 s desorption time is significant, as it
contributes more to kinetic tailing under elution conditions.
Mechanistic investigations through wide field fluorescent
imaging confirmed adsorption was occurring at spatially
distinguishable specific sites where polishing pits were present.
By introducing propanol, it was found that the acetonitrile
promotes adsorption by reducing the wetting of the specific
adsorption sites.
In other early work, Harris et al. extracted adsorption kinetics

in RPLC of cations with variable mobile phase methanol
content.149 Equations to analyze adsorption and desorption rate
constants from FCS data collected in a total internal reflection
excitation geometry were derived. Observing the adsorption of a
cationic dye, rhodamine 6 G, to acidic silanols under increasing
methanol concentrations up to 40%, it was found that the
desorption rate decreases while the adsorption rate increases.
One important conclusion from this work is that changes in the
adsorption equilibrium constant with methanol cannot be

explained by desorption rates only, and thus changes in the
energy barrier to adsorption must be considered.
The RPLC separation of more complex analytes in the form of

nucleic acids150,151 using SMS showed heterogeneity due to
interactions with exposed silanols that could be varied with pH.
Oligonucleotides are known to hydrogen-bond, making RPLC
the preferred purification technique. In Wirth and Swinton,150

the transport of a fluorescently labeled 24-mer over C18
functionalized silica was investigated by confocal microscopy.
FCS analysis showed bimodal diffusion where the diffusion
coefficients differed by 2 orders of magnitude (D1 = 2× 10−8 and
D2 = 2× 10−6 cm2/s); the two populations were attributed to free
diffusion and a distorted slow diffusion value due to adsorption
events. Further investigation through blip analysis showed rare
strong adsorption events up to 800 ms long. Again, strong
adsorption was hypothesized to be due to hydrogen bonding of
either the phosphate backbone or one or more of the oligomer
bases to exposed surface silanols, leading to the peak tailing
observed in bulk chromatography. In addition, fluctuations of the
fluorescent signal of adsorbed oligonucleotides that could not be
attributed to shot noise were observed, suggesting more
rotational or partially adsorbed conformations were possible
that were not observed in studies of DiI. Yeung et al. examined
the adsorption of lambda-DNA to C18 surfaces and compared the
results directly to commercial RPLC capillaries;151 the single
molecule observations of the total number of molecules adsorbed
to the C18 interface and fraction of adsorbedmolecules correlated
with ensemble peak shapes under different pH conditions.
More recently, SMS studies of RPLC expanded to commercial

materials152,153 and used more complex analysis techni-
ques.154,155 Geng et al. were the first to look at a commercial
support particle and observed rhodamine 6 G diffusion within
C18 modified silica beads through FCS.152 The diffusion
properties were correlated to the spatial location within the
bead (Figure 5A), showing the spatial heterogeneity of diffusion
and adsorption dynamics, corresponding to the random
distribution of silanol groups, consistent with the Wirth group
findings.146−148,150 Harris et al. used single particle tracking of
the hydrophobic probe octadecylrhodamine B in C18 particles.

153

Single particle tracking offers diffusion information from a single
molecule, compared to the many events required in FCS. The
resulting trajectories (Figure 5B) showed that transport is not
homogeneous; both diffusing and stuck molecules were observed
and distinguished statistically. The analysis of diffusing molecules
quantified the intraparticle diffusion coefficient to be D = 3.1 ±
0.1× 10−9 cm2/s. For stuck molecules, the desorption times were
correlated with the spatial location (Figure 5C). Importantly, it
was found that there were statistically anomalous sites within the
particle (Figure 5C, arrow) that exhibited both an increase in
number of adsorption events and longer-lived desorption times,
suggesting a positive correlation for a molecule to visit a site and
fall into an energetically deep trap. Harris et al. also used FCS on
images acquired on an EMCCD detector at rapid frame rates,
combining the benefits of both spatial information on μm2 scales
from TIRF and temporal rates on millisecond time scales from
FCS to study the heterogeneous diffusion rates of a hydrophobic
probe at C18 and C1 interfaces

155 and commercial particles.156

Finally, Schwartz et al. have localized adsorption of BODIPY C12
fatty acids to anomalous defects at the trimethylsilyl stationary
phase interface at ∼50 nm resolutions using super-resolution
imaging (Figure 5D) and were able to quantify an average
coverage of 10−20 adsorption sites per square micrometer which

Figure 4. Identification of defect silanol sites leading to long-lived
adsorption. (A) Fast diffusion was observed at nondefect sites through
the FCS autocorrelation decay curve, while (B) strong, long-lasting
adsorption was observed at suspected defect sites.146 Correlated (C)
AFM and (D)DiI fluorescent imaging at the C18 surface, showing strong
adsorption takes place at defects.147 Adapted and reprinted from refs
146 and 147. Copyright 1998 and 1999, respectively, American
Chemical Society.
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would be otherwise unachievable by diffraction limited
imaging.154

Overall, RPLC has been the most thoroughly studied
chromatographic system using SMS due to the ease of preparing
stationary phase with high purity required for SMS techniques
and the importance of RPLC. SMS has been able to provide the
universal observation that defect sites of available silanols leads to
rare, long-lived adsorption for various analytes (DiI, rhoadamine
6G, nucleic acids, octadecylrhodamine B, C12 fatty acid) that can
be spatially and temporally distinguishable from dominant faster,
free diffusion and that prevention and tuning of these sites is
critical to column performance in RPLC. The results have
inspired further work modifying stationary phases by synthetic
means172,174 and simulations173 to reduce and understand silanol
prevalence. For further description of this foundational work,
including kinetic results, see perspectives in Wirth, Swinton, and
Ludes157 and Wirth and Legg.158

Future work in RPLC could elucidate the role of the chemistry
of the hydrophobic moiety (other than C18) by using alternative
groups, such as phenyls. Alternatives to silica, such as polymeric
matrixes, that can perform RPLC at a wider range of pH values
(silica is limited to pH 2−8) would also be of interest. Work on

commercial particles in the spirit of Geng152 and Harris153,156 are
especially promising to compare the performance of different
suppliers at a molecular level. For example, if one particle
performs better than another, is it due to the distribution of
diffusion/displacement steps within pores or due to the number
of exposed, active silanols? Advances in RPLC through SMS
findings see much potential in the future.

Silica Surfaces: Normal Phase Chromatography and
Capillary Methods. Silica interfaces play an important role in
chromatography in separating polar organic and biomolecules.
The acidic silica groups (Figure 3B) are used to retain polar
molecules through hydrogen bonding from a less polar mobile
phase, such as water-free n-hexane, chloroform, or ethyl
acetate.175 Silica interfaces are used in many forms of separations,
most notably normal phase chromatography (NPC), capillary
liquid chromatography (CLC), and the electrophoretic counter-
part to the later, capillary electrophoresis (CE).
NPC, also called adsorptive chromatography, was one of the

first forms of chromatography and was used most often in the
first several decades of the technology, leading to the terminology
“normal” (Figure 3B). In its most common form, the stationary
phase is silica particles due to their desirable properties such as

Figure 5. SMS performed in commercial RPLC particles. (A) Distribution of values for integrated autocorrelation curve of rhodamine 6 G diffusion at
different locations within a commercial C18 stationary phase particle. A total of 200 trials per location were collected. The heterogeneity within the bead
and over time are illustrated by the large spikes, indicating strong adsorption to an exposed silanol group.152 (B,C) Spatially correlated tracking of
diffusing and stuck single octadecylrhodamine B molecules in a commercial RPLC C18 particle. (B) Example trajectory (red dots/line) of diffusing
molecule obtained by single molecule tracking shown at different frame times obtained through the measurement. (C) Histogram of
octadecylrhodamine B adsorption dwell times for stuck molecules and (inset) the mapped spatial distribution of the total number of stuck events
within the particle. An anomalously strong adsorption site indicated by a yellow arrow.153 (D) Super-resolution map of single BODIPY C12 fatty acid
adsorption to randomly dispersed defects at the trimethylsilyl interface.154 Adapted and reprinted from refs 152, 153, and 154. Copyright 2005, 2013,
and 2014, respectively, American Chemical Society.
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ease of manufacturing, uniform size, ability to increase and
control the surface area by using porous (with varying pore sizes)
vs nonporous fused silica, and reasonable cost.175 The silica can
be further modified with polar chemical groups such as amino-,
cyano-, or -diol phases.176 Alternative, less commonly used
stationary phase materials include alumina and carbon.
The methods of CLC (Figure 3B) and CE (Figure 3C) use the

silica walls of a capillary for the stationary phase. The use of the
capillary and/or electrophoretic force decrease the size and time-
scale of separations. Though not a truly chromatographic
process, CE is a very important technique used in the
biotechnology and pharmaceutical industries to separate
proteins, peptides, and nucleic acids. The electric field present
in CE at the silica surface allows for electro-osmosis, moving the
mobile phase toward the cathode based on the predominance of
cations in the double layer (Figure 3C). Molecules are separated
based on their electrophoretic mobility due to the interactions
with the silica surface.
Silica surfaces can be easily modified for SMS as glass

coverslips are abundantly used as substrates in microscopy.
Silanization of the slides can easily be prepared through plasma
cleaning or submersion in acidic, basic, or organic solutions based
on the method employed.177 Single molecule spectroscopists
have been interested in silica surfaces from a foundational,
interfacial science perspective,178−182 yet only limited work has
been performed on relating single molecule interfacial results to
the application of chromatography.
Interfacial SMS studies of biomolecules at silica surfaces have

been directly related to ensemble capillary techniques by Yeung
et al. to demonstrate for the first time that SMS could predict
experimental chromatographic elution peaks.151,159−162 In their
first studies, reported concurrently with the first SMS studies of
RPLC, single protein adsorption to a fused silica surface was
studied using wide field TIRF microscopy and the single
molecule results were directly compared to ensemble CE results
collected under similar conditions.159 The pH and ionic strength
were varied, and a mechanism for the observed single molecule
results and ensemble CE peak broadening was presented based
on the pI of the protein, silanol groups, and the electrical double
layer. In the SMS results, as shown in Figure 6A, the number of
adsorbed single concanavaline A proteins increased at decreased

pH and decreased ionic strength. The results at pH 3.0 and 7.0
(boxed, Figure 6A) were further investigated. The size of the
fluorescent spots recorded (Figure 6B,C), indicative of the
diffusion of the protein near the interface, was also larger (hence,
diffusion slower) at decreased pH and decreased ionic strength.
The distribution of the fluorescent spot size corresponded well
with the ensemble electropherograms (Figure 6D−F), where the
peak symmetry decreased under decreased pH and ionic strength
conditions. Correlating the results with the pI of the silanol
groups and the protein and the predicted size of the electric
double layer, it was concluded that long-range trapping of the
protein beyond the electric double layer thickness occurs below
the isoelectric point.
Yeung et al. further expanded their technique to understand

other proteins160 and DNA151,161,162 (Figure 7A), revealing the
importance of hydrophobic interactions between the analyte and
stationary phase. In their initial studies of olglionucleuotides, λ-
DNA with 12 unpaired bases at each end of the strand was
studied under different pH and mobile phase solvent
conditions.151 The pH results offered important findings about
the role of hydrophobicity in chromatography at polar silica
interfaces. At decreased pH, hydrophobic properties of the
unpaired bases dominated the separation over the traditionally
viewed role of polarity and electrostatics. This was further
studied by varying the number of unpaired bases where the λ-
DNA was compared to PSP3 (19-unpaired bases) and double
stranded DNA (0 unpaired bases).161 As the number of bases
increased, the ends became “stickier” under acidic conditions
(Figure 7B), while no difference was observed under basic
conditions (Figure 7C). This was explained based on the
electrostatic, hydrophobic, and hydrogen-bonding properties of
the analyte and silanols. Under basic conditions, both DNA and
silanols are negative and the DNA is electrostatically repelled.
However, below the silanol pKa (∼pH 6), the protonated silanols
reduce the electrostatic repulsion of the DNA to the surface and
the unpaired purine and pyrimidine bases adsorb the DNA to the
surface through hydrophobic interactions. Similar to their results
with concanavaline A, single molecule results of the distribution
of adsorption times of the λ-DNA also correlated well with CLC
chromatograms.159

Figure 6. Single molecule and ensemble CE of protein adsorption to silica surface under different pH and ionic strength conditions. (A) Number of
single molecules identified under varied pH at 8.3 and 50 mM buffer concentrations. pH values of 3.0 and 7.0 boxed for emphasis due to further study in
parts B−F. (B, C) Spot size of single molecules observed at (B) pH 7.0 and (C) pH 3.0 and (blue) 8.3 and (red) 50 mM buffer concentration. The spot
size is indicative of the diffusion properties of the protein near the surface. (D−F) Electropherograms at (E) pH 7.0, 8.3 mM; (E) pH 3.2, 8.3 mM; and
(F) pH 3.2, 50 mM. The shapes of the electropherograms compared to the corresponding spot sizes in parts B and C are similar. Adapted with
permission from Xu, X.-H. N.; Yeung, E. S. Science 1998, 281, 1650−1653 (ref 159). Copyright 1998 Science/AAAS.
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Protein adsorption to silica was studied in Cuppet et al.163

where TRITC-labeled lysozyme was observed under varying pH,
ionic strength, and quality of silica polish to understand the
importance of topography. Wide-field fluorescence and optical
imaging and AFMwere used to visualize adsorption and quantify
the surface polishing defects. It was found that the lysozyme was
reversibly bound at the heterogeneously distributed polishing
marks. Reducing pH and increasing ionic strength caused the
protein to desorb, suggesting short-range interactions, such as
van der Waals, hydrogen bonding, acid−base, or conformation
changes were the cause. Adsorption decreased when using
superpolished silica, indicating topography was also a factor in
adsorption and nonspecific adsorption could be prevented using
these materials.163

The work on silica-based stationary phases shows that SMS
can elucidate intermolecular interactions between the analyte
and stationary phase and that single molecule results can be
predictive of the expected ensemble behavior by comparing SMS

results to CLC and CE collected under similar conditions. The
results have addressed questions such as whether electrostatic or
hydrophobic interactions are stronger and how external factors
influence the behavior of biomolecules at the surface.160 The
findings have revealed that quality of the silica polishing and
considerations on biomolecule structure are important.
SMS studies of polar-based stationary phases have thus far

been limited to fused silica surfaces. There is much potential
knowledge to be gained about modified silica with chemically
grafted polar phases or porous silica where steric contributions
will come into play. Sterics will also be significant in using
multiple silica beads in packed NPC columns as opposed to the
capillary methods studied by Yeung et al.,151,159−162 so more
advanced work correlating SMS results to NPC is needed.
Potential studies of single molecules at the single or even
multiparticle level, similar to what has been performed in
RPLC,152,153 could add insight. In regards to CE, SMS studies
could be performed under applied potentials. The construction
of electrochemical cells for single molecule183 and single
nanoparticle184,185 systems have recently been reported in the
literature and could be applied to understanding separations at
silica interfaces driven by electro-osmosis.

Ion-Exchange Chromatography. Ion-exchange chroma-
tography (IEX) separates molecules based on electrostatic
affinity of the charged analyte to specific ionic functional groups
in the stationary phase (Figure 3D). The stationary phase can be
described as either anion-exchange (the anionic analyte
exchanges with anions bound to positively charge ligands) or
cation-exchange (the opposite). Common anion-exchange
functional groups include triethylaminoethyl, polyethylenimine,
p-aminobenzyl, or quaternary ammonium groups, and for cation-
exchange, carboxymethyl, sufopropyl, phosphate, and sulfonate
groups.176,186 The functional ligands are typically supported on
agarose (Figure 3D) or other cellulose derived matrixes due to
their superior performance in protein separations, but silica or
cross-linked polymers are also used in the high-pressure, high-
performance liquid chromatography systems due to their low
compressibility.176 The porosity of the support matrix can be
tuned to change the functional surface area available. Mobile
phases are typically aqueous due to the ionization properties and
solubility of salts and buffers in water. The ionic strength and pH
of the mobile phase are critical to the exchange properties in IEX,
since both affect the electrostatic distribution of charges on both
the analyte and ligand.
IEX poses unique challenges to SMS sample preparation in

comparison to silica modification in RPLC and NPC. Because
agarose is biologically derived, autofluorescent impurities are
difficult to eliminate. Selection of appropriate, high-purity
materials must be performed to avoid false detection due to
contamination or inability to resolve single molecules due to high
background. Functionalization of the agarose support with the
ligands also requires a more extensive chemical method of
immobilization; for example, in Daniels et al.,164 ion-exchange
ligands were immobilized through first selectively activating
aldehyde groups with periodate.187 The amine-based ligands
could then react with the activated aldehyde groups and are
immobilized with the addition of cyanoborohydride. Finally,
unreacted aldehyde sites are reduced with borohydride.
IEX at the single molecule level, studied by Landes et al.,

reveals the importance of the spatial distribution of ligand charge
and the role of support matrix sterics.164−166 Confocal
microscopy and FCS were applied164 in the tradition of Wirth
et al.157,158 as well as the first application of super-resolution

Figure 7. SMS studies of DNA at the water-silica interface. (A) Example
single molecule image of immobilized and stretched DNA molecule
(from 0.4 to 0.6 s). (B, C) Distribution of residence times of single DNA
molecules with variable sticky end length (number of base pairs listed in
legend after DNA name) under (B) acidic and (C) basic conditions.
Adapted with permission from Isailovic, S.; Li, H.-W.; Yeung, E. S. J.
Chromatogr., A 2007, 1150, 259−266 (ref 161). Copyright 2007
Elsevier.
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microscopy to chromatography,166 to obtain subdiffraction
spatial details. The spatial distribution of anion-exchange ligand
charge in the stationary phase was compared between
engineered, clustered-charge ligands in the form of penta-
argininamide (Figure 8A) and traditional, single-charge ligands,

in the form of monoargininamide (Figure 8B). The unfunction-
alized agarose support served as a control and fluorescently
labeled alpha-lacatalbumin, a model globular protein, was used as
a probe. Using the super-resolution imaging technique motion
blur points accumulation for imaging nanoscale topography
(mbPAINT),110 Kisley et al. localized the specific interactions of
the protein to the ligands. Only the engineered, clustered-charge
penta-argininamide stationary phase induced detectable specific
protein adsorption (Figure 8D), while the isolated, single-charge
monoargininamide (Figure 8E) was indistinguishable from the
agarose control (Figure 8F). The onset of specific clustered-
charge capabilities of both the engineered, clustered-charged
ligands and stochastic-clustered single-charged ligands at
increased concentration was studied, showing that relying on
stochastic clustering requires a 1 000-fold increase in charge
density compared to engineered ligands with a charge-cluster
greater than two. Further investigation into the kinetics
demonstrated heterogeneity was reduced using the engineered
clustered-charged ligands compared to stochastic-clustering of
single charges that could possibly lead to a 5-fold increase in plate
height.166

Super-resolution mbPAINT was then applied to the same
system to obtain mechanistic insight into the relationship
between increased ionic strength and a reduction in adsorption
heterogeneity in IEX systems.165 The kinetic results suggest that
increased ionic strength both decreases the electrostatic
interaction between the protein and ligand, as would be expected
in an ion-exchange process, but also surprisingly revealed an
additional steric contribution. Increased ionic strength decreases
the swelling of the porous stationary phase support, leading to
steric narrowing of ligand availability within the pores.165

The importance of the steric contribution of the agarose
support in IEX was further supported by confocal microscopy
studies in Daniels et al.164 FCS and blip analysis were used to
quantify the diffusion dynamics and affinity, respectively, of
alpha-lactalbumin at glass, agarose, and penta-argininamide
functionalized agarose interfaces. FCS showed a decrease in
the diffusion coefficient of the protein near the surface of the
agarose support compared to glass (Figure 9A,B) due to steric
interactions. The presence of the ligand further slowed diffusion
due to the additional electrostatic contribution (Figure 9C), and
the spatial heterogeneity of ligand locations and steric availability
with respect to the focal volume led to wide variability in
diffusion dynamics (Figure 9C,D).
The work by Landes et al. has revealed the importance of the

spatial distribution of charge for ligands and contributions of
porosity and sterics in IEX. The onset of clustering and
adsorption is consistent with previous ensemble studies at and
above the studied threshold by Wu and Walters188 and similar
concepts on the importance of spatial distribution and onset
concentration in bioadsorption of proteins and membranes to
heterogeneous patchy polymer brushes have been ob-
served.189−191 The observed steric contribution is hypothesized
to be one reason why affinity chromatography supports often
utilize a “spacer arm” between the ligand and matrix.192−194 The
results by Landes et al. suggest that for real columns withmultiple
species in solution, not all proteins favor the same sites. Steric
factors and the random charge-arrangement of an adsorption site
would make different sites best suited for different proteins, as
opposed to the most-favored sites for a given protein also being
most-favored for all other proteins. Overall, the results help
interpret a large body of previous results at the ensemble level by
adsorption isotherms studying the heterogeneity and ligand
structure in chromatography.195−200

Many future possibilities exist in SMS studies of IEX through
advanced instrumentation and additional ligands and proteins.
Unlike RPLC and NPC, IEX utilizes ligands on the stationary
phase that could be fluorescently labeled in addition to the
analyte. By expanding to a two-dye system, colocalization of both
the stationary phase ligand and analyte could be performed.
Applying single molecule FRET201 and ALEX142,143 techniques
could elucidate distance and photophysical dynamics of the
adsorbed analyte−ligand complex. Similarly, two-color studies
could investigate the competition and variation in affinity
between two different analytes for the same ligands. Application
of SMS to different cation exchange ligands, IEX of nucleotides,
and commercial particles are potential future avenues to study.

■ CONNECTING SINGLE MOLECULE DATA TO THE
ENSEMBLE: THEORETICAL INSIGHT AND
APPLICATION OF SINGLE MOLECULE
SPECTROSCOPY DATA

Although SMS experiments offer insight on the molecular
mechanisms occurring during chromatography, there is still the
challenge of relating the data to actual chromatographic elution
peaks and observables. Pasti et al.202 have shown how to unify the
stochastic theory of chromatography with single molecule and
ensemble chromatography.154,166,202,203 Experimental observ-
ables from SMS can now be used to inform, quantify, and predict
the performance of chromatography via the theory. Likewise,
SMS experiments can be used to improve and expand the theory
itself.

Figure 8. Super-resolution imaging demonstrates the importance of
ligand charge distribution in ion-exchange chromatography. (A−C)
Schemes and (D−F) super-resolution images of Alexa 555-labeled
alpha-lactalbumin at (A, D) clustered-charge penta-argininamide
functionalized agarose, (B, E) single-charged monoargininamide
functionalized agarose, and (C, F) agarose control. Used with
permission from Kisley, L.; Chen, J.; Mansur, A. P.; Shuang, B.;
Kourentzi, K.; Poongavanam, M.-V.; Chen, W.-H.; Dhamane, S.;
Willson, R. C.; Landes, C. F. Proc. Natl. Acad. Sci. U.S.A. 2014, 111,
2075−2080 (ref 166). Copyright 2014 National Academy of Sciences of
the United States of America.
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While plate theory is the most common model used in
separations science and provides a successful measure to
compare column performance, it fails to relate the extracted
theoretical variables of plate height (H) and number of plates
(N) to any physical aspects of chromatography and is inexact in
its use of the random walk model.204 Also commonly used, the
van Deemter equation205 considers measurable quantities of

molecular and Eddy diffusion and mass transfer kinetics.
However, the equation is derived from amacroscopic perspective
and is regularly either empirically or theoretically adjusted to
account for individual conditions or more complex physical
phenomena.206,207 Alternatively, the stochastic theory of
chromatography developed by Giddings and Eyring208 is
founded on a molecular basis and relates the dispersion of
peaks in chromatography to molecular adsorption interactions.
The theory is derived from a probabilistic approach of one solute
molecule adsorbing to a single type of adsorption site based on
the following equilibrium:

+ ↔ −A I [A I]
k

k

d

a

(7)

where A represents the analyte, I the interfacial stationary phase,
and [A−I] the immobilized analyte interacting with the interface
where the adsorption- and desorption-rates are described by ka
and kd, respectively. Giddings and Eyring proposed that a
Poisson distribution can represent the probability of a single
analyte molecule associating with an adsorption site rm times (r
number of stochastic adsorption events for a given time, t, in the
mobile phase, m):208
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On the basis of eq 8, the stochastic theory has further been
expanded for two-site and n-site adsorptions209 but becomes
increasingly complex as more sites are added, proving to be
difficult to evaluate.
During the time when stochastic theory was being developed,

the available ensemble experimental methods were an “n-site”
problem,209 making it impossible to relate ensemble exper-
imental observables to theory. The advent of single molecule
approaches revived the stochastic theory, as the conditions and
observations are exactly what the theory is based on: single solute
molecules adsorbing and desorbing at a single site. Experimental
conditions also almost ideally meet the assumptions made in the
theory where (1) adsorption−desorption kinetics dominate over
diffusion (i.e., there is no Eddy diffusion) and (2) the
adsorption/desorption rates are time-independent and inde-
pendent of one another. Kisley et al. first confirmed the theory
experimentally for a single-adsorption site, single-analyte system
using super-resolution imaging.166 Protein adsorption to
individual anion-exchange ligands were observed and the kinetics
were extracted from each ligand localized to ∼30 nm (Figure
10A). Each ligand exhibited single-exponential decay kinetics,
validating that a nonvarying rate constant can describe each
individual adsorption site and supports the stochastic model as a
Poisson-distributed process. We are therefore at a point where
SMS has made it possible to fill the gap noted by Giddings in his
1965 seminal work Dynamics of Chromatography that “empirical
work has not yet offered the type of precise, discriminatory data
needed [to synthesize a whole picture of chromatography down
to the molecular world itself]”.204

To relate single molecule data to the ensemble, Pasti et al.
expanded the stochastic theory to use SMS results to model
expected elution profiles.202 The stochastic theory was modified
to account for discontiuous distributions of adsorption times that
are observed in SMS by incorporating the canonical Levy
representation and relating it to the observed distribution of
desorption times.210 The Poisson distribution in eq 8 is first

Figure 9. FCS results of protein dynamics at control and IEX interfaces
with (A, inset) the focal volume located axially both in the bulk solution
(blue) and near the surface (red). Diffusion over (A) glass substrate was
identical to (B) bulk diffusion over agarose, but steric contributions are
introduced near the surface. (C, D) Both electrostatics and sterics
contribute to slowing diffusion of ligand-functionalized (in the form of
clustered-charge cationic penta-argininamide) agarose and heteroge-
neity is observed at different locations of the sample due to spatial
variation of peptides immobilized on the substrate. Adapted with
permission from Daniels, C. R.; Kisley, L.; Kim, H.; Chen, W.-H.;
Poongavanam, M.-V.; Reznik, C.; Kourentzi, K.; Willson, R. C.; Landes,
C. F. J. Mol. Recognit. 2012, 25, 435−442 (ref 164). Copyright 2012 John
Wiley and Sons, Inc.
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converted to the frequency domain to express the stochastic
process in the characteristic function formalism (ϕ) notation:211

ϕ ω μ ωτ| = −t t t i( ; ) exp[ (exp{ } 1)]s m m s (9)

where ts is the overall time the analyte spends in the stationary
phase, τs is the desorption time of each individual analyte
adsorption event, and μ is the frequency of events. The Lev́y
formalism is then applied to accommodate the discontinuous
single molecule distribution of τs:

210
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where k is the index of the discrete set of desorption times given
byΔF(τs,,i) that are observed in the single molecule experimental
desorption time distributions. An inverse Fourier transform of eq
10 to the time domain is then used to extract f(ts), the simulated
chromatographic peak:
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F

s m s
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Therefore, the single molecule observations,ΔF(τs,,i), are unified
to chromatographic peak distribution, f(ts). The resulting
chromatograms obtained from single molecule experiment and
analysis through the Levy-modified stochastic theory of
chromatography can be evaluated in terms of the standard
deviation of the peak to relate to plate theory if so desired. For a
more thorough history and derivation of the mathematics used in
this modeling, readers should refer to the review by Felinger.203

Application of Pasti et al.’s unifying elution curve modeling to
findings in IEX, RPLC, and CLC chromatographic systems has
been performed. In IEX, the kinetic results from individual
ligands, as discussed above, have been used to model the
expected elution curves given a single type of site (Figure
10B).166 This further demonstrates the interligand heterogeneity
that was caused by agarose sterics. Elution curve modeling has
also been applied to IEX to demonstrate that engineered-

Figure 10.Applications of the stochastic theory of chromatography to use (A, C, E) single molecule kinetics to model (B, D, F) elution curves for (A, B)
IEX, (C, D) RPLC, and (E, F) CLC. (A) Cumulative distribution of dissociation times of alpha-lactalbumin from individual penta-argininamide ligands
shownwith (B) respective modeled elution curves demonstrating interligand heterogeneity. (C)Histogram of dissociation times of DiI molecules at C18
with two populations of adsorption to specific (S) and nonspecific (NS) sites. (D) The resulting curves can separate the heterogeneous behaviors to
show the contributions of the multicomponent behavior. (E) Histogram of dissociation times of λ-DNA molecules at the silica interface and (F)
respective modeled curves with varying theoretical capillary diameter listed by varying rm in eq 10. Images adapted from refs 146, 151, and 202 Copyright
1998, 2001, and 2005, respectively, American Chemical Society. Images adapted with permission from Kisley, L.; Chen, J.; Mansur, A. P.; Shuang, B.;
Kourentzi, K.; Poongavanam, M.-V.; Chen, W.-H.; Dhamane, S.; Willson, R. C.; Landes, C. F. Proc. Natl. Acad. Sci. U.S.A. 2014, 111, 2075−2080 (ref
166). Copyright 2014 National Academy of Sciences of the United States of America.
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clustering of ligands166 and increased ionic strength165 can be
used to reduce heterogeneity and improve efficiency. In RPLC,
elution profile modeling demonstrated the impact of specific and
nonspecific binding to silanol defect sites.146,154,202 Two separate
populations of retention were observed of DiI adsorbed to
different areas of a C18 interface (Figure 10C), attributed to sites
of different specific and nonspecific retention capabilities.146

Whenmodeling the expected elution curves (Figure 10D),202 the
two components were separated to reveal the contribution to the
resulting combined profile. Nonspecific, long-lived interactions,
though less frequently occurring, were shown to dominant the
retention of the molecules, extending the elution time by
approximately a factor of 4. Similar results were observed for
BODIPY C12 fatty acid molecules at a trimethylsilyl interface.154

The fraction and time spent by molecules at nonspecific and
specific sites lead to simulated peak asymmetry from SMS results
that were comparable to experimental chromatograms. Finally,
modeling CLC separation of λ-DNA molecules at a silica
interface showed the importance of capillary inner diameter in
reducing the presence of tailing and elution time.151,202 From the
single molecule desorption time data (Figure 10E), the capillary
diameter was varied in elution curve modeling by changing rm in
eq 10. As the capillary diameter was increased, the sorption rate
from the mobile phase to the surface decreased, but tailing was
more significant (Figure 10F). A comparison between the results
shown in Figure 10 and the proposed capabilities in Figure 1
demonstrate the utility of SMS in resolving mechanistic
heterogeneity and its contribution to the final peak shape and
position through the stochastic theory of chromatography.

■ CONCLUSIONS AND FUTURE DIRECTION
SMS represents a uniquemethod to understand chromatography
from a molecular, mechanistic perspective. SMS techniques
utilizing confocal and wide field TIRF microscopies have been
developed and applied to RPLC, silica-based stationary phases,
and IEX interfacial liquid chromatography systems. Results
obtained by SMS have shown the importance of preventing
stationary phase defects to reduce tailing in RPLC, the role of
hydrophobic interactions in CLC/CE, the significance of the
spatial distribution of charge for ligands and contributions of
porosity in IEX, and that SMS results can adequately predict and
model ensemble elution results.
There remain many unexplored systems in chromatography

that could be investigated by SMS. Hydrophilic interac-
tion,212,213 size exclusion,214 solid phase extraction,215 super-
critical fluid,216 metal ion affinity,217 counter-current,218 and high
temperature liquid219−221 forms of chromatography/separation
have yet to be studied by SMS. Future directions in modern
chromatography include miniaturization of column technology
with nanoparticle10,222 and monolithic14 columns and the use of
membrane interfaces for separations.223 SMS is ideal to study
these systems due to the nanoscale spatial information that can
be obtained through super-resolution imaging and demonstra-
tion of SMS analysis of molecular dynamics within poly-
mers224−227 that have been implemented in ensemble membrane
separations.228−230

In future work, advanced SMS microscopy setups for multiple
focal volume or two photon FCS, FRET,201 defocus-
ing,121−123,131 3D position, and ALEX,142,143 could be applied
to elucidate distance, conformation, orientation, or photo-
physical dynamics. Two-color excitation setups could investigate
competitive interaction between multiple analytes at the
stationary phase interface.

Overall, collaborations between the separation and SMS
communities should continue, as to increase the understanding
of chromatography from a molecular standpoint. Those in the
separations field can identify unanswered questions plaguing
chromatographic methods that cannot be understood through
standard ensemble techniques, while single molecule spectro-
scopists can offer unique, advanced instrumentation and analysis.
Interesting partnerships between single molecule spectroscopists
and industry could reduce the time and cost of empirically
determining column conditions. Many questions remain
unanswered for future work in SMS of chromatography.
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