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ABSTRACT 

 

Engineered nanomaterials and plant interactions: uptake, 

translocation, transformation and physiological effects 

by 

 

Jing Wang 
 

The increasing likelihood of engineered nanomaterial (ENM) releases to the 

environment and their potential applications in agriculture highlight the importance of 

understanding ENM interactions with plants, which are cornerstone of most ecosystems. 

This study investigated how silver nanoparticles (Ag NPs) of different sizes affect plant 

growth over a wide range of concentrations and how coating charge affects quantum dots 

(QDs) uptake, translocation and transformation within woody plants.  

Even though both Ag NPs (5, 10, and 25 nm) and silver ion (Ag
+
) were 

phytotoxic to poplars and Arabidopsis above a specific concentration, a stimulatory effect 

was observed on root elongation, fresh weight and evapotranspiration of both plants at a 

narrow range of sub-lethal concentrations. Plants were most susceptible to the toxic 

effects of Ag
+
, but Ag NPs also showed some toxicity at higher concentrations and this 

susceptibility increased with decreasing Ag NP size. Both poplars and Arabidopsis 

accumulated silver, but silver distribution in shoot organs varied between plant species. 

Arabidopsis accumulated silver primarily in leaves (at ten-fold higher concentrations than 

in the stem or flower tissues), whereas poplars accumulated silver at similar 



 
 

 

 

concentrations in leaves and stems.  

Uptake of cationic QDs by poplar was faster than anionic QDs, possibly due to 

electrostatic attraction of cationic QDs to the negatively charged root cell wall. QDs 

aggregated upon root uptake, and their translocation to poplar shoots was likely limited 

by the endodermis. After 2-day exposure, both cationic and anionic coatings were likely 

degraded from the internalized QDs inside the plant, leading to the aggregation of the 

metallic cores and a “red-shift” of fluorescence. The fluorescence of cationic QD 

aggregates inside roots was stable through the 11-day exposure period, while that of the 

anionic QD aggregates was quenched probably due to destabilization of the coating 

inside the plant, even though these QDs were more stable in the hydroponic solution.  

Overall, the phyto-stimulatory effect observed in this study precludes the 

generalization of the phytotoxicity of Ag NPs. The QDs study highlights the importance 

of coating properties in the rate and extent to which NPs are assimilated by plants and 

potentially introduced into food webs.  
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  Chapter 1

  

Introduction 

 

1.1 Introduction 

The unique size-dependent properties of engineered nanomaterials (ENMs) enable 

the development of novel high-performance technologies from water treatment to drug 

delivery and a significant increase in ENM production and widespread applications is 

already taking place [1-5]. In 2004, around 10 tons of ENMs were used in environmental 

technology (e.g., antimicrobial agents, renewable energy technologies and membrane 

technologies for water treatment) alone and this number will increase to about 1000 to 

10,000 tons per year before 2020 [6]. The number of total products in nanotechnology 

consumer products inventory increased 30-fold within 8 years, from 54 in 2005 to 1628 

in 2013 (Figure 1.1) [2]. Rapid development of ENMs has increased the likelihood of 

their accidental or incidental release to the environment, highlighting the need to 

understand their fate and potential impact on the ecosystem. 
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Figure 1. 1 Number of total products listed in nanotechnology consumer products 

inventory, by date of inventory update, with regression analysis. 

(http://www.nanotechproject.org/cpi/about/analysis/) 

To appropriately address this broad issue, it is critical to understand the plant-

nanomaterial interactions. Plants are cornerstones of most ecosystems and are known to 

influence the overall fate and environmental impact of toxins [7]. If plants are affected by 

contaminants, food, energy, carbon and nitrogen flows, basic ecosystem processes would 

be affected, resulting in danger of the whole ecosystem health. Moreover, plants serve as 

a potential entry point for ENMs to get into human food webs. After taking up toxicants, 

plants may also detoxify or degrade them through specific biochemical processes. 

Therefore, understanding the uptake, translocation and transformation of ENMs within 

plants are crucial for assessing their potential impact on ecosystem health. 
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ENMs can reach plants through contaminated water/soil/sediments, direct 

applications, accidental releases and atmospheric emission [8]. Material flow analysis 

suggests that some ENMs (e.g., silver nanoparticles, Ag NPs) released from consumer 

products enter sewer systems and wastewater treatment plants, where they are 

incorporated into sewage sludge and remain in the bio-solids that are eventually applied 

to agricultural fields [9-12]. Agricultural NM applications such as in plant protection and 

fertilization would introduce nanomaterial to plants (e.g., crops) intentionally [13, 14]. 

Some ENMs in surface water or wastewater treatment plant effluent [9], or ENMs (e.g. 

nano zero-valent iron, NZVI) applied to remediation sites [15] could reach plants through 

groundwater. Other ENMs released to the atmosphere may deposit on aerial parts of plant 

and penetrate through stomata [16, 17]. 

Even though some studies reported the effects of different NPs on various plant 

species, their results varied greatly, with reports of both beneficial and adverse effects. 

Moreover, majority of nano-phytotoxicity studies did not provide detailed NP 

characterization (e.g., size distribution, zeta-potential and coating materials) and stability 

test in the medium. It is difficult to compare results from different studies using similar 

nanomaterials and to distinguish the effects of NPs and of the released metal ions. 

Furthermore, current nano-plant interaction studies use relative high exposure 

concentrations, but plant in the environment are exposed to much lower concentrations 

(e.g., 0.116 ng/L Ag NPs in US surface water and 0.764 ng/L Ag NPs in Europe surface 
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water in 2008 [9]). The potential impacts of ENMs on plants at such low concentrations 

remain unexplored. 

Another important basic question is whether plants can take up NPs and serve as 

an entry point to human food webs. Some studies have investigated the vegetative uptake 

and translocation of various NPs, but very few considered how the NP properties (e.g., 

coating and size) affect these processes. Moreover, the few existing literatures focused on 

herbaceous plants. It is unknown whether the uptake and translocation of NPs by woody 

trees, which have a greater differentiation of tissues, follow a similar trend as for 

herbaceous plants. Biotransformation of various NPs within plants has also been reported, 

but it remains unclear how the mechanisms, rate and extent of phytotransformation were 

influenced by NP properties (e.g., coating properties). 

In this body of work, we used poplar as a model woody plant to interact with 

different kinds of metal based nanomaterials. Poplar is a fast-growing tree, which enables 

us to see the physiological effects of ENMs within a relative short exposure time. Poplar 

trees have been a model plant to study phytoremediation of various organic [18, 19] and 

metallic [20] contaminants for two decades. Even though nanomaterials are not 

analogous to either organic or metal contaminants, plant may address the internalized 

NPs with known biochemistries for well-studied xenobiotic contaminates.  

Of particular interest, we seek to answer the following questions: 
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1) Do engineered nanomaterials harm or help plants? 

2) Can plants uptake and translocate engineered nanomaterials to their tissues? 

3) What factors may control the potential for nanomaterials to accumulate and 

concentrate in plants? 

4) Can biochemical process pathways inside plants act on ENMs or their coatings? 

In another words, could ENMs or their coatings be transformed inside plants? 

1.2 Objectives and hypothesis 

The general goal of this project is to investigate the physiological effects of 

ENMs on plant growth and evaluate the potential for introducing ENMs to human food 

webs. Specifically, we seek to:  

1) Examine the effects of ENMs of different sizes on poplar growth at a wide range 

of exposure concentrations. We choose Ag NPs because they are currently the 

most widely commercialized ENMs.  

Hypothesis: Ag NPs would exert concentration-dependent effects on poplar health 

(i.e., no effects at low concentrations and inhibited poplar growth at higher 

concentrations). Poplars could be more susceptible to smaller Ag NPs, which have 

larger specific surface area and are more reactive.  
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2) Quantify the uptake and accumulation of Ag NPs of different sizes by poplar. 

Hypothesis: Smaller Ag NPs would be taken up faster by poplars and accumulated 

more in poplar tissues, because smaller NPs are relatively easier to transport into 

and throughout the plant.  

3) Assess and quantify the uptake and translocation of ENMs by poplars. 

Furthermore, given that most NPs are synthesized with surface coatings (e.g., 

polymers) that enhance their biocompatibility, stability and usefulness, determine 

how coating charge affects NP uptake. We choose quantum dots (QDs) due to 

their unique fluorescent properties, which facilitate visualization of NP 

distribution in plant tissues (e.g., root).  

Hypothesis: Cationic QDs can be taken up faster than anionic QDs (even if the 

particles are smaller) due to the electrostatic attraction between the positively 

charged QDs and the negatively charged root cell wall. However, the further 

translocation to poplar shoots could be less efficient for cationic QDs, because the 

electrostatic attraction to root cell wall may hinder their transport through the root 

cortex into the stele as well as to the shoots.  

4) Investigate the effects of coating on the biotransformation of QDs by poplar and 

get insights on the underlying mechanism for the phyto-transformation process.  
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Hypothesis: The coatings on QDs could be transformed inside poplar through 

similar biochemical processes for xenobiotic contaminants, such as conjugation 

chemistries. Modification of surface coating would affect the stability of the 

metallic core, such as stability of their fluorescence.   

1.3 Dissertation outline 

Chapter 1 provides the background knowledge, objectives, hypothesis, and the 

rational and significance of this study. Chapter 2 reviews the existing literatures and 

current understanding about the physiological effects of various metallic nanoparticles 

(NPs) on plants as well as the uptake, translocation and transformation of NPs by plant. 

All major research methods used in this study are described in details in Chapter 3. The 

remaining chapters address the research objectives of this study. 

Chapter 4, entitled “Phyto-stimulation of poplars and Arabidopsis exposed to Ag 

NPs and Ag
+
 at sub-lethal concentrations”, investigated the effects of commercial and 

custom-made Ag NPs and Ag
+
 on poplar and Arabidopsis thaliana growth over a wide 

range of concentrations. Whereas all forms of silver were phytotoxic above a specific 

concentration, a stimulatory effect was observed for both plants at a narrow range of sub-

lethal concentrations. Silver accumulation in different plant tissues was also investigated. 

The following paper has been published based on the results of this chapter: “Wang, J.; 

Koo, Y.; Alexander, A.; Yang, Y.; Westerhof, S.; Zhang, Q.; Schnoor, J. L.; Colvin, V. L.; 
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Braam, J.; Alvarez, P. J., Phytostimulation of poplars and Arabidopsis exposed to silver 

nanoparticles and Ag
+
 at sublethal concentrations. Environ. Sci. Technol. 2013, 47, (10), 

5442-5449.”  

Chapter 5, entitled “Uptake, translocation and transformation of quantum dots 

with cationic versus anionic coatings by poplar trees”, investigated how coating charge 

affects QDs uptake, translocation and transformation within poplar. Uptake of cationic 

QDs into poplar roots was faster than anionic QDs, but translocation of both types of 

QDs to poplar shoots was limited. The results of this paper have been submitted to 

Environmental Science & Technology.  

Finally, Chapter 6 wraps up the dissertation with a discussion of conclusions, 

engineering significance and recommendations for future research. 

1.4 Significance and potential benefits of this study 

This study aims to improve our understanding of interactions between ENMs and 

plants, including the dose-response on the phytotoxicity of NPs, and uptake, translocation 

and biotransformation of NPs within plants. Such data are critical for assessing the 

potential risks of ENMs to consumers and the environment after accidental or incidental 

releases. The results can also be used to guide the safe design of ENMs to mitigate their 

trophic transfer through plant uptake, leading to sustainable and responsible development 

of nanotechnology.  
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  Chapter 2

 

Literature Review 

 

Rapid development of wide applications of ENMs in industry and consumer 

products has increased the potential for their incidental or accidental releases to the 

environment. Concern over unintended consequences due to such releases has stimulated 

the emergence of nanotoxicology as an important research discipline [1, 21, 22]. To 

evaluate the potential impact of ENMs on the environment, it is necessary to understand 

the interaction between nanomaterials and different environmental components, such as 

plants.  

Plants are cornerstones of most ecosystems and are likely receptors of ENMs 

through addition of active sludge to agriculture fields or direct agricultural and 

environmental applications. Many ENMs (e.g., Ag NPs) released in urban settings are 
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likely to enter wastewater streams and predominantly be incorporated into sewage sludge, 

which would subsequently be applied to agricultural fields [9]. Nanotechnology could 

also be applied to agriculture directly in crop protection and production enhancement 

(e.g., enhancing the delivery of fertilizers and increasing the efficiency of pesticides) [13, 

14]. Nanomaterial (e.g., nano zero-valent iron) used environmental remediation sites 

could reach plants as well [23, 24]. A detailed view of plant-nanomaterial interactions is 

critical to understand the potential impact of this new technology and to minimize the 

unintended consequences. Specifically, we need to understand the potential effects of 

nanomaterials on plant growth and the possibility of nanomaterial trophic transfer 

through plant uptake. Our current understanding regarding to these two aspects are 

summarized below.  

2.1 Effects of nanomaterial on plant physiology 

Current literature examining the physiological effects of NPs on plants reported 

both positive and negative effects. 

2.1.1 Positive effects 
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Table 2. 1 Positive effects of ENMs on plants 

nanomaterial size 

(nm) 

test 

condition 

plant concentration effects ref 

CeO2 < 10  hydroponic cucumber, 

corn  

500, 1000, 2000, 

4000 mg/L 

increased root elongation percentage [25] 

      corn, alfalfa, 

cucumber 

500, 1000, 2000, 

4000 mg/L 

increased stem growth [25] 

  7 petri dish soybean 500, 1000, 2000, 

4000 mg/L 

increased root elongation [26] 

 20 ± 

1.9 

pot mix tomato 10 mg/L increased plant growth and tomato production [27] 

 8 organic 

potting soil 

cilantro 125 mg/kg increased root and shoot length [28] 

Nano-anatase 

(TiO2) 

5 perlite spinach 0.25% enhanced growth (leaf area and biomass) related to N2 fixation by TiO2 [29] 

  5   spinach 0.25% increased biomass, chlorophyll contents, expression of rca mRNA, level and 

activity of Ribulose-1,5-bisphosphate carboxylase/oxygenase (RuBisCO) 

activase, RuBisCO carboxylation 

[30] 

  5 soil spinach 5 µM improved the energy conversion and utilization of D1/D2/Cyt b559 complex [31] 

  4-6   spinach 0.25% improved biomass, chlorophyll contents, photosynthetic rate, photosynthetic 

carbon assimilation, and formation of the RuBisCO-R-A complex 

[32] 

Nano-rutile 

(TiO2) 

  perlite spinach 0.25% Increased the activities of catalase, superoxide dismutase, and peroxidase, 

decreased the production rate of reactive oxygen free radicals and the rate of 

malondialdehyde, and improved the stability of chloroplast membrane 

structure under light.  

[33] 

    perlite spinach 0.25% improved photochemical reactions of chloroplasts, like evolution oxygen 

rate, chloroplast coupling, activities of Mg
2+

-ATPase and (CF1)-ATPase on 

thylakoid membrane 

[34] 

      spinach 0.25% increased seed germination, seedling growth, chlorophyll content, 

photosynthetic rate, and RuBisCO activity 

[35] 
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TiO2 (anatase 

and rutile 

mixture) 

24.5 Petri dish Barley 

embryo 

30, 60 mg/L increased callugenesis and calli size [36] 

27 hydroponic cucumber 100, 250, 500, 

1000 and 4000 

mg/L 

increased root growth [37] 

21 Petri dish wheat 2, 10 mg/L increased germination, shoot and seedling growth [38] 

TiO2/SiO2 5 water soybean  increased germination, shoot growth, nitrate reductase activity, absorption 

and utilization of water, enhanced antioxidant system 

[39] 

  hydroponic olive 2, 4, 6 mg/L increased the percentage of growing plants by decreasing fungus and 

internal contamination 

[40] 

Al 18 petri dish radish, rape 2000 mg/L promoted root elongation [41] 

Al2O3 20 hydroponic Lemna minor 100, 300, 1000, 

3000, 10000 

mg/L 

increased biomass, root length, frond number and photosynthetic efficiency [42] 

Pd entrapped 

in an 

Al(OH)3 

matrix 

  soil lettuce 0.013% (w/w) increased shoot/root ratio [43] 

mullite   petri dish mung beans 0.24 g/L increased germination, root and shoot growth, and moisture content of root [44] 

Co-amended 

mullite 

  petri dish mung beans 0.12 g/L increased germination, root and shoot growth, and moisture content of root [44] 

dodecanethio

l 

functionalize

d Au 

  soil lettuce 0.013% (w/w) increased shoot/root ratio [43] 

Au 10 25℃ 

germination 

cucumber, 

lettuce 

62, 100, 116 

mg/L 

higher germination index [45] 

3-

aminopropyl 

functionalize

d SiO2 

  soil lettuce 0.066% (w/w) increased shoot/root ratio [43] 

SiO2   soak in NPs 

solution 

Changbai 

larch 

62, 125, 500 

uL/L 

increased mean height, root collar diameter, main root length, number of 

lateral root and chlorophyll contents 

[46] 

Cu  soil lettuce 0.066% (w/w) increased shoot/root ratio [43] 
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ZnO 8 petri dish soybean 500 mg/L increased root elongation [26] 

mixture of 

Au/Cu 

 soil lettuce 0.013% (w/w) increased shoot/root ratio [43] 
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Some studies reported the positive effects of NPs on plant growth as summarized 

in Table 1. Several potential enhancing mechanisms has been discussed, but the possible 

effects of the released metal ions were not considered [29-35]. Nevertheless, 

nanoparticle-specific beneficial effects may exist based on current knowledge [42]. Due 

to the small size, ENMs have unique electronic, photonic and magnetic properties not 

shared by bulk materials, which may enhance plant growth. For example, surface 

Plasmon resonance of gold (or silver) NPs could be used to enhance the photocurrent 

[47]. Govorov et al. further demonstrated that the energy production of a separated 

photosynthetic system was increased after incorporating its bound to gold or silver NPs 

due to fast electron-hole separation and Plasmon resonance [48]. This may be true for 

plants as well that Ag or Au NPs internalized in chloroplast may enhance photosynthesis 

and plant growth.  

The positive effects of nanomaterials on plants were mainly reported for TiO2 NPs, 

Al related NPs, and CeO2 NPs on a few plant species (Table 1). 0.25% Nano-TiO2 in soil 

or perlite increased the seed germination and seedling growth of spinach [29-35]. 

Literatures have reported different mechanisms for this stimulatory effect. Su et al. found 

that soaking in 5µM 5 nm nano-anatase for 48 h significantly enhanced the utilization 

and conversion efficiency of light energy for D1/D2/Cyt b559 complex in spinach leaf, 

while this effect of bulk TiO2 was much weaker [31]. Exposure to 0.25% TiO2 NPs also 
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enhanced the expression of RuBisCO activase (rca) mRNA in spinach and improved the 

activity of RuBisCO activase, leading to more active photosynthetic carbon fixation [30, 

32, 35]. Moreover, nano-anatase improved the visible light absorption of spinach, which 

could contribute to greater expression of rca mRNA as well [30]. In contrast, Yang et al. 

reported that nano-anatase could chemisorb N2 and reduce it to organic nitrogen in 

spinach leaves, which enhanced the spinach growth [29]. Bulk TiO2 showed similar 

effects, but with much less efficiency. Similar enhancing effects of TiO2 NPs (27 nm, 

anatase/rutile mixture) on cucumber root growth has been reported at 100 to 4000 mg/L, 

which was attributed to the stimulated nitrogen accumulation and protein formation in the 

root [37]. There was a limit for the stimulatory effects on cucumber, since the root 

elongation was not increased further at concentrations higher than 500 mg/L. Another 

study investigated that nano-rutile protected chloroplasts from aging by increasing the 

activity of anti-reactive oxygen species (ROS) defense systems to decrease ROS level 

and maintain the chloroplast membrane structure [33].  

However, none of the above reports about TiO2 NPs provided the detailed 

characterization or stability test. They also did not include Ti salts treatment as a positive 

control or analyze the Ti speciation inside plants. Without these data, it is unclear whether 

the stimulatory effects are induced by TiO2 NPs or biotransformed Ti salts, and what 

factors (e.g., particle size, coating, concentration) affect the stimulatory effects of TiO2 

NPs. Besides, studies regarding to the enhancing effects of Ti on plants extend from 
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1930s [49]. Titanium salts could up-regulate various defense mechanisms, which was 

hypothesized to be “hormesis” effect, similar to that caused by a variety of stressors [50]. 

The relationship between the enhancing effects of titanium salts and of TiO2 NPs is 

remaining to be determined.  

Furthermore, 5-nm TiO2/SiO2 NPs stimulated the soybean germination and 

growth by increasing the nitrate reductase activity, enhancing the antioxidant system and 

improving the water absorption and utilization [39]. SiO2 NPs alone could enhance plant 

growth as well. Exposure to 0.066% (w/w) 3-aminopropyl functionalized SiO2 NPs in the 

soil significantly increased lettuce shoot/root ratio [43]. Similarly, SiO2 NPs enhanced the 

growth of Changbai larch at the concentration range of 62 – 500 µL/L [46]. However, 

both studies didn’t explain the possible mechanisms for the stimulatory effects.  

NPs containing Al also enhanced the seedling growth of different plants [41-44]. 

Exposure to 20-nm Al2O3 NPs at 1000 mg/L for 7 days increased the biomass, root 

length, frond number and photosynthetic efficiency of Lemna minor, which was reported 

as a nano-specific effect [42]. Al2(SO4)3 at 0.03 mM inhibited L. minor growth 

significantly, while bulk Al2O3 (3 to 10 µm) at concentrations ranging from 1 to 1000 

mg/L did not affect the plant growth significantly. It was proposed that Al2O3 NPs 

increased the photoreaction efficiency in photosynthesis, because many metal NPs could 

enhance the energy transfer efficiency in artificial photosynthetic structures. 
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Nevertheless, whether alumina NPs get into the chloroplast was not shown in the paper, 

which is the prerequisite for this hypothesis [42]. 

Dey et al. investigated the stimulatory effects of mullite NPs (0.24 g/L) and Co-

amended mullite NPs (0.12 g/L) on mung beans germination and seedling growth [44]. 

Thermogravimetric analysis (TGA) showed increased moisture content of seeds and roots 

in these treatments, which was responsible for the faster plant growth. However, 0.24 g/L 

Co-amended mullite NPs showed negative effects on mung bean growth, which may be 

due to the “hormesis effect”. A similar enhancing effect of 18-nm Al NPs on radish and 

rape, and of Pd entrapped in Al(OH)3 matrix on lettuce was reported [41, 43].  

The positive effects of CeO2 NPs on different crop plants were reported with 

exposure concentration up to 4000 mg/L [25, 26]. The stimulated root elongation of 

cucumber and corn by CeO2 NPs (< 10 nm) was due to reduced oxidative stress in the 

growing zone caused by formation of cerium peroxide in epidermal and cortical cells. An 

explanation for the enhanced stem growth of corn, alfalfa and cucumber by CeO2 NPs (< 

10 nm) is the superoxide dismutase mimetic property of these NPs for cellular protection 

[25]. Exposure to 7-nm CeO2 NPs also increased the root growth of soybean seedlings 

[26]. One possible explanation is that Ce (Ш) regulates photosynthesis under UV-B 

irradiation. However, the effects of Ce (IV) inside plants detected by XAS were 

unknown. In addition, neither study tested the stability of CeO2 NPs or include CeO2 salts 
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treatments as positive controls. Recently, CeO2 NPs has been reported to increase the 

cilantro root and shoot elongation and enhance tomato plant growth and fruit production 

in separate studies [27, 28]. Both studies attributed this phyto-stimulation effect of CeO2 

NPs to the fertilizing effects of Ce, but neither of them included Ce ion controls to 

confirm this hypothesis. 

Overall, only a small portion of ENMs could enhance plant growth. The 

underlying mechanism needs to be determined in the future. Based on current knowledge, 

it is possible that nano-specific enhancing effects exist.  

2.1.2 Negative effects  
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Table 2. 2 Negative effects of ENMs to plants 
nanomaterial size 

(nm) 

test condition plant concentration effects ref 

Ag  5 soak in NPs suspension for 8 h barley 10, 20, 100 mg/L reduced germination [51] 

 6 1/10-strength Hoagland Sol duckweed 1, 5, 10 mg/L reduced fresh weight and dry 

weight 

[52] 

 6 soak in test solution for 1 h Lolium multiflorum 5, 10, 20, 40 mg/L decreased the length and mass of 

shoot and root 

[53] 

 10 Argar mung bean, Sorghum 5, 10, 20, 40 mg/L decreased seedling growth of 

both plants 

[54] 

 10 Soil Sorghum 100, 300, 500, 1000, 2000 

mg/kg 

reduced shoot, root and seedling 

growth 

[54] 

 20 ¼-strength Hoagland Sol Arabidopsis thaliana 68, 134, 267, 535 µg/L reduced root elongation [55] 

 20 soak in NPs suspension for 8 h barley 10, 20, 100 mg/L reduced germination [51] 

 2-20 soak in NPs suspension for 8 h  ryegrass 10, 20 mg/L reduced germination [51] 

 25 soak in test solution for 1 h Lolium multiflorum 40 mg/L decreased the length and mass of 

shoot and root 

[53] 

 29 OECD 221 guidelines Lemna minor 5, 10, 20, 40, 80, 160 µg/L reduced frond number and dry 

weight 

[56] 

 30 DI water cucumber 100 mg/L decreased germination, root 

elongation 

[45] 

 30 DI water lettuce 100 mg/L  [45] 

 40 ¼-strength Hoagland Sol Arabidopsis thaliana 68, 134, 267, 535 µg/L reduced root elongation [55] 

 60 DI water Vicia faba 12.5, 25, 50, 100 mg/L Decreased mitotic index, 

increased frequency of 

chromosomal aberrations, 

micronuclei 

[57] 

 80 ¼-strength Hoagland Sol Arabidopsis thaliana  267, 535 µg/L reduced root elongation [55] 

 93 OECD 221 guidelines Lemna minor 5, 10, 20, 40, 80, 160 µg/L reduced frond number and dry 

weight 

[56] 

 100 ¼-strength Hoagland Sol zucchini 100, 500, 1000 mg/L reduced biomass and 

transpiration 

[58] 

 <100 ¼-strength Hoagland Sol yellow squash  100, 500 mg/L decreased transpiration volume 

and biomass 

[59] 

 <100 DI water Allium cepa 25, 50, 75, 100 mg/L Decreased mitotic index, more 

severe chromosomal aberration 

[60] 

 <100 ¼-strength Hoagland Sol zucchini 250, 750 mg/L reduced biomass and [61] 
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transpiration 

ZnO 4 DI water garlic 10, 20, 30, 40, 50 mg/L reduced root elongation and 

mitosis index, caused mitotic 

aberrations 

[62] 

 8 Millipore water in Petri dish soybean plants  2000, 4000 mg/L reduced root elongation [26] 

 20 1 strength Hoagland solution ryegrass 10, 20, 50, 100, 200, 1000 

mg/L 

reduced biomass, root tips shrank, 

root epidermal and cortical cells 

vacuolated or collapsed 

[63] 

 20 DI water radish, rape, ryegrass, 

lettuce, corn, cucumber 

2000 mg/L inhibited root growth, reduced 

germination of corn 

[41] 

 44 MS/2 agar medium Arabidopsis thaliana 400, 2000, 4000 mg/L reduced germination, root 

elongation and leaf number 

[64] 

 50 DI water Allium cepa 5, 10, 20 mg/L reduced root elongation [65] 

 50 ½-strength Hoagland solution Cumumis sativus 10, 50, 100, 500, 1000mg/L reduced biomass [66] 

 <100 Milli-Q water Allium cepa 25, 50, 75, 100 mg/L decreased mitotic index, 

increased micronuclei index and 

chromosomal aberration index 

[67] 

 <100 sand wheat 500 mg Zn/kg sand reduced root growth [68] 

 10 soil cucumber 400, 800 mg/kg decreased concentration of Cu 

and Mo in the fruit 

[69] 

Zn 35 DI water radish, rape, ryegrass, 

lettuce, corn, cucumber 

2000 mg/L inhibited root growth, reduced 

germination of ryegrass 

[41] 

 50 ½-strength Hoagland solution Cumumis sativus 10, 50, 100, 500, 1000mg/L reduced biomass [66] 

zero-valent 

iron 

 soak in NPs suspension for 8 h flax, ryegrass, barley 500, 1000, 2000, 5000 mg/L decreased germination,  [51] 

Fe3O4 7 DI water cucumber 116 mg/L decreased germination,   [45] 

 7 DI water lettuce 116 mg/L decreased germination and root 

elongation 

[45] 

 <50 MS/2 agar medium Arabidopsis thaliana 400, 2000, 4000 mg/L reduced root elongation [64] 

anatase-TiO2 3 Agar containing MS/2 media Arabidopsis thaliana 20 µM reorganized and eliminated 

microtubules, followed by 

accelerated degradation of tubulin 

monomers; caused isotropic 

growth of root cells 

[70] 

TiO2 (rutile 

and anatase 

mixture) 

<100 soak in NPs suspension for 24 

h 

Vicia narbonensis L.; Zea 

mays L. 

0.2, 1.0, 2.0, 4.0 ‰ reduced seed germination, root 

elongation and mitosis of root tip 

cells 

[71] 
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TiO2 100 DI water Allium cepa 2, 4, 6, 8, 10 mM Micronuclei and chromosomal 

aberrations, reduced root growth 

[72] 

 25 0.1 strength Hoagland solution maize 0.3, 1 g/L Reduced root growth and 

transpiration 

[73] 

TiO2 (nano-

anatase) 

6.22 NP suspension spayed on 

leaves 

Ulmus elongate 0.1%, 0.2%, 0.4% reduced photosynthetic capacity [74] 

SiO2 42 MS/2 agar medium Arabidopsis thaliana 2000, 4000 mg/L reduced root elongation [64] 

CuO 20-

40 

Hydroponic solution maize 10, 100 mg/L reduced root elongation, root and 

shoot biomass 

[75] 

 <50 sand wheat 500 mg Cu/kg sand reduced root and shoot growth [68] 

 50 ½-strength Hoagland solution Cumumis sativus 10, 50, 100, 500, 1000 mg/L reduced biomass [66] 

Cu 50 ½-strength Hoagland solution Cumumis sativus 10, 50, 100, 500, 1000 mg/L reduced biomass [66] 

 < 50 ¼-strength Hoagland Sol yellow squash  100, 500 mg/L decreased transpiration volume 

and biomass 

[59] 

 50 ¼-strength Hoagland Sol zucchini 1000 mg/L reduced root elongation and 

biomass 

[58] 

 50 agar medium mung bean, wheat 200, 400, 600, 800, 1000 

mg/L 

reduced seedling growth [76] 

CeO2 <10 Millipore water corn, tomato, cucumber  2000 mg/L reduced germination [25] 

 <10 Millipore water alfalfa, tomato 1000, 2000, 4000mg/L reduced root growth [25] 

 7 DI water lettuce 2000 mg/L reduced root length [77] 

 10 Soil cucumber 400, 800 mg/kg reduced Mo concentration in 

fruits, changed phenolic and 

nonreducing sugar content, and 

fractionation of proteins 

[69] 

QDs <5 DI water Rice   reduced germination [78] 

QDs 

(CdSe/ZnS) 

4-6 MS medium Medicago sativa cell 

cultrure 

100 nM reduced cell growth and cell 

viability 

[79] 

Ni(OH)2 0.9 Hoagland solution mesquite 0.1g reduced root elongation [80] 

La2O3 66 DI water cucumber 2, 20, 200, 2000 mg/L reduced root elongation [81] 

 22 DI water rape, radish, wheat, 

lettuce, cabbage, tomato, 

cucumber 

2000 mg/L reduced root elongation [77] 

Gd2O3 23 DI water rape, radish, wheat, 

lettuce, cabbage, tomato, 

cucumber 

2000 mg/L reduced root elongation [77] 

Yb2O3 12 DI water rape, radish, wheat, 2000 mg/L reduced root elongation [77] 
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lettuce, cabbage, tomato, 

cucumber 

 12 ultrapure water cucumber 0.32, 0.8, 2, 5, 20, 200, 2000 

mg/L 

reduced shoot and root biomass, 

decreased root elongation at 200 

and 2000 mg/L 

[82] 

mullite 30-

45 

water mung bean 0.24 mg/mL reduced root elongation [44] 

Ni-amended 

mullite 

30 water mung bean  0.24 mg/mL decreased germination, biomass, 

shoot elongation and moiture 

content 

[44] 

Co-amended 

mullite 

30 water mung bean  0.24 mg/mL decreased biomass and root 

elongation 

[44] 

Cu-amended 

mullite 

30 water mung bean 0.12, 0.24 mg/mL decreased germination, biomass, 

shoot elongation, moiture content 

and root elongation 

[44] 
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2.1.2.1 Ag NPs  

Silver NPs are currently the most widely commercialized nanomaterials 

because of their broad-spectrum antimicrobial properties [2]. However, their potential 

toxicity to plants is not well understood. Citrate coated Ag NPs with different sizes (20, 

40, and 80 nm) had no effects on Arabidopsis thaliana seed germination but seedling 

root elongation was inhibited with a linear dose response from 67 to 535 µg/L, with 

smaller NPs showing stronger toxicity [55]. Ag NPs were less toxic than Ag
+
 at the 

same exposure concentration in hydroponic exposure medium, and the released Ag
+
 

could not fully explain the toxic effects of Ag NPs. Similarly, Yin et al. observed that 6-

nm Ag NPs (coated with gum arabic) were more toxic to Lolium multifluorum than 25-

nm Ag NPs (coated with gum arabic) at 40 mg/L [53]. However, these two kinds of 

NPs exerted similar toxicity when the exposure dose was expressed in terms of specific 

surface area rather than mass concentration. Cysteine addition quenched the 

phytotoxicity of Ag
+
 but not of Ag NPs, and released Ag

+
 in Ag NPs hydroponic 

solution did not affect the plant growth [53]. They proposed that Ag NPs toxicity was 

due to the production of reactive oxygen species (ROS). Another study reported that 

longer exposure time of Lemna minor L to Ag NPs (citrate coated, 30 nm and 93 nm) 

contributed to more acute toxic effects [56]. Compared to bulk Ag particles, the toxicity 

of Ag NPs (< 100 nm) on the biomass and transpiration of Cucurbita pepo was more 
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pronounced, and could not be alleviated by humic acid addition [59]. Similarly, 

Stampoulis et al. investigated the more drastic toxicity of Ag NPs to Cucurbita pepo 

seedlings than bulk silver [58]. The reduced germination of Cucurbita pepo by Ag NPs 

was also reported. In contrast, Barrena et al. found low or no inhibition of Ag NPs (30 

nm) on Cucumber and lettuce germination [45].  

2.1.2.2 QDs 

Quantum dots were also reported to show phytotoxicity. Mercaptopropanioc 

acid coated CdSe/ZnS QDs reduced the Medicago sativa cell growth and cell viability 

at 100 nM and their toxicity increased with incubation time and exposure concentration 

[79]. The toxicity was attributed to the accumulation of QDs in the cell, which was 

probably responsible for the increased production of reactive oxygen species (ROS). 

However, the dissolution of these QDs in MS medium was not considered in the report. 

We could not rule out the potential contribution of the released Cd ions, which is highly 

toxic to plant cells. Phyto-toxicity of QDs on rice seed germination and seedling 

growth was also reported, but the underlying mechanism was not discussed [78].  

2.1.2.2 Other ENMs 

The negative effects of other ENMs to plants have also been reported. The 

adverse effects of ZnO NPs (4 nm) on garlic root elongation depended on the exposure 
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concentration (10 to 50 mg/L) in de-ionized (DI) water [62]. Exposure to Zn
2+

 (added 

as Zn(CH3COO)2·2H2O) at 0.5 to 2 mg/L, comparable to the released Zn
2+ 

concentration in ZnO NPs supernatant, showed much less negative effects on root 

elongation [62]. The reduced root growth of wheat by ZnO (< 100 nm) at 500 mg/kg in 

sand was attributed to the generation of ROS, demonstrated by higher oxidative stress 

and lower chlorophyll content in ZnO NP treated plants [68]. Similarly, Kim et al. 

found that ZnO NPs (50 nm) decreased Cumumis sativus biomass and increased the 

activities of ROS enzymes at 100 mg/L concentration in hydroponic solution [66].  

Growth inhibition effects of CuO NPs or Cu NPs on Cumumis sativus as well as 

the enhanced activities of ROS enzymes were also reported. Exposure to Cu
2+

 had 

similar inhibitory effects on Cumumis sativus growth, but the possible impacts of Cu
2+

 

on ROS enzymes were not considered [66]. Nevertheless, TiO2-Alizarin red S (ARS) 

NPs did not put excessive oxidative stress on Arabidopsis thaliana root tissues [83]. 

Wang et al. investigated the inhibitory effects of CuO NPs (20-40 nm) on maize growth 

in hydroponic medium, but the released Cu
2+

 could not explain this phenomenon. They 

proposed that this inhibitory effect was due to the disruption of microtubule networks 

and decreased water uptake, but direct evidences supporting this hypothesis were not 

presented in this paper [75]. In another study, reduced water uptake by maize after TiO2 

NPs (25 nm) exposure was caused by the decreased root hydraulic conductivity, 
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resulting in inhibited transpiration and leaf growth [73].  

Sabo-Attwood et al. observed that 3.5-nm Au NPs caused leaf necrosis and 

killed tobacco seedlings after 30 day exposure, which was attributed to the blocking of 

vasculature by NPs aggregates in leaf. However, 18-nm NPs did not affect plant growth 

after 25 day exposure, indicating that uptake is a requirement for the toxicity of Au NPs 

on tobacco seedlings [84]. 

Many other kinds of ENMs, such as CeO2 NPs, Ni(OH)2 NPs, La2O3 NPs, 

Gd2O3 NPs and so on, have been reported to inhibit the root elongation of various plant 

species as well [25, 77, 80, 81]. Current studies indicated that released metal ions in the 

exposure medium could not fully explain the effects of NPs, even though some metal 

ions had similar effects on plant growth as relative metal based NPs.  

2.1.3 Studies showing no effects 



27 

 

   

 

Table 2. 3 Studies showing no effects of ENMs on plants 
Nanomaterial size 

(nm) 

test condition plant concentration effects ref 

Ag 20, 40, 

80 

¼-strength Hoagland Sol Arabidopsis thaliana 68, 134, 267, 535 µg/L no effect on seed germination [55] 

 100 ¼-strength Hoagland Sol Zucchini 1000 mg/L no effect on seed germination [58] 

TiO2 (20/80% 

rutile/anatase) 

25 hydroponic willow tree 1, 10, 20, 50, 100 

mg/L 

no effect on growth and 

transpiration 

[85] 

anatase TiO2 100 hydroponic willow tree 100 mg/L no effect on growth and 

transpiration 

[85] 

ZnO 8 Millipore water in Petri 

dish 

soybean plants 500, 1000, 2000, 4000 

mg/L 

no effects on seed germination [26] 

 5 and 

10 

¼-strength Hoagland Sol Zucchini 1000 mg/L no effect on seed germination [58] 

 <100 nutrient Sol; Soil cowpea 25 mg/L; 500 mg 

Zn/Kg 

no effect on plant growth [86] 

Fe3O4 <50 MS/2 agar medium Arabidopsis thaliana 400, 2000, 4000 mg/L no effects on germination and 

leaf number 

[64] 

QDs <30 DI water Rice 50 µg/mL no effect on germination [78] 

Au 15, 25, 

50 

½-strength Hoagland Sol poplar  no effect on poplar 

evapotranspiration 

[87] 

SiO2 42 MS/2 agar medium Arabidopsis thaliana 400, 2000, 4000 mg/L no effects on germination and 

leaf number 

[64] 

Al2O3 150 MS/2 agar medium Arabidopsis thaliana 400, 2000, 4000 mg/L no effects on germination and 

leaf number 

[64] 

Cu 50 ¼-strength Hoagland Sol Zucchini 1000 mg/L no effect on seed germination [58] 

Si 100 ¼-strength Hoagland Sol Zucchini 1000 mg/L no effect on seed germination [58] 

 14, 50, 

200 

Hoagland No.2 Basal salt 

mixture (hydroponic) 

Arabidopsis thaliana 250, 1000 mg/L no effects on plant growth and 

development 

[88] 

CuO 20-40 Hydroponic solution maize 2, 5, 10, 20, 30, 40, 50, 

100 mg/L 

no effect on seed germination [75] 

La2O3 22 DI water rape, radish, wheat, lettuce, 

cabbage, tomato, cucumber 

2000 mg/L no effect on seed germination [77] 

Gd2O3 23 DI water rape, radish, wheat, lettuce, 

cabbage, tomato, cucumber 

2000mg/L no effect on seed germination [77] 

Yb2O3 12 DI water rape, radish, wheat, lettuce, 

cabbage, tomato, cucumber 

2000 mg/L no effect on seed germination [77] 
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CeO2 7 DI water rape, radish, wheat, 

cabbage, tomato, cucumber 

2000 mg/L no effect on seed germination 

and root elongation 

[77] 
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Although a lot of papers reported the positive or negative effects of ENMs on 

plants, many ENMs did not show any effects on plant development, especially on seed 

germination. For example, Ag NPs did not affect the seed germination of Arabidopsis 

thaliana and Zucchini at concentrations as high as 1000 mg/L in hydroponic medium [55, 

58]. Other NPs, such as ZnO NPs, CeO2 NPs, La2O3 NPs, Gd2O3 NPs, Yb2O3 NPs and so 

on, did not affect the seed germination of various plant species at 2000 mg/L [26, 58, 77]. 

Exposure to TiO2 NPs (25 and 100 nm) did not affect the growth and transpiration of 

willow trees at concentrations ranging from 1 to 100 mg/L in hydroponic medium [85]. 

The seed germination and leaf number of Arabidopsis thaliana were not affected by 

Fe3O4 NPs, SiO2 NPs and Al2O3 NPs at 400 to 4000 mg/L in agar media [64].  

An interesting study conducted by Slomberg et al. showed that Si NPs (50 and 

200 nm) did not show effects on Arabidopsis thaliana growth [88]. The observed 

phytotoxicity of Si NPs was due to the increase of hydroponic medium pH (from 5.8 to 

over 8) by silanols on NP surface, which decreased the bioavailability of nutrients and led 

to growth deficiencies. Si NPs (14, 50 and 200 nm) did not affects Arabidopsis thaliana 

growth at 1000 mg/L by keeping the medium pH at 5.8 or removing the silanols on NP 

surface, demonstrating that Si NPs alone were not toxic to Arabidopsis thaliana [88]. 

Wang et al. exposed cowpea to ZnO NPs or ZnCl2 in both hydroponic solution 

(25 mg/L) and soil (500 mg Zn/kg) [86]. In hydroponic medium, ZnO NPs were 

significantly less toxic than ZnCl2, even though a lot of ZnO NPs accumulated on root 

surface. In soil, ZnO NPs and ZnCl2 showed similar effects on plant growth and Zn 
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speciation and accumulation in plant tissues in these two treatments were also similar, 

possibly due to the fast dissociation of ZnO NPs in soil. Therefore, it is very important to 

consider the transformation of NPs in the environment before interacting with plants 

when conducting nanomaterial-plant interaction studies. 

Overall, the potential effects of ENMs on plants depend on the NP chemical 

composition, size, coating, and plant species. Most ENMs had adverse effects on plant 

growth at high concentrations, while some others enhanced plant growth. A few NPs did 

not have any effects on plant growth. In most cases, the metal ions had the similar effects 

as the corresponding ENMs but the released ions in the exposure media could not fully 

explain the observed effects. However, most studies did not present the detailed 

characterization and stability test of NPs, or analyze the speciation of metal elements 

inside plants. Without this information, it is hard to distinguish the potential nano-specific 

effects from the released metal ion effects. We also could not tell whether the observed 

effects resulted from internalized NPs or the biotransformed products. Moreover, current 

available literatures assessed the impact of NPs on plant at relative high concentrations, 

but plants are likely to be exposed to much NP concentrations in the environment (e.g., 

0.116 ng/L of Ag NPs in US surface water and 0.764 ng/L in Europe surface water in 

2008[9]). Effect of NPs on plant at such low concentrations is a critical knowledge gap.  
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2.2 Cellular toxicity and geno-toxicity of ENPs on plants 

Very few studies considered the genetic response of plants after exposure to NPs. 

Only a few plant species with low numbers of chromosomes, such as Allium cepa, have 

been studied at various genetic end points, e.g., mitotic index, chromosomal aberration, 

micronuclei formation and DNA damage.  

Several studies have reported the genotoxicity of Ag NPs on plants. Ghosh et al. 

used comet assay to study the DNA strand breaks of Allium cepa and Nicotiana tabacum 

after exposure to Ag NPs (90-180nm) for 24 hours [89]. They found that Ag NP exposure 

caused DNA damage in roots and shoots of both plant species, but the DNA strand breaks 

in Allium cepa started to decrease at concentrations higher than 50 mg/L, which was 

attributed to the precipitation of Ag NPs at high concentrations. TEM images showed that 

Ag NP exposure caused vacuolation, nuclear disorganization and broken plasma 

membrane in both plant species [89]. Kumari et al. evaluated the cytotoxicity and 

genotoxicity of Ag NPs (< 100 nm) to Allium cepa roots with different endpoints [60]. 

The mitotic index value, which determines the rate of cell division, decreased from 60.3% 

to 27.6% as the exposure concentration increased from 0 to 100 mg/L. Moreover, 

chromatin stickiness and distinguished metaphase were observed after exposure to 50 

mg/L Ag NPs, while most cell walls were disintegrated at 100 mg/L. Similarly, the 

mitotic index of Vicia faba root exposed to Ag NPs (60 nm) decreased from 13.2% to 

3.56% with exposure concentration increasing from 0 to 100 mg/L [57]. This was 

attributed to the slower evolution of cells from S (DNA synthesis) phase to M (mitosis) 

phase of the cell cycle or the disruption on microtubule. The frequency of chromosomal 
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aberrations and that of micronuclei induction were also dose-dependent, with higher 

frequency at higher Ag NP concentrations. They hypothesized that Ag NPs interfered 

DNA repair, leading to increased chromosomal aberrations and Ag NPs had 

clastogenic/genotoxic effects on Vicia faba. Babu et al. also reported the decreased 

mitotic index and more frequent chromosomal aberration of Allium cepa after exposure to 

Ag NPs [90]. However, all these studies above did not confirm the Ag speciation in root 

cells, or included Ag
+
 and bulk Ag treatments as positive controls. Without this 

information, it is unclear whether these effects are caused by Ag NPs, or released Ag
+
, or 

other biotransformed chemical species.  

TiO2 NPs were also found to be genotoxic to plants. Ghosh et al. investigated the 

genotoxicity of TiO2 NPs (100 nm) on Allium cepa and Nicotiana tabacum using comet 

assay and DNA laddering technique [72]. Both plant species showed an initial increase of 

DNA damage with increasing exposure concentrations followed by a decrease up to the 

highest concentration. The highest genotoxicity for Allium cepa was observed at 4 mM, 

while for Nicotiana tabacum was 2 mM. According to Ghosh et al., this was due to the 

precipitation of TiO2 NPs at high concentrations, which decreased the amount of free 

TiO2 NPs interacting with plant tissues [72]. Interestingly, the malondialdehyde (MDA) 

concentration in A. cepa root showed the similar trend as DNA damage, with the highest 

concentration at 4mM. Therefore, the observed DNA damage could be induced by the 

generated ROS. AFM image confirmed the existence of TiO2 NPs in N. tabacum leaf 

DNA, but the dissolution of TiO2 NPs and the total internalized Ti amount were not 

quantified [72]. It was unknown whether the genotoxic effects were due to the TiO2 NPs 
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or released metal ions.  

Wang et al. investigated that TiO2 NPs (3 nm) induced Arabidopsis microtubule 

(MT) disorganization and enhanced the degradation of tubulin by 26S proteasome [70]. 

Therefore, chronic exposure to TiO2 NPs or high-dose exposure will affect the cellular 

processes depending on MT or 26S proteasome function. The hypothesized mechanism 

was the generation of ROS induced by TiO2 NPs or the physical interactions between 

TiO2 NPs and tubulin. The decrease of mitotic index and increase of mitotic aberrations 

of Zea mays and Vicia narbonensis roots were also dose-dependent after exposure to TiO2 

NPs (< 100 nm, anatase and rutile mixture) for 3 days [71]. But the underlying 

mechanism was not discussed.  

Genotoxicity of ZnO (8 nm) and CeO2 (7 nm) on soybean plants were studied by 

detecting new bands using the random amplified polymorphic DNA (RAPD) [26]. A new 

band was detected in soybean plant roots exposed to ZnO NPs at 4000 mg/L. Lopez-

Moreno et al. speculated that this effect was either due to the plant interactions with ZnO 

NPs or the released Zn
2+ 

[26]. However, ZnO NPs were not present in soybean root, as 

shown by XANES spectra, and concentration of Zn
2+

 inside root was not quantified. 

Therefore, the reason behind the genotoxic effects was not concluded in this study. On 

the other hand, exposure to CeO2 NPs produced four new bands at 2000 mg/L and three 

new bands at 4000 mg/L [26]. The presence of CeO2 NPs in soybean roots, confirmed by 

XANES, demonstrated the genotoxicity of CeO2 NPs on soybean plants. The higher 

genotoxicity of CeO2 NPs on soybean plants than ZnO NPs may be due to the presence of 

CeO2 in plant roots and the fact that Ce, unlike Zn, is not an essential element for plant 



34 

 

   

 

growth. Kumari et al. observed that the decrease of mitotic index, the increase of 

micronuclei index and chromosomal aberration index of Allium cepa exposed to ZnO 

NPs (100 nm) were dose-dependent [91]. Severer genotoxicity was observed at higher 

exposure concentration. SEM and TEM images confirmed the presence of ZnO NPs 

inside root cell matrix. By comparing the ZnO NPs effects and that of Zn
2+

 ions and of 

bulk ZnO particles, Kumari et al. concluded that genotoxicity of ZnO NPs could not 

solely be due to the released metal ions and the possible mechanism for nano-specific 

effects was the generation of ROS.  

Another study reported the DNA damage in radish and ryegrass induced by CuO 

NPs (< 100 nm), CuO bulk particles and Cu
2+

 ions [92]. Significant accumulation of 

oxidatively modified DNA lesions was observed in radish seedlings in all three 

treatments. After quantifying the dissolution of CuO NPs and the uptake of Cu by radish, 

Atha et al. found that the accumulated DNA damage could not solely be explained by the 

released ions. Since the presence of CuO NPs in radish roots was confirmed by 

STEM/EDS, CuO NPs may promote DNA damage directly through redox interactions or 

indirectly by enhancing oxidation of other biomolecules to generate ·OH [92]. However, 

the accumulation of DNA damage was much lower in ryegrass than in radish, indicating 

that the NP exposure tolerance is plant species dependent.  

Our knowledge on the plant genetic response to ENMs is very underdeveloped. 

Based on current literatures, it is unclear whether the observed effects came from 

internalized NPs or their biotransformed products. It is a critical knowledge gap to 

differentiate the effects of NPs, their respective bulk counterparts and released metal ions 
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outside and inside plants. Genotoxicity studies of NPs on plants should be combined with 

the detection of metal speciation inside plants and the dissolution of NPs to shed light on 

this knowledge gap. 
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2.3 Uptake, translocation and accumulation of ENPs in plants  

2.3.1 Factors affecting the uptake, translocation and accumulation of NPs by plants 

Uptake and translocation of NPs by plants is a very recent research field. Current 

reports showed that not all NPs were taken up and translocated to aerial parts by plant. 

Various factors influence the uptake and translocation processes, and no trend could be 

generalized at present. Based on current studies, the following are the main factors that 

affect these processes: coating, particle size, exposure concentration, plant species, 

exposure medium and chemical composition.   

Several studies considered the possible coating effects on NP uptake by plants. 

Zhu et al. reported that uptake of positively charged Au NPs by roots was most efficient 

for all the four herbaceous plant species used in the study, while translocation to plant 

shoots was most efficient for negatively charged Au NPs [93]. It was hypothesized that 

the electrostatic attraction between the negatively charged root cell walls and the 

positively charged Au NPs could enhance their uptake, but could hinder their 

translocation as well. Parson et al. found that uptake of uncoated (8.7 nm) Ni(OH)2 NPs 

by mesquite plants was more efficient than citrate coated (2.5 and 0.9) NPs [80]. The 

authors ascribed this difference to the repulsion effects among citrate coated NPs. 

However, Whiteside et al. reported that glycine-QDs were taken up and translocated by 

annual bluegrass using confocal microscopy and field imaging techniques, while the bare 

QDs (not conjugated) or chitosan-QDs were not taken up by the root at all [94]. These 

differences were attributed to the amino groups in labile glycine, which may serve as a 
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nitrogen source for plant growth and be taken up by plants preferentially, while 

recalcitrant chitosan was not easy to be used by plant. Apparently, NP coatings affect 

their uptake and translocation by plants, but the detailed mode of action and underlying 

mechanism call for more research.  

Particle size was reported to affect the uptake and translocation of various NPs 

including, Ag NPs, Au NPs, Si NPs, CuO NPs and Ni(OH)2 NPs, by different plant 

species [55, 61, 68, 82, 84, 88]. Generally, smaller NPs were easier to be taken up by 

plants and would accumulated more in plant tissues. However, this statement is 

challenged by the observations in some other studies. Geisler-Lee et al. found that this 

trend became opposite for Ag NPs interacting with Arabidopsis thaliana when the 

exposure concentration increased to 535 µg/L [55]. Zhai et al. exposed poplar trees 

hydroponically to 15, 25 or 50 nm bare Au NPs for 6 days but the translocation results 

did not show a trend relating to the NP size [87]. In another report, similar amount of Zn 

were taken up by wheat after exposure to ZnO NPs (<100 nm) or bulk ZnO at 500 mg/kg 

sand [68]. However, the stability of ZnO NPs and bulk ZnO in the sand was not 

considered, which could affect the uptake process. A recent study reported that ZnO NPs 

dissolved rapidly upon addition in the soil, which led to the similar uptake and 

translocation by cowpea as ZnCl2 [86]. Therefore, stability of NPs in the test medium 

should be considered when studying the effects of nanoparticle properties (e.g.,size) on 

plant uptake and accumulation.    

Several studies investigated that more NPs (e.g., Ag NPs, Au NPs, Cu NPs, CuO 

NPs, CeO2 NPs) were taken up by plants as the exposure concentration increased [26, 55, 
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61, 75, 76]. However, the Cu content in Zucchini plants was similar at 250 or 750 mg/L 

Cu NPs. It seems that there was a limit for the uptake of Cu NPs by Zucchini plant [61]. 

In contrast, the highest Zn accumulation by soybean occurred at 500 mg/L ZnO NPs with 

the exposure concentration ranging from 500 to 4000 mg/L [26]. This was attributed to 

the lower aggregation of ZnO NPs at 500 mg/L, which allowed more free NPs to be taken 

up by plants. However, the detailed characterization of ZnO NPs at different exposure 

concentrations was not presented to demonstrate this explanation.  

The uptake and accumulation of NPs varies with plant species as well. When four 

plant species (rice, radish, pumpkin and ryegrass) were exposed to the same Au NPs at 

same concentrations, radish roots accumulated the most Au NPs while translocation was 

most efficient in ryegrass [93]. Similar for Al NPs, the Al content in ryegrass leaves was 

2.5-fold higher than control while no Al was detected in leaves of California red kidney 

beans [95]. The uptake of CeO2 NPs also varied greatly among different species (e.g., 

alfalfa, tomato, cucumber and corn) and the highest content was observed in alfalfa [25]. 

The possible reasons for the different uptake efficiency are the different specific surface 

area of roots, different root microstructures or the different interactions between NPs and 

exudates. However, it is unknown what controls the translocation efficiency of NPs inside 

plants.  

Exposure medium was also reported to affect the NP uptake and translocation 

process. Zhu et al. compared the uptake of Fe3O4 NPs by pumpkin plants in different 

exposure medium [96]. The most efficient uptake was observed in hydroponic medium 

followed by sand, while no uptake was detected in soil exposed plants. The Attachment 
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of NPs to sand and soil grains may decrease the bioavailability of NPs to plant roots. 

Wang et al. exposed cowpea to ZnO NPs or ZnCl2 in either hydroponic or soil systems 

[86]. They found that most of ZnO NPs in the hydroponic system accumulated on root 

surface instead of being taken up and translocated within plant, while ZnO NPs in the soil 

totally dissolved within an hour and then behaved identically as ZnCl2. Therefore, 

exposure medium affects the NP uptake mainly by changing their stability and 

bioavailability to plants.  

Chemical composition of NPs could also affect the NP uptake and translocation 

by plants. Whether these differences were because the effects of released ions are 

different or plants are able to recognize different NPs and respond accordingly needs to 

be determined in the future. The uptake of NPs with different chemical composition is 

summarized below.  

2.3.2 Uptake of Ag NPs 

Several studies reported the uptake of Ag NPs by different plant species, but some 

results are conflicting. The uptake and accumulation of Ag NPs by plants are not well 

understood. Geisler-Lee et al. compared the uptake of three Ag NPs (20, 40 and 80 nm, 

citrate coated) and Ag
+
 (added as AgNO3) by Arabidopsis thaliana at concentrations 

ranging from 67 to 535µg/L [55]. Although Ag concentration in plant tissues increased in 

all treatments with the increasing exposure concentration, smaller NPs accumulated more 

in plant tissues at concentrations lower than 267µg/L, and Ag
+
 treated plants contained 

the least Ag content at this concentration range. This trend became opposite at 534 µg/L. 

They hypothesized that NPs promoted the adsorption and internalization of silver in 
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either NP or ion form at low concentrations. However, the underlying mechanism was not 

discussed. Similarly, silver contents in Zucchini (cucurbita pepo) shoots exposed to Ag 

NPs (100 nm) or bulk Ag increased as the hydroponic exposure concentration increased 

from 1 to 1000 mg/L, and Ag NPs exposed trees accumulated much more Ag than the 

bulk Ag treated ones [58]. This was attributed to the faster ion release rate of Ag NPs than 

that of bulk Ag. However, another study investigated similar uptake of Ag NPs (<100 nm) 

and bulk Ag by Zucchini plants (cucurbita pepo) after 9-day hydroponic exposure and the 

exposure concentration (250 or 750 mg/L) did not affected the Ag content in plant tissues 

[61].  

Confocal laser-scanning microscopy images, TEM images and Scanning 

Transmission Electron Microscopy (STEM) analysis showed the accumulation of Ag NPs 

in Arabidopsis thaliana root cap, apoplastical transportation through the cell wall and 

aggregation at plasmodesmata [55]. The uptake of Ag NPs was size exclusive, because all 

internalized particles were smaller than 50 nm, which is the biggest size of 

plasmodesmata. However, plants treated by 53µg/L Ag
+
 were also found Ag

0
 inside by 

STEM. Yin et al. showed Ag NPs inside Lolium multiflorum roots by TEM, but X-ray 

spectro-microscopy only detected the oxidized Ag species [53]. It is unknown whether 

Ag NPs entered the root directly, or they released Ag ions on root surface, which entered 

the plant tissues and formed Ag
0
 inside. 

Comparing the Ag accumulation by Chlamydomonas reinhardtii and cell wall free 

mutant after Ag NPs (carbonate coated, 29 nm) or Ag
+
 exposure, Piccapietra et al. found 

that Ag NPs internalization was limited by cell membrane [97]. Haverkamp et al. 
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investigated that Brassica juncea formed Ag NPs inside by taking up different silver salts, 

such as AgNO3, Na3Ag(S2O3)2 and Ag(NH3)2NO3. However, XANES and atomic 

absorption spectroscopy (AAS) combined analysis indicated that there was a limit (3.5g 

Ag/kg dry weight) for the amount of Ag NPs formed inside plant, which was proposed to 

be due to the total reducing capacity of the plant [98]. Whether this limit affects the Ag 

NPs uptake and storage in plant tissues remains to be determined.  

2.3.3 Uptake of QDs 

Uptake of QDs by annual bluegrass was affected by the coating on NP surface 

[94]. QDs conjugated to glycine were successfully taken up by bluegrass and translocated 

to shoots, while QDs conjugated to chitosan or bare QDs were not taken up by the root. 

Oleic acid-QDs were also reported to be taken up by rice seedling after hydroponic 

exposure [78].  

QDs can also be taken up by cultured plant cells. PEGylated derivatized-

polyacylacrylic acid coated CdSe/ZnS QDs were taken up by sycamore cultured cells 

through endocytic uptake and kept in cytoplasmic compartments [99]. 

Mercaptopropanioc acid coated QDs were also internalized by Medicago sativa cells and 

accumulated in the cytoplasm and nucleus [79]. 

2.3.4 Uptake of Au NPs 

Studies on the uptake of Au NPs by plants are very limited. Zhu et al. studied the 

uptake and translocation of Au NPs with different coatings by four plant species (rice, 

radish, pumpkin and ryegrass) [93]. They found that Au NP uptake and translocation 
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were nanoparticle surface charge dependent and plant species dependent. For all four 

plant species, positive charged NPs were most efficiently taken up by roots following by 

neutral nanoparticles, while negative charged NPs were most efficiently translocated to 

shoots even though they were least accumulated in roots. They hypothesized that the 

negative charge of root surface and cell walls enhanced the uptake and accumulation of 

positive charged NPs due to the attractive electrostatic forces, which hindered the further 

NP translocation to shoots as well [93]. However, the underlying uptake and translocation 

mechanism was not presented in this paper. For a given charged NPs, radish roots 

accumulated the most Au NPs following by ryegrass, pumpkin and rice, while the most 

efficient Au NP translocation was observed in ryegrass, following by rice, radish and 

pumpkin. The high root uptake by radish was attributed to the large root surface area, but 

the differences in Au NP translocation were not explained [93]. Moreover, the chemical 

speciation of Au inside plant was not analyzed. It was unknown whether the translocated 

Au inside plant was Au NPs or biotransformed products. 

Sabo-Attwood et al. investigated that uptake of Au NPs by tobacco seedlings was 

size exclusive [84]. Gold NPs of 3.5 nm were taken up individually into root and 

translocated to leaves, while 18 nm NPs only aggregated on root surface. The NPs 

aggregates in cytoplasm indicated that NPs could get through cell wall and cell 

membrane. However, uptake of Au NPs was species dependent. Zucchini plants was able 

to take up Au NPs (<100 nm) and bulk Au materials, and the Au content in plant tissues 

increased with the increasing exposure concentration [61].  

Au NPs were also reported to be taken up by woody poplar trees [87]. Poplars 
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were hydroponically exposed to Au NPs with different sizes (15nm, 25nm, 50nm) for 6 

days. After exposure, all three kinds of Au NPs were taken up by poplar and translocated 

to the shoot, indicating the absence of size exclusive effects. The presence of Au NPs in 

plasmodesmata of the phloem cells suggested the ease of transport within poplar trees.  

2.3.5 Uptake of Cu NPs 

Uptake of Cu NPs was only studied on mung bean, wheat and zucchini plants. 

TEM-EDS results showed that Cu NPs aggregated in root cell wall and cytoplasm of 

mung bean and wheat in agar medium [76]. The aggregation of NPs inside plants was 

attributed to the detoxification of plants by storing excess metals. The bioaccumulation 

factors (Cu NP concentration in plants divided by Cu NP concentration in growth 

medium) of mung bean and wheat increased linearly with exposure concentration 

increasing from 200 to 1000 mg/L [76]. But this trend does not apply to all the plant 

species. Hawthorne et al. exposed zucchini plants to Cu NPs (< 50 nm) and bulk Cu at 

250 and 750 mg/L and found that exposure concentration did not affected the plant Cu 

content, indicating that a limit exists for the uptake of Cu NPs by zucchini plant [61]. 

Bulk Cu exposed zucchini plants contained much more Cu (31-120 mg/kg) than Cu NPs 

exposed ones (28-39 mg/kg), but the speciation of Cu in plant tissues was not examined. 

2.3.6 Uptake of Si NPs 

Uptake of Si NPs by plant is size dependent. When Arabidopsis thaliana were 

exposed to Si NPs of three different sizes (14, 50 and 200 nm), more uptake by root were 

observed for smaller NPs [88]. But the following translocation from root to rosette and 
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stem was very limited. Si NPs got into plant cells through endocytosis since internalized 

200 nm NPs were much larger than the cell wall pores (50 nm). Moreover, an upper limit 

existed for the uptake of Si NPs by Arabidopsis plant, because Si accumulation in plant 

increased nonlinearly as the exposure concentration increased from 250 mg/L to 1000 

mg/L [88]. Similarly, another study reported that Si NPs treated plants accumulated more 

Si than bulk Si exposed ones [61]. The Si accumulation in plant was dose dependent with 

higher Si content in plant showing at higher exposure concentration. Rice seedlings were 

also reported to be able to uptake FITC conjugated silica nanoparticles [78]. Whether the 

uptake limit of Si NPs exists for all plant species needs further research.  

2.3.7 Uptake of other metallic NPs 

Uptake of Fe NPs and Al NPs by plants was also reported. Iron NPs (carbon 

coated) injected in the leaf petioles of living pumpkin plants were found only inside and 

outside the epidermal cells near the application sites after 6 days, indicating that Fe NPs 

can be expelled by the plant [100]. Only the first layer of epidermal cells contained Fe 

NPs after spaying NP suspension and the proposed penetrating pathway was through 

stomata and the sub-stomatal chambers. Long distance transport of NPs inside plant has 

critical requirement on particle size, since NPs found far from the application site were 

around 46 nm [100]. 

Uptake and translocation of Al NPs are species dependent. Leaves and stems of 

California red kidney beans accumulated negligible amount of Al after growing in nano-

aluminum amended soil, while Al content in the leaves of ryegrass was 2.5-fold increase 

compared to unexposed control plants [95]. The speciation of the Al inside plant tissues 
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was not tested.  

2.3.8 Uptake CuO NPs 

Two studies were found reporting the uptake and translocation of CuO NPs by 

plants. Wang et al. investigated that CuO NPs (20-40nm) were taken up by maize and 

translocated from roots to shoots, following by transporting back to roots again [75]. The 

NPs accumulation concentration increased with increasing exposure concentration. TEM 

image and EDS analysis demonstrated the existence of CuO NPs in root epidermal cell 

wall, intercellular space, cytoplasm of cortical cell and nuclei. CuO NPs passed epidermis 

and cortex probably through apoplastic pathway and entered plant cells by endocytosis. 

The existence of CuO NPs in xylem sap indicated their translocation from roots to shoots 

and they may enter the stele from root. By exposing only a portion of the root of a single 

plant to CuO NPs suspensions, they found that the translocated CuO NPs in shoots could 

be transport back to the unexposed roots through phloem [75]. However, the whole 

translocation process reported in this paper was qualitative description, the translocation 

factors for the roots to shoots and shoots back to roots transport were not determined. The 

underlying mechanism for the phloem transport of CuO NPs was unknown. Another 

study reported that the uptake of CuO NPs by wheat was size dependent [68]. The CuO 

NPs (< 50 nm) exposed wheat had slightly higher shoot Cu content than bulk CuO treated 

wheat at 500 mg Cu/kg sand [68]. 

2.3.9 Uptake of CeO2 NPs 

Several literatures studied the uptake of CeO2 NPs by alfalfa, tomato, cucumber, 
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corn, soybean plant, cilantro and maize, but uptake and translocation processes remain 

poorly understood. Under the same exposure condition, uptake of CeO2 NPs varied 

greatly among different species [25]. Exposure to CeO2 NPs at 4000 mg/L, alfalfa 

seedling accumulated Ce at 6000 mg Ce/kg dry weight, while that for tomato was 3000 

mg/kg, 400 mg/kg for cucumber and 300 mg/kg for corn. These different levels of 

accumulation could be explained by the different root microstructures as well as the 

interactions between NPs and root exudates [25]. A separate study showed that Ce uptake 

by soybean plant increased with the CeO2 NPs exposure concentration [26]. Neither of 

these two studies considered the translocation of CeO2 NPs inside plants. In another study, 

CeO2 NPs were successfully taken up and translocated to shoot or fruits by cilantro and 

tomato, suggesting the potential introduction to human food webs [27, 28]. In both cases, 

NP uptake and translocation increased in a dose dependent manner.  

Atmospheric CeO2 NP exposure has also been studied on cucumber and Maize. 

Cucumber plants were exposed aerially to CeO2 NP powder (8 ± 1 nm) or suspension 

(231 ± 16 nm) for half a month and Ce was detected in all the tissues, suggesting 

translocation of Ce in plant [101]. However, the speciation of Ce within plant was not 

determined. In contrast, Birbaum et al. reported no translocation of CeO2 NPs by maize 

plant was observed under either aerosol or suspension exposure [102]. Maize plant leaves 

exposed to CeO2 NPs (37 nm) aerosol contained 50µg Ce/g leaves, but these internalized 

NPs were not translocated into new leaves after 3 months. Both adsorption of NP 

aggregates on leaf surface and incorporation into leaf structure contributed to the 

measured Ce uptake according to the adsorption analysis. However, contributions of 
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these two processes were not distinguished in this paper and possible mechanisms were 

not discussed. After exposure to CeO2 NPs suspensions, Ce was not translocated to stem 

or leaves of maize plant either [102]. It is unclear whether the different results in these 

two papers were due to the different sizes of CeO2 NPs or the different plant species.  

2.3.10 Uptake of TiO2 NPs 

TiO2 NPs were reported to be taken up by cucumber and Arabidopsis thaliana, 

and translocated to leaves in both plants [37, 83]. Synchrotron micro X-ray fluorescence 

(micro-XRF) and micro X-ray absorption spectroscopy (micro-XAS) showed that some 

TiO2 NPs (27 nm) in cucumber leaves were stored in epidermis, mesophyll tissues and 

trichomes, while others were translocated back to root through phloem [37]. Trichomes 

were the possible sink or excretory system for TiO2 NPs. Nevertheless, plants were rinsed 

several times before the micro-XRF and micro-XAS analysis, which may remove the 

TiO2 NPs on leaf surface excreted by trichomes [37]. Similarly, Kurepa et al. investigated 

that Alizarin red S (ARS)-TiO2 NPs (3 nm) conjugates got into most Arabidopsis thaliana 

root cells within 24 hours, and translocated NPs accumulated in leaf stomata pores, 

epidermal cells and palisade cells [83]. The aggregation of TiO2-ARS NPs around root 

was also observed in this study. It was attributed to the enolization of carbonyl groups 

attached to NPs accelerated by the low pH surrounding the root. In contrast, TiO2-ARS 

NPs could not penetrate Arabidopsis thaliana seeds due to the protection of seed mucilage 

[83]. This is supported by the current studies showing that seed germination is usually not 

affected by NPs exposure (Table 3).   

2.3.11 Uptake of Fe3O4 NPs 
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Two separated studies reported the uptake and translocation of Fe3O4 NPs by 

pumpkin plants under hydroponic conditions, but the results were conflicting [96, 103]. 

No translocation of Fe3O4 NPs (25 nm, polyvinylpyrrolidone (PVP)-coated) by ryegrass 

or pumpkin plants (Cucurbita mixta) was observed after 18-day hydroponic (nutrient 

medium) exposure at concentrations ranging from 30 to 500 mg/L [103]. It was 

speculated that NPs aggregates were too big for vascular system to transport or NPs were 

leaked from vascular system into the surrounding tissues. However, Zhu et al. 

investigated that Fe3O4 NPs (20 nm) were taken up by pumpkin plants (Cucurbita 

maxima) in hydroponic medium (a medium from Scotts-Sierra Horticultural Products) 

and translocated to stems and leaves. Whether the different plant species or the NPs size 

or both led to the different translocation results in these two studies is unknown. 

Moreover, uptake was affected by the exposure medium, because Fe3O4 NPs uptake was 

reduced when pumpkin grew in sand and no uptake was detected when plants were 

exposed in soil [96]. This difference was attributed to the attachment of NPs to sand and 

soil grains. Plant species could affect the uptake as well. No uptake or translocation of 

Fe3O4 NPs by lima bean plants was observed in hydroponic medium [96]. 

2.3.12 Uptake of ZnO NPs 

Even though several studies reported the interactions between ZnO NPs and 

different plant species, our understanding about the uptake and translocation of ZnO NPs 

are still underdeveloped. Lin et al. found that ZnO NPs (19 nm) accumulated on ryegrass 

root surface and got into root apoplast and cytoplasm [63]. Translocation of ZnO NPs to 

shoots (translocation factor < 0.02) was much lower than that of Zn
2+ 

after 12-day 



49 

 

   

 

hydroponic exposure. They proposed that it was either due to the few NPs reaching the 

stele or the slow transport of NPs within plants [63]. Uptake of ZnO NPs depended on 

plant species and exposure concentration, but not on particle size. Similar amount of Zn 

were accumulated in wheat after exposure to ZnO NPs (<100 nm) or bulk ZnO for 14 

days at 500 mg Zn/kg sand [68]. Interestingly, the highest Zn accumulation in soybean 

plant was observed at 500 mg/L ZnO NPs within the concentration range of 500 to 4000 

mg/L. The author suggested that lower agglomeration of ZnO NPs at 500 mg/L than at 

4000 mg/L allowed more NPs and Zn ions to be taken up by plants [26]. Most of these 

studies did not confirm the Zn speciation in plants, while Hernandez-Viezcas et al. [104] 

reported that Zn detected in soybean seeds was in a form similar as Zn-citrate after 

growing in ZnO NP (500 mg/kg) amended soils for 48 days.  

2.3.13 Uptake of other NPs 

Uptake and translocation of several other NPs by plants were also reported. 

Parsons et al. investigated that both uncoated (8.7 nm) and citrate coated (2.5 and 0.9 nm) 

Ni(OH)2 NPs were taken up and translocated by mesquite plants, and the accumulation of 

uncoated NPs in plant tissues was higher than that of citrate coated Ni(OH)2 NPs, which 

was attributed to the repulsion effects among citrate coated NPs [80]. However, some 

other factors such as size and citrate coatings, which may affect the uptake process as 

well, were not considered. Zhang et al. reported that cucumber took up more Yb after 

exposure to Yb2O3 NPs (12 nm) than to bulk Yb2O3 or YbCl3·6H2O at 5 mg/L or lower 

concentrations [82]. The translocation factor was also higher for Yb2O3 NPs at this 

concentration range. They attributed these differences to the faster Yb
3+

 release by Yb2O3 
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NPs on root surface and the more active interactions between Yb2O3 NPs and plant roots 

[82]. Whether cucumber translocated Yb2O3 NPs directly to shoots and the underlying 

mechanisms
 
need to be determined in the future. 

Confocal laser scan microscope image of Orchidaceae aerial root cross-section 

showed that NaYF4:Yb,Er NPs (45 nm) entered the Velamen radicum within one minute 

after soaking in the NPs solution [105]. Nanoparticles entered the passage cells of the 

exodermis after 10 minutes and reached the vascular cylinder after a few days. But the 

NPs uptake and transport mechanism within plant is unknown [105]. In another study, 

individual QD-CNT conjugate and clustered QD-CNTs were detected in tomato xylem 

after 1 h incubation in NP water suspension [106]. After 10 day exposure in Murashige 

and Skoog (MS) medium, QD-CNT clusters got accumulated in tomato roots and leave 

tissues close to the vasculature. The transport mechanism was not included in this paper 

either.  

Even though the uptake and translocation of different NPs have been studied, it is 

unclear what factors (e.g., coating property, particle size) control these processes. Very 

few studies analyzed the speciation of metal elements inside plants. Whether the tested 

metal elements inside plant were taken up and translocated as entire NPs or released 

metal ions or biotransformed products remains to be determined. The final sink of NPs 

inside plants and the mechanisms for NP uptake and translocation are also critical 

knowledge gaps. 

2.4 Biotransformation 
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Studies on biotransformation of NPs inside plants are very limited. Only 

references on CuO, TiO2, ZnO, Ni(OH)2, La2O3 and CeO2 have been found. Wheat 

exposed to CuO NPs (< 50 nm) at 500 mg Cu/kg sand contained Cu in shoots (375 mg 

Cu/kg shoot dry weight) [68]. X-ray absorption near-edge spectroscopy (XANES) 

analysis showed that majority (64 ± 10%) of Cu inside wheat existed as CuO NPs and the 

rest were Cu(Ι)-S species. Similarly, Wang et al. investigated that some CuO NPs (20-

40nm) taken up by maize were reduced to Cu2O and Cu2S during the phloem transport, 

which was attributed to the reducing enzymes or sugars [75]. 

 TiO2 NPs were taken up and translocated by cucumber [37]. Interestingly, NPs in 

the root were similar to their original crystal structure (82% anatase and 18% rutile), but 

the main crystalline phase of TiO2 NPs in the leaves were rutile (15% anatase and 85% 

rutile in trichome base) and only rutile TiO2 existed in the phloem in root. This was 

attributed to the preferential translocation of rutile by cucumber plant [37]. However, 

other possibilities could not be ruled out, for example, anatase may dissolved much faster 

than rutile and only rutile was remained in the NPs to be translocated further, or plant 

transformed anatase to rutile during translocation process.  

 It seems that ZnO NPs were transformed in the medium or on root surface of 

different plant species. Dimkpa et al. reported the differential biotransformation of ZnO 

and CuO NPs by wheat [68]. Zn detected inside wheat was closest to Zn3(PO4)2·4H2O. 

The differences between CuO NPs and ZnO NPs were proposed due to the greater 

dissolution of ZnO NPs. Similarly, XANES spectrum showed that ZnO NPs exposed 

soybean plants contained Zn(II) inside, but ZnO NPs were not presented inside [26]. As 
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the dissolved Zn(II) in the exposure solution was too low to cause the high accumulation, 

they hypothesized that ZnO NPs were transformed on root surface. A recent study 

examined the Zn speciation in soybean grains after 48-day exposure to ZnO NPs in soil 

[104]. They found that Zn in the grain was in a form similar as Zn-citrate, not ZnO NPs. 

 Parsons et al. reported the biotransformation of Ni(OH)2 NPs inside mesquite 

plants [80]. XAS spectra showed that uncoated Ni(OH)2 NPs entered plant root and were 

transformed to Ni(ІІ)-organic acid complexes in shoots, which were translocated to 

leaves. However, Ni(OH)2 NPs only existed in coated NPs treated roots, while shoots and 

leaves contain Ni(ІІ)-organic acid complexes. This difference was attributed to the faster 

dissolution of smaller citrate coated NPs [80]. 

 Biotransformation of La2O3 NPs by cucumber was also reported [81]. TEM/EDS 

and Soft X-ray scanning transmission microscopy (STXM) analysis showed that La2O3 

NPs (66 nm) were transformed to needle like LaPO4 nanoclusters in the intercellular 

spaces and middle lamellas of cucumber roots after 4-day hydroponic exposure. Similar 

LaPO4 nanoclusters were also observed in LaCl3 exposed roots. However, the dissolved 

La
3+

 in NPs suspension could not fully explain the NP effects on plants. They proposed 

that root excreted organic acids, which induced the dissolution of La2O3 NPs at nano-bio 

interface, leading to the phytotoxicity of NPs [81]. Similarly, Yb2O3 NPs (12 nm) and 

YbCl3·6H2O were transformed to YbPO4 in cucumber roots, but only Yb2O3 NPs exposed 

roots showed YbPO4 deposits in cytoplasm of root cells [82]. Since both La and Yb are 

rare earth elements, the similar behavior of La2O3 and Yb2O3 NPs indicated the important 

influence of chemical composition of NPs on their interactions with plants.  
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CeO2 NPs can also be transformed by some plants, even though they are generally 

considered stable under environmental conditions. Lopez-Moreno et al. investigated that 

all four plants (alfalfa, tomato, cucumber, corn) tested were able to uptake CeO2 NPs and 

stored them in roots without biotransformation [25]. Another study reported that CeO2 

NPs were not transformed in soybean plant root [26]. Hernandez-Viezcas et al. analyzed 

the Ce speciation in soybean pods after the plant growing in soil containing 1000 mg/kg 

CeO2 NPs for 48 days [104]. They found that even though majority of the detected Ce 

was in the form of CeO2 NPs, there was a small portion of Ce reduced to Ce (III), 

suggesting the possibility of CeO2 NPs transformation in plant shoots. In a separate study, 

cucumber plants were exposed to 2000 mg/L CeO2 NPs hydroponically for 21 days [107]. 

The Ce in root was confirmed to be CeO2 and CePO4, while part of the CeO2 in shoots 

was transformed to cerium carboxylates. 

Nanoparticle biotransformation is still in infancy. It is still unknown how plants 

recognize different NPs and what biochemistries processes are in charge of the 

biotransformation. It is also unclear whether internalized NPs are also addressed to 

known biochemistries for dissolved xenobiotic contaminants since they are foreign 

constituents exposed to similar biochemical environments upon uptake. 

Biotransformation of different ENMs has been reported by different groups, but it is 

unclear how the mechanism, rate and extent of phytotransformation are influenced by NP 

properties (e.g., coating properties, size and chemical composition).   
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  Chapter 3

 

Methodology and Experimental 

Approach 

 

3.1 Material Characterization 

3.1.1 Preparation and characterization of Ag NPs 

Amorphous-carbon-coated 25-nm Ag NPs, which represent commercially 

available Ag NPs with (thus) a higher probability of release, were bought from 

Novacentrix (Austin, TX). Polyethylene glycol-thiol (PEG)-coated 10-nm and 5-nm Ag 

NPs were synthesized in the lab to obtain a narrow size distribution at relatively small 

sizes as described previously [108]. The PEG coating of custom-made Ag NPs enhances 

their stability in water. Commercial Ag NP powder and concentrated (23 mg/L) custom-

made Ag NP water suspensions were covered with aluminum foil and stored in anaerobic 

chambers (4% H2, 4% CO2, 92% N2). Transmission electron microscopy (TEM) images 

were conducted on a JEOL 1230 high contrast TEM operated at 80 kV. The samples were 
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prepared by dropping 5 µL Ag NPs suspension on 300 mesh copper grids (Ted Pella, Inc., 

USA), which were dried overnight at room temperature.  

3.1.2 Preparation and characterization of quantum dots (QDs) 

CdSe/CdZnS QDs coated with cationic ( = 25.7 ± 3.9 mV) polyethylenimine 

(PEI) or poly (ethylene glycol) of anionic ( = -21.3 ± 1.2 mV) poly(acrylic acid) (PAA-

EG) (Figure 1) were synthesized as described before.[109-112] TEM images of both QDs 

were obtained on the high contrast TEM as Ag NPs and the samples were prepared as 

described before. Their metal contents were also comparable as determined by ICP-MS 

after 70% HNO3 (trace metal grade) digestion at 90 ºC for 2 h. Zeta-potential and 

hydrodynamic size of QDs were measured by a Zen 3600 Zetasizer Nano (Malvern 

Instruments, UK) 
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Figure 3. 1 Structure of QDs and the coating polymers. QDs contain a CdSe core and a 

CdZnS shell, which are coated with cationic polyethylenimine (PEI) or polyethylene 

glycol of anionic poly(acrylic acid) (PAA-EG).  
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3.2 Stability Test 

3.2.1 Stability test of Ag NPs 

Novacentrix 25-nm Ag NPs and lab-generated 10- and 5-nm Ag NPs were 

incubated in ¼-strength Hoagland solution for half a month and one month, respectively. 

The TEM samples for all the Ag NPs were prepared before and after the Hoagland 

solution incubation to investigate their stability in the exposure medium. The speciation 

modeling of the released Ag
+
 in ¼-strength Hoagland solution was performed by Visual 

MINTEQ version 3.0 to determine the possibility of Ag
+
 precipitation in the hydroponic 

medium and the prevailing chemical species in the solution at equilibrium.  

Dissolution rates of the tested Ag NPs in ¼-strength Hoagland solution were also 

monitored for 11 days. 0.1 mg/L of 25-nm, 10-nm and 5-nm Ag NPs solutions were 

prepared as the plant exposure medium and kept in the plant growth room. Each 

treatment was prepared in triplicate. Solution samples were taken on day 0, 1, 2, 5, and 11. 

To separate released Ag
+
 from Ag NPs, each sample was centrifuged in Amicon ultra 

centrifugal filter (2~5-nm pore size, molecular weight cutoff 10,000, Millipore, MA) at 

7000 rpm for 7 min. The filtrate containing only Ag
+
 was collected and analyzed with 

ICP-MS after HNO3 (1%) dilution. 

3.2.2 Stability test of QDs 

Stability of the QDs in plant growth medium (¼-strength Hoagland solution) was 

monitored for 11 days. Zeta-potential and hydrodynamic size of QDs were measured after 

the incubation. To monitor the dissolution of Cd and Se from QDs in ¼-strength 
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Hoagland solution, samples were taken at several time points (day 0, 1, 2, 5, and 11) and 

released Cd/Se ions were separated using Amicon ultra centrifugal filters (molecular 

weight cutoff 10,000, Millipore, MA, USA). Cd and Se ion concentrations in the filtrate 

were analyzed by ICP-MS. Fluorescence spectra of QDs were obtained on an Infinite 

M1000 microplate reader (Tecan, Switzerland). All the stability tests were prepared in 

triplicate. 

Stability of the QDs in plant growth medium (¼-strength Hoagland solution) was 

monitored for 11 days. Zeta-potential and hydrodynamic size of QDs were measured after 

the incubation. To monitor the dissolution of Cd and Se from QDs in ¼-strength 

Hoagland solution, samples were taken at several time points (day 0, 1, 2, 5, and 11) and 

released Cd/Se ions were separated using Amicon ultra centrifugal filters (molecular 

weight cutoff 10,000, Millipore, MA, USA). Cd and Se ion concentrations in the filtrate 

were analyzed by an Elan 9000 ICP-MS (PerkinElmer, Waltham, MA, USA). 

Fluorescence spectra of QDs were obtained on an Infinite M1000 microplate reader 

(Tecan, Switzerland). All the stability tests were prepared in triplicate. 

3.3 Poplar Growth and Treatment 

3.3.1 Poplar growth and Ag NP treatment 

Eight-inch cuttings (Segal Ranch, WA) from male clones of adult imperial Euro-

americana hybrid poplar trees (Populus deltoides × nigra, DN-34) were fitted into pre-

drilled screw caps. The interface of the cutting and the cap was sealed with 100% silicone 

sealant. Cuttings were grown in ¼-strength Hoagland solution (pH 6.8) [113] at 25ºC 
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with 16-hour photoperiods and 85 to 100 µmol·m-2·s-1. Fresh nutrient solution was 

supplied twice a week. After 4 weeks of growth, healthy poplars (trees with similar stem 

length, root length and leaf number, and with healthy roots, Figure 3.2) were moved into 

the hydroponic exposure reactor, a 500-mL screw-top glass bottle modified with a screw-

top side arm as the sampling port (Figure 3.3A). The reactors were wrapped with 

aluminum foil to prevent algae growth (Figure 3.3B). The total volume of ¼-strength 

Hoagland solution in each reactor was 400 mL. The medium contained no additional 

supplements (controls), or Ag NPs or AgNO3, as indicated in text. AgNO3 treatments 

were included to discern the effect of released silver ions. We chose AgNO3 as a source of 

Ag
+ 

because there was already a high concentration nitrate in the Hoagland solution. PEG 

coating controls were also prepared to examine the potential effects of the coating. 

400mL ¼-strength Hoagland solution and PEG were added to reactor to get 0.0686 mg/L 

PEG, which is the same concentration as 0.1 mg/L 10 nm Ag NPs quantified by Thermal 

gravimetric analysis (TGA). At least 8 replicates were prepared for each treatment. DI 

water was added daily, except every 5th day, to replace lost solution. Every 5th day, ¼-

strength Hoagland solution instead of water was added to compensate for nutrient loss.  

Evapotranspiration was determined by monitoring weight loss of the reactors. 

Cumulative evapotranspiration for each tree was determined as the sum of the daily 

evapotranspiration during the 11-day exposure, which is a typical exposure period for 

phytotoxicity studies.  
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Figure 3. 2 A batch of poplar trees growing in a big container before exposure. (A) poplar 

stems and leaves; (B) poplar roots. 
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Figure 3. 3 Example of a one-month old poplar tree that are ready for exposure 

experiment (A); its root is shown in B. 

 
Figure 3. 4 Exposure reactor (A); Exposure reactor covered with aluminum foil (B). 
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3.3.2 Poplar growth and QDs treatment 

Eight-inch poplar cuttings from male clones of the adult hybrid poplar trees 

(Populus deltoides × nigra, DN-34, Segal Ranch, WA, USA) were grown in ¼-strength 

Hoagland solution (pH 6.8)[114] for one month. Healthy samples with similar lengths of 

shoots and roots were selected to conduct the exposure experiment as described 

before.[115] Briefly, poplar cuttings were placed in a 500 mL glass exposure reactor 

filled with ¼-strength Hoagland solution (pH 6.8, 400 mL) containing 50 nM PEI-QDs or 

PAA-EG-QDs. Controls were prepared identically without QDs. Evapotranspiration from 

each tree, which is a major driver for uptake, was monitored daily by weighing the whole 

reactor and DI water was added to replace the solution loss except the 5
th

 day. On the 5
th

 

day, ¼-strength Hoagland solution instead of DI water was used to compensate for the 

nutrient loss. Fluorescence images of roots were taken for each treatment at various time 

points (4 h, 2 day and 11 day) under a UV lamp. Plants were harvested after either 2- or 

11- day exposure, and different plant tissues (root, stem and leaf) were separated and 

weighed at harvest. Roots were washed with 100 mL DI water to remove the QDs loosely 

attached on root surface and the rinse solution was collected for ICP-MS analysis. Then, 

plant tissues were dried at 90 ºC for at least 2 days to reach constant weight.  

3.4 Metal Concentration Measurement 

3.4.1 Ag concentration measurement 

Solution samples (12 mL) were taken from poplar hydroponic solutions amended 

with 10-nm Ag NPs or Ag
+
 (at 1 mg/L) on day 0, 1, 2, 5, and 11 after thoroughly mixing. 
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Total silver concentration (both Ag NPs and released Ag
+
) in solution was analyzed by 

ICP-MS after digestion with 70% HNO3 digestion at 90 ºC for 2 h. To quantify total 

silver accumulation in the plant, different plant tissues were separated after exposure 

without washing, and dried at over 80 ºC for at least 2 days prior to grinding with mortar 

and pestle at room temperature. For root tissue, measurements include the total amount of 

silver adsorbed on the root surface plus accumulated within the root. After weighing, 

tissue powders were digested with 67-70% TraceMetal grade nitric acid (A509, Fisher 

Scientific, Pittsburgh, PA) at over 70 ºC overnight. After cooling, an equal volume of 30% 

hydrogen peroxide (H2O2) was added and the mixture was incubated at over 70 ºC for at 

least 2 hours. The remaining solution was filtered with 0.2 µm sterile syringe filters 

(28145, VWR International, Radnor, PA) after diluting with deionized water and 

analyzed with ICP-MS. 

3.4.2 Cd and Se concentration measurement 

Plant samples include unexposed control tissues, spiked tissues and QD-exposed 

tissues. Dried plant tissues were homogenized by grinding with pestle and mortar. For 

spiked samples (root, stem and leaf), 1 mL stock solution (containing 537.2 mg/L Cd and 

594.3 mg/L Se) was added to weighed unexposed root tissues (around 300 mg) and 5 µL 

stock solution was added to weighed unexposed stem and leaf tissues. The digestion of 

solution and plant tissues samples followed a widely used method. [116] Briefly, all 

samples were weighed (around 300 mg) and digested with 6 mL trace metal grade 70% 

HNO3 at 90 ºC for 17 h.  After cooling down, 2 mL 30% H2O2 were added to the 

digestion tubes and heated at 90 ºC for another 3 h. The remaining solution was diluted 
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with MilliQ water and measured by ICP-MS after filtration. A series of standard solutions 

containing Cd and Se (0, 1, 2, 4, 8, 16, 32 µg/L) were prepared and a calibration curve 

was developed before analyzing the samples. The R
2
 for the calibration curve was above 

99.99%. Germanium (Ge) solution (65 µg/L) was used as internal standard throughout 

the measurement to correct for matrix effects. 1% HNO3 solution was used between 

samples to wash the instrument. All solution samples were digested with trace metal 

grade 70% HNO3 at 90 ºC for 2 h and analyzed with ICP-MS after filtration. The 

operation of ICP-MS was the same as for the plant samples. At least four replicates were 

prepared for each sample. 

3.6 Tissue processing and confocal microscopy 

To investigate the uptake of QDs by poplar roots, longitudinal sections of QDs 

exposed roots were prepared and analyzed with confocal microscopy. Two samples from 

two poplar trees were prepared for each treatment. Main root tip samples (around 1 cm 

long) were taken after 2- and 11-day hydroponic exposure to QDs. Fresh samples were 

fixed immediately in fixative (4% paraformaldehyde solution) and kept under vacuum for 

15 min, following by 2-h fixation at 4 ºC. After two washes with phosphate buffered 

saline (PBS), samples were moved into fresh fixative and left overnight at 4 ºC. On the 

second day, samples were infiltrated in 10% and 20% sucrose solution, following by 

embedding in optimum cutting temperature (O.C.T.) compounds. Longitudinal sections 

(20µm) were cut with a cryostat (Leica CM 1850 UV, Germany) and collected on 

Superfrost Plus glass slides covered with cover glasses. The mounting medium was 

Prolong Gold antifade reagents (Life Technologies Corporation, CA, USA). All other 
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chemicals were bought from Electron Microscopy Sciences (PA, USA). Imaging was 

performed on a Nikon A1-Rsi confocal system (Japan) using spectral detector (SD), as 

detailed in the supporting information.  

Imaging was performed on a Nikon A1-Rsi confocal system (Japan) using 

spectral detector (SD). It was set as 32 channels with 10 nm for each channel starting 

from 410 nm. Every obtained image is a spectral lambda stack, which consists of an 

image collection obtained at all the 32 channels. The wavelength of the excitation laser 

was 401 nm. The QDs fluorescence and plant auto-fluorescence were separated by the 

blind unmixed function (based on linear unmixed algorithms) in NIS-Elements 

Microscope Imaging Software (Nikon, Japan).  

 

Figure 3. 5 Nikon A1-Rsi confocal system. 
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  Chapter 4

 

Phyto-Stimulation of Poplars and Arabidopsis Exposed to Ag 

NPs and Ag
+
 at Sub-Lethal Concentrations 

 

Statement of Authorship: This chapter was adapted from a previously published 

work in Environmental Science and Technology [115].  As stated in the published paper, 

Yeonjong Koo, Anne Alexander and I are co-first authors for this work.  Yeonjong 

performed the Arabidopsis experiments; Anne examined the total Ag accumulation in 

poplar tissues while I analyzed the physiological effects of Ag NPs and Ag
+
 on poplar 

and wrote the paper.   

 

 

4.1 Introduction 

Ag NPs are currently the most widely commercialized nanomaterial [2]. Both 

coated and uncoated Ag NPs are produced by various companies [117]. The low 

manufacturing costs and broad-spectrum antimicrobial properties of Ag NPs make their 

use increasingly common in household antiseptic sprays, food packaging, clothes, and 

antimicrobial coatings of medical devices [118-123]. Of the 1,317 nanotechnology-
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enabled consumer products available in 2011, 313 products contained AgNPs compared 

to 91 products incorporating the second most popular class, carbon-based nanomaterials 

[2]. The widespread use of Ag NPs has increased the likelihood of accidental or 

incidental releases to the environment, underscoring the need to assess their fate and 

potential impacts to ecosystem health.  

Material flow analysis suggests that the majority of Ag NPs released from 

consumer products enter sewer systems and wastewater treatment plants, where they are 

eventually incorporated into sewage sludge and remain in the biosolids that are applied to 

agricultural fields [9-12]. Recent studies of silver speciation in wastewater treatment 

plants [12, 124] and freshwater mesocosms [125] suggests that sulfidation (i.e., Ag2S 

formation) is common, which can limit bioavailability and toxicity. Ag NPs are known to 

be potentially toxic to bacteria [126, 127], algae [128, 129], human cells [130, 131], and 

animal cells [132]. However, compared to the now hundreds of papers addressing Ag NPs 

aquatic toxicity, there are many fewer studies that consider how Ag NPs interact with 

terrestrial plants [45, 51-53, 55-58, 60, 128, 133].  

This is a critical knowledge gap because plants are cornerstones of most 

ecosystems and influence the overall fate and impact of many environmental pollutants 

[7]. Of particular relevance is the need for quantitative characterization of silver uptake 

by plants as a function of Ag NP properties (e.g., nanoparticle size and Ag
+
 dissolution 

kinetics) to enable predictions about environmental consequences of the diverse Ag NP 

forms and to determine whether Ag NPs accumulate in edible portions of the plant, which 

could lead to trophic transfer.  
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 The potential phytotoxicity of Ag NPs has been investigated in a few studies, and 

negative or inconsequential effects were reported after short-term exposure. For example, 

citrate-coated Ag NPs inhibited Arabidopsis thaliana seedling root elongation with a 

linear dose response from 67 to 535 µg/L after 2-week exposure, but seed germination 

was not affected [55]. Similar effects were observed for Lolium multiflorum, with 

inhibition of plant growth on agar medium becoming more pronounced as the 

concentration of (gum arabic-coated) Ag NPs increased from 1 to 40 mg/L [53]. Similar 

Ag NPs at 5 or 10 mg/L also reduced duckweed biomass after 72-hour hydroponic 

exposure [52]. Plants in the environment are likely to be exposed to much lower Ag NP 

concentrations (e.g., the occurrence of Ag NPs in surface waters was estimated at about 

0.1 ng/L in the US and 0.8 ng/L in Europe [9]), but the effect of Ag NPs at such lower 

concentrations or after long-term exposure has received limited attention. Furthermore, 

whereas uptake studies have been conducted with several types of nanoparticles [75, 84, 

96, 105, 106, 134], internalization and translocation by plants as a function of Ag NP 

properties and exposure concentrations remain poorly understood. Ag NPs have been 

detected inside Arabidopsis root cell walls and plasmodesmata; however, whether 

particles were taken up intact or some formed within the plant from assimilated Ag
+
 

released by Ag NPs is unclear [55, 135-138].  

This chapter characterizes the effects of Ag NPs on two plant species belonging to 

different genera - Arabidopsis and Populus (i.e., poplar trees) - to discern species-specific 

variability and commonalities in plant response. Both Arabidopsis and poplar are 

common model plants for studies of basic plant biology and of toxicity, bioaccumulation 
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and translocation of heavy metals and organic contaminants. To shed light on the effects 

of Ag NPs on plant physiology over a broad range of exposures, plants were exposed to 

Ag NPs of various sizes and to a wide range of concentrations (0.01 to 100 mg/L). 

Phytotoxicity was assessed by measuring effects on shoot and root growth, biomass 

accumulation and evapotranspiration relative to unexposed controls. To assess the role of 

released Ag
+
,
 
we also characterized the dissolution of Ag NPs in the hydroponic exposure 

medium and included analysis of plant responses to the presence of Ag
+
 (added as 

AgNO3). Through these efforts, we characterize more broadly dose-response 

relationships and total silver bioaccumulation among different plant compartments.  

4.2 Materials and methods 

4.2.1 Preparation and characterization of Ag NPs 

The commercial amorphous-carbon-coated 25-nm Ag NPs and the custom-made 

10-nm and 5-nm Ag NP water suspensions were prepared and stored in an anaerobic 

chamber as described in 3.1.1. All the Ag NPs were analyzed by TEM as described in 

3.1.1. TEM images showed that the Novacentrix 25-nm (27.3 ± 5.6 nm) Ag NPs were 

non-uniform in size and aggregated together after 15-day incubation in ¼-strength 

Hoagland solution (pH 6.8) [113], while the lab-generated 10- (10.4 ± 1.7 nm) and 5-nm 

(5.1 ± 0.3 nm) Ag NPs were uniform and did not significantly aggregate after 1-month 

incubation in ¼-strength Hoagland solution (Figure 4.1). The speciation of released Ag
+
 

from Ag NPs in the ¼-strength Hoagland solution was determined by Visual MINTEQ as 

described in 3.1.1. The main equilibrium speciation of dissolved silver in this medium 

were free Ag
+
 (94%) and AgCl (3.8%) at 0.01 to 1 mg/L (Table 4.1). 
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Dissolution of all Ag NPs in the plant growth medium was monitored for 11 days 

as described in 3.2.1. The released Ag
+
 was separated from Ag NPs through Amicon ultra 

centrifugal filter and the filtrate containing only Ag
+
 was analyzed by ICP-MS.  

Table 4.  1 Equilibrium speciation of Ag and their relative abundance in ¼-strength 

Hoagland solution modeled by Visual MINTEQ. 

Medium 

Total Ag 

concentration 

(mg/L) 

Relative abundance of Ag species (%) 

Ag
+
 

AgCl 

(aq) 

AgS

O4
-
 

AgNH3
+
 Ag(NH3)

2+
 

AgNO3 

(aq) 

¼-

strength 

Hoagland 

solution 

0.01 94.1 3.8 0.3 0.8 0.03 0.9 

0.1 94.1 3.8 0.3 0.8 0.03 0.9 

1 94.1 3.8 0.3 0.8 0.03 0.9 
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A.  

 

B. 

 

C.  

 

D.  

 

E.  

 

F.  

 

Figure 4. 1 TEM image of 25-nm Ag NPs before (A) and after (B) 15-day incubation in 

¼-strength Hoagland solution, 10-nm Ag NPs before (C) and after (D) 1-month 

incubation in ¼-strength Hoagland solution, and 5-nm Ag NPs before (E) and after (F) 

22-day incubation in ¼-strength Hoagland solution. Scale bar = 20 nm.  
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4.2.2 Arabidopsis growth and treatment 

Arabidopsis thaliana (ecotype Col-0) seeds were sterilized, as described 

previously [139] and sown singly in Araponics [140] seedholders filled with sterile 0.8% 

agar (1.01614, EMD Millipore chemicals, Darmstadt, Germany) in ¼-strength Hoagland 

solution (pH 6.8) [113]. Each seedholder was placed at the top of a 14-mL polypropylene 

tube (352059, Falcon, Franklin Lakes, NJ) containing 13 mL of sterile ¼-strength 

Hoagland solution with or without Ag NPs or AgNO3 (S7276, Sigma-Aldrich, St. Louis, 

MO), as indicated. The tubes were covered with foil to minimize light exposure. Racks 

holding the seedholders and tubes were placed under a transparent cover for two days, 

and the seedlings were allowed to grow under 16-h photoperiods, with 50 µmol·m
-2

·s
-1

 at 

22ºC. Under these conditions, seedling roots elongated through the agar plug and 

emerged below into the liquid medium within 10 days and the seedlings had developed 

two pairs of true leaves. At approximately 6 weeks of hydroponic growth using this 

system, flowers developed and seeds were produced. All plants were grown without 

silver until indicated ages, then seedholders harboring plants were transferred to new 

tubes containing Ag
+
 or Ag NPs for the indicated number of days as described in each 

figure legend.  

4.2.3 Poplar growth and treatment 

Poplar Ag NPs and Ag
+
 exposure experiments were conducted following the 

procedures described in 3.3.1. Briefly, one-month old healthy poplar trees were moved 

into 500 mL exposure reactors containing 400 mL ¼-strength Hoagland solution and a 

suitable amount of Ag NPs or Ag
+
 as indicated in the text. Negative controls and PEI 
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coating controls were also prepared identically. Evapotranspiration of each tree was 

monitored every day by weighing the reactors. DI water or ¼-strength Hoagland solution 

(only on the 5
th

 day) was added to replace to water or nutrient loss.  

4.2.4 Silver concentration measurements 

Silver concentration measurements for exposure medium and poplar tissues were 

described in 3.4.1. Briefly, solution samples (12 mL) were taken from hydroponic 

solutions in different treatments on day 0, 1, 2, 5, and 11 after thoroughly mixing. Total 

Ag concentration was analyzed by ICP-MS after digestion. Different plant tissues were 

separated after exposure and dried in the oven. All the samples were homogenized, 

digested with 70% HNO3 and 30% H2O2 at over 70 ºC and analyzed by ICP-MS after 

filtration. 

4.2.5 Arabidopsis growth and treatment on agar 

Arabidopsis thaliana, ecotype Col-0, seeds were germinated on 0.8% agar 

(1.01614, EMD Millipore chemicals, Darmstadt, Germany) with ¼-strength Hoagland 

solution (pH 6.8). All Arabidopsis plant growth was at 22 ºC under 16-hour photoperiods, 

with 50 µmol·m
-2

·s
-1

. For analysis of seedlings on solid media, germinated seedlings were 

gently transferred to fresh plates containing no additional supplements, Ag NPs or 

AgNO3, as indicated in text.  

4.2.6 Chlorophyll measurements 

Arabidopsis chlorophyll was extracted and quantified following the method 

described previously [141]. Leaf disks of one centimeter in diameter were incubated with 
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200 µL of 100% of methanol overnight at 4 ºC. After centrifugation at 14000 g for 5 

minutes, 100 µL supernatant was transferred to 96-well plates (3590, Costar, Corning, 

NY). Absorbance at 652 and 665 nm was read using a Tecan Infinite M1000 plate reader 

(Tecan, Research Triangle Park, NC). Chlorophyll content was determined using the 

following equation: Chlorophyll (g/mL) = [22.12(A652) + 2.71(A665)]. Values were 

normalized to fresh weight. 

4.2.7 Anthocyanin measurements  

Arabidopsis anthocyanin was quantified using a method previously described 

[142] with the following modifications. Leaf tissue (20 mg to 100 mg) was ground in 

liquid nitrogen and extracted with TRI reagent (TR118, MRC Inc., Cincinnati, OH). 

Chlorophyll was eliminated by extracting with chloroform and the collected water phase 

was analyzed at A530 and A657. Anthocyanin content was calculated by following equation. 

Anthocyanin = [A530 – 0.25(A657)]. 

4.2.8 Statistical analysis 

Whether differences in plant responses among treatments were significant was 

determined by one-way analysis of variance (ANOVA) followed by a post hoc multiple 

comparison test at the 95% significance level.  

4.3 Results and discussion 

4.3.1 Ag NPs enhanced poplar and Arabidopsis growth at some sub-lethal 

concentrations  
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We first examined the overt growth effects of commercially available 25-nm Ag 

NPs on both poplar and Arabidopsis, as the commercial Ag NPs are better candidates for 

environmental release than our custom-made Ag NPs. Exposure to low concentrations of 

Ag NPs enhanced poplar evapotranspiration and biomass growth, while high 

concentrations exerted toxicity. Specifically, Ag NPs at sub-lethal concentrations (1 mg/L, 

or about 1/100
th

 of the inhibitory level) increased poplar evapotranspiration by 42% 

compared to unexposed controls, while high concentrations (100 mg/L) significantly 

decreased evapotranspiration by 87% (p < 0.05, Figure 4.1A). Compared to control 

poplars, root and stem biomass were increased by 63% and 46%, respectively, after 

exposure to these Ag NPs at 1 mg/L for 11 days, but high concentrations (100 mg/L) 

reduced the fresh weights of roots, stems, and leaves by 87%, 42%, and 81%, 

respectively (p < 0.05, Figure 4.1B). Similarly, although Arabidopsis growth in agar 

medium was strongly inhibited at 100 mg/L of 25-nm Ag NPs, 1 mg/L enhanced growth, 

resulting in plants with more extensively expanded leaves (Figure 4.3A).  
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Figure 4. 2 Effects of 25-nm Ag NPs on poplar cumulative evapotranspiration (A) and 

fresh weight (B) of leaf, stem and root after 11-day hydroponic exposure. Asterisks (*) 

denote statistically significant (p < 0.05) phyto-stimulation compared to untreated 

controls. Hash signs (#) denote statistically significant (p < 0.05) inhibition. Error bars 

represent ± one standard deviation from the mean of 8 replicates. 
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Figure 4. 3 Effects of 25-nm Ag NPs on Arabidopsis. Five-day-old Arabidopsis plants 

were transferred to medium harboring various concentrations of Ag NPs.  Representative 

Arabidopsis plants were photographed after 3 weeks exposure to Ag NPs (A), and  root 

length measured at 1
st
, 5

th
 and 8

th
 days after exposure (B). Error bars represent ± one 

standard deviation from the mean of 10 replicates.   
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Because this is the first report of a stimulatory effect of Ag NPs on plant growth, 

we further investigated this phenomenon using custom-made Ag NPs of uniform size, 

which are less prone to aggregate and precipitate. Furthermore, the well-defined coating 

of the custom-made Ag NPs, which is similar to those used in previous studies [143], 

enabled experiments to test for potential effects of the coating itself. 

PEG-coated 10-nm Ag NPs and Ag
+
 were tested for physiological effects on 

poplars. Exposure to 0.1 mg/L of 10-nm Ag NPs significantly enhanced poplar 

evapotranspiration by 43% (p < 0.05, Figure 4.4A). The final fresh weight of roots, stems, 

and leaves was also increased relative to the control poplars by 48%, 50% and 39%, 

respectively (p < 0.05, Figure 4.4B). None of these stimulatory effects were observed at 1 

mg/L. Ag
+
 exerted stronger toxicity on poplar growth than Ag NPs, although it had 

similar stimulatory effects on evapotranspiration at sub-lethal concentrations (Figure 

4.4A). Exposure to PEG alone (at an equivalent concentration to that present in the 

stimulatory 0.1 mg/L 10-nm Ag NP dose) did not significantly enhance 

evapotranspiration (Figure 4.5). Thus, the stimulatory effects of Ag NPs were not due to 

the PEG coating. Ag
+
 significantly decreased poplar leaf (by 78%) and stem (by 37%) 

fresh weight at 1 mg/L (p < 0.05, Figure 4.4C), and poplars died after 11-day exposure. 

But at 0.1 mg/L, cumulative transpiration significantly increased by 40% (p < 0.05, 

Figure 4.4A). Ag
+
 did not significantly increase the plant fresh weight (Figure 4.4C).  
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Figure 4. 4 Effects of 10-nm Ag NPs and Ag
+
 on poplar cumulative evapotranspiration 

(A), 10-nm Ag NPs on poplar fresh weight (B), and Ag
+
 on poplar fresh weight (C) after 

11-day hydroponic exposure. Asterisks (*) denote statistically significant (p < 0.05) 

phyto-stimulation compared to untreated controls. Hash signs (#) denote statistically 

significant (p < 0.05) inhibition. Error bars represent ± one standard deviation from the 

mean of 8 replicates. 
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Figure 4. 5 Effects of 0.0686 mg/L PEG coating and 0.1 mg/L 10 nm Ag NPs coated with 

PEG on poplar cumulative evapotranspiration. The PEG coating concentration in the 0.1 

mg/L 10-nm Ag NPs was 0.0686 mg/L. Asterisks (*) shows significant differences (t test, 

p < 0.05) from unexposed controls. The enhancing effect of 0.1 mg/L 10 nm Ag NPs was 

due to the Ag NPs, not the PEG coating. 

 

Growth enhancing and toxic effects (at higher concentrations) were also apparent 

for Arabidopsis exposed to PEG-coated Ag NPs (5- and 10-nm) or Ag
+
. Moderate 

increases in overall rosette size and coloration were seen at 0.01 mg/L Ag
+
 and 0.05 mg/L 

Ag NPs (5- and 10-nm) whereas the rosette size became progressively smaller at higher 

concentrations, especially at 1 mg/L (Figure 4.6A). Root growth rate was completely 

inhibited at 1 mg/L of Ag NPs (p < 0.05, Figure 4.6B); however, 0.01 to 0.05 mg/L of 5-

nm Ag NPs or 0.01 to 0.02 mg/L of 10-nm Ag NPs increased root growth by 38% and 

20%, respectively (p < 0.05, Figure 4.6B). Ag
+
 also enhanced root growth at 

concentrations below 0.02 mg/L, but concentrations above 0.05 mg/L dramatically 
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impaired root growth (p < 0.05, Figure 4.6B); similar effects of silver salts have been 

reported previously [144]. Plant shoot growth in response to Ag NPs was similar to that 

seen in root growth assays (Figure 4.6C). Maximal shoot weight was obtained when 

plants were grown in the presence of 0.05 mg/L of 5-nm Ag NPs or 0.01 mg/L of Ag
+
; 

toxicity was apparent when plants were grown in the presence of 1 mg/L 5-nm Ag NPs, 

or > 0.1 mg/L Ag
+
 (p < 0.05, Figure 4.6B). Only when grown in the presence of 1 mg/L 

of Ag
+ 

or Ag NPs, Arabidopsis leaves showed signs of chlorosis and chlorophyll content 

was reduced to approximately 20% of the chlorophyll level found in Arabidopsis grown 

in the absence of silver (p < 0.05, Figure 4.7A). Anthocyanin accumulation, an additional 

sign of stress, was increased more than five-fold in Arabidopsis grown with either 1 mg/L 

of Ag
+ 

or Ag NPs over that present in Arabidopsis grown without silver (p < 0.05, Figure 

4.7B). Similar growth enhancing and toxic effects were observed when Arabidopsis 

seedlings were grown on solid agar medium supplemented with the various silver 

additives (p < 0.05, Figure 4.8). Overall, Ag
+
 exerted similar effects as Ag NPs (phyto-

stimulatory at low doses and toxic at higher doses) at similar or much lower 

concentrations, possibly because of more efficient uptake (Figure 4.11 and 4.13).  
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Figure 4. 6 Effects of Ag
+
 and 5- and 10-nm Ag NPs on Arabidopsis overall shoot 

phenotype (A), root elongation (B), and shoot fresh weight (C). Photographs (A) show 

Arabidopsis plants exposed to Ag
+
 or Ag NPs for two weeks. Asterisks (*) denote 

statistically significant (p < 0.05) phyto-stimulation compared to untreated control, and 

hash signs (#) denote statistically significant (p < 0.05) inhibition. Error bars represent ± 

one standard deviation from the mean of 6 (B) or 3 (C) replicates. 
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Figure 4. 7 Effects of Ag

+
 and Ag NPs (5 and 10 nm) on 2-week-old Arabidopsis leaf 

chlorophyll (A) and anthocyanin (B) content after 1-week hydroponic exposure with Ag
+
 

or Ag NPs.  Error bars represent ± one standard deviation from the mean of 3 replicates.   

 

 
Figure 4. 8 Effects on root growth of 5- or 10-nm Ag NPs and Ag

+
 on 5-day-old 

Arabidopsis after 3 day exposure in agar medium. Letters denote statistically significant 

(p < 0.05) phyto-stimulation compared to untreated controls. Error bars represent ± one 

standard deviation from the mean 4 replicates.   
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It is unlikely that this stimulatory effect was due to suppression of potential 

pathogens because of the relatively short duration of exposure and because the plants 

were grown pest-free for one month prior to exposure. Furthermore, although we cannot 

rule out a potential stimulatory effect due to the proprietary coating of the commercial 

25-nm Ag NPs, no role for the PEG coating on the custom-made Ag NPs was detectable. 

Although further studies are required to discern the specific underlying phyto-stimulation 

mechanisms, the literature provides some insights into possible modes of action. Ag NPs 

have been reported to stimulate the photosynthetic system of cyanobacteria 

(Synechocystis sp. PCC6803), due to plasmon resonance [48]. Other metallic 

nanoparticles have also been reported to exert biostimulation through different 

mechanisms. TiO2 nanoparticles stimulated spinach growth apparently by promoting light 

energy utilization efficiency during photosynthesis (5 µM) [31] and by enhancing active 

carbon fixation through up-regulation of the RuBisCO activase gene (0.25%) [30, 32, 145]. 

However, the contribution of dissolved titanium, which also has a phyto-stimulatory 

effect [146], was not considered in these studies. In a separate study, 20-nm Al2O3 NPs 

increased Lemna minor growth at 1000 mg/L by possibly enhancing photosynthetic 

efficiency [42], while dissolved Al
3+

 (added as Al2(SO4)3) inhibited growth at 0.81 mg/L. 

These latter studies underscore the importance to consider the effect of released metal 

ions.  

Released Ag
+
 from Ag NPs may act through known effects of silver on plants. 

Silver blocks ethylene receptor function [147-149] and enhances efflux of the auxin 

indole-3-acetic acid from roots [150]. Low levels of silver in growth media have been 
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reported to enhance Arabidopsis root elongation whereas high levels inhibit root growth 

[150]. Therefore, released Ag
+
 may affect phytohormone levels and function to confer the 

observed plant growth effects (Figure 4.2 and Figure 4.6). Alternatively, this response 

could be related to hormesis, which is a biphasic dose response in which the presence of 

low doses of toxicants can activate repair mechanisms that overcompensate for the 

exposure [151-153]. Accordingly, hormesis is characterized by low-dose stimulation and 

high-dose inhibition, and has been demonstrated to occur in various biological models 

with different chemical agents [154]. Whether hormesis is part of a global metabolic 

response to stress exerted by Ag NPs or other nanomaterials, and the detailed mode of 

action, remain to be determined.  

4.3.2 Effects of released Ag
+ 

 

The extent to which the observed effects were exerted mainly by Ag
+
 released 

from the Ag NPs or to “nanoparticle-specific” effects is unclear. The continuous 

dissolution of Ag NPs in the growth medium, as well as the potential formation of 

nanoparticles from Ag
+
 on root surfaces [55, 135] and in planta [135, 136, 138], make it 

difficult to differentiate ion from particle effects. As mentioned above, Ag
+
 is known to 

affect plant growth by altering perception and/or responses to phytohormones [147-150, 

155]. However, some “nanoparticle-specific” effects were likely exerted. For example, 

exposure to 5-nm Ag NPs at 1 mg/L (including 0.12 mg/L of released Ag
+
 in the 

hydroponic solution) decreased poplar fresh weight significantly (Figure 4.9). Yet, 

exposure to Ag
+
 alone at 0.1 mg/L, which is similar to the amount released in the former 

treatment, had a stimulatory effect (Figure 4.4C). Similarly, poplar growth was enhanced 
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in the presence of 10-nm Ag NPs at 0.1 mg/L (1.6 g/L released Ag
+
) (Figure 4.4A) or 

25-nm Ag NPs at 1 mg/L (11 g/L released Ag
+
) (Figure 4.2A), but the measured Ag

+
 in 

these hydroponic solutions was too low to account for the observed stimulatory effects.  

 

Figure 4. 9 Fresh weight change percentage of poplar during the 7-day exposure to 5-nm 

Ag NPs. Asterisk (*) shows statistically significant (p < 0.05, t test) difference from the 

change at 0 mg/L. Error bars represent +/- one standard deviation from the mean of 4 

replicates.  

 

4.3.3 Silver uptake by plants during hydroponic growth  

Both poplar and Arabidopsis removed Ag
+
 faster than PEG-coated Ag NPs at 

equivalent concentrations (e.g., 1 mg/L) from the hydroponic solutions, indicating faster 

uptake of Ag
+
. Total silver concentration in poplar hydroponic solution decreased much 

faster when present as Ag
+
 (1 mg/L) than as 10-nm Ag NPs at the same concentration, 

especially on day 1 and day 2 (p < 0.05) (Figure 4.10), despite the inhibitory effect of Ag
+
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on evapotranspiration at this concentration (Figure 4.4A). Similarly, Arabidopsis 

accumulated more silver when present in the hydroponic solutions at 1 mg/L as Ag
+
 (70% 

of the added silver) than as 5-nm Ag NPs (20%) (Figure 4.11). 

Both Ag
+
- and Ag NP-exposed Arabidopsis had the highest accumulation of silver 

associated with roots (Figure 4.11B and 4.11C), similarly to that reported for Lolium 

multiflorum [53]. The darker color of Arabidopsis roots exposed to 1 mg/L 5-nm Ag NPs 

(which is a sub-lethal dose) suggests that much of the NPs were adsorbed to the root 

surface (Figure 4.12).  

 
Figure 4. 10 Decrease in total silver concentration remaining in the poplar hydroponic 

solution compared to day 0 (C0 =1 mg/L). Asterisks (*) denote statistically significant (p 

< 0.05, t test) decrease of the total silver residual percentage in Ag
+
 hydroponic solution 

compared to that in the 10-nm Ag NPs solution on the same day. Error bars represent ± 

one standard deviation from the mean of 8 replicates.  
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Figure 4. 11 Silver accumulation in Arabidopsis. Silver concentration in 6-week-old plant 

shoot organs after 3-day hydroponic exposure to 1 mg/L Ag
+
 or 5-nm Ag NPs (A). 

“Reproductive” refers to flower, silique and floral bud organs. Error bars represent ± one 

standard deviation from the mean of 6 replicates. The distribution of silver in 6-week-old 

plants after 3 days of exposure to 1 mg/L Ag
+
 (B) or 5-nm Ag NPs (C) is depicted. 

“Aerial” includes the combined amount detected in leaf, stem and reproductive organs. 

n=3. Differences in distribution percentages are statistically significant (p < 0.05, t-test) 

(Table 4.2). 
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Table 4.  2 Silver accumulation detected in hydroponically grown Arabidopsis after 3 

days of exposure to 1 mg/L of Ag
+
 or 5-nm Ag NP. 

  Ag quantity (ng)   

  Ag
+
 Ag NP (5-nm) t-test 

Media 1303 ± 197 3010 ± 375 p<0.01 

Root 2993 ± 208 956 ± 80 p<0.01 

Aerial 71 ± 15 36 ± 6 p<0.05 

Total 4367 ± 260 4001 ± 329   

 

 

Figure 4. 12 Root color of hydroponically grown 4-week-old Arabidopsis were exposed 

to an additional week of hydroponic growth in the absence of treatment (NT) or in the 

presence of 1 mg/L 5-nm Ag NPs. 

The mass of silver accumulated in poplar tissues cannot be explained solely by 

uptake of Ag
+
 released in the hydroponic solution (Table 4.3), which suggests specific Ag 

NP effects, including possible nanoparticle uptake as suggested by other studies [55, 133]. 

Among shoot organs, Arabidopsis leaves were the most prominent site for silver 

accumulation in plants exposed to Ag
+
 or 5-nm Ag NPs, with ten-fold higher 

accumulation than in the stem or flower tissues (Figure 4.11A). In contrast, total silver 

concentrations in the leaves and stems of poplars exposed to Ag
+
 or Ag NPs (25-nm and 
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5-nm) were statistically indistinguishable (Figure 4.13). Therefore, the distribution of 

silver accumulation in plant aerial parts was species dependent.  

Table 4.  3 Mass of Ag assimilated by poplar leaves in the Ag NP treatments compared 

with the potential Ag mass assimilated as Ag
+
. 

Ag mass (µg) 
25 nm Ag NPs 5 nm Ag NPs 

0.1 mg/L 1 mg/L 0.1 mg/L 1 mg/L 

Total Ag assimilated by 

poplar leaves 
1.4 6.4 4.8 2.0 

Released Ag
+
 in hydroponic 

solution 
0.2 4.4 2.6 48.5 

Potential Ag assimilated as 

Ag
+
 

0.1 2.5 1.0 17.6 

 

 

Figure 4. 13 Total silver concentrations in poplar leaves and stems after 7-day hydroponic 

exposure. Asterisks (*) denote statistically significant (p < 0.05, t test) change of 

accumulated Ag concentration in 1 mg/L silver treated poplar tissues compared to that in 

the same silver treatments at 0.1 mg/L. Error bars represent ± one standard deviation 

from the mean of 8 replicates. 
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Table 4.  4 Concentration (µg/L) of Ag
+
 released from Ag NPs after 11 day incubation in 

¼-strength Hoagland solution without plants. 

Ag NP size 5nm 10 nm 25 nm 

0.1ppm 6.5±0.9 1.6±0.6 0.5±0.1 

1 ppm 121.1±13.9 17.1±2.3 11.0±0.8 

10 ppm   189.0±26.4 

100 ppm   738.8±27.2 

 
4.3.4 Effect of nanoparticle size  

Particle size has been reported to affect Ag NP toxicity [64, 156, 157], with 

smaller particles typically offering a larger specific surface area that enables more 

interaction with cells [156] as well as faster Ag
+
 release due to enhanced curvature [157]. 

Even though differences in NP coatings in this study could confound the toxicity 

comparisons across the tested particle sizes, the smaller 5- and 10-nm Ag NPs (with 

higher specific surface area) dissolved faster in ¼-strength Hoagland solution (Table 4.4) 

and also exerted higher toxicity to both Arabidopsis and poplar than the 25-nm Ag NPs at 

the same exposure concentration.  

Total silver accumulation by poplars was influenced by both particle size and 

hydroponic concentration. Within the sub-inhibitory concentration range, Ag
+
 was likely 

more easily taken up than Ag NPs, as indicated by significantly (p < 0.05) higher total 

silver accumulation in plant tissues at 0.1 mg/L (Figure 4.13).  Furthermore, smaller 

particles generally resulted in higher silver accumulation, although it is not clear whether 

this reflects easier direct translocation or faster release (and subsequent uptake) of Ag
+
, or 
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both. For poplars exposed to 0.1 mg/L, the highest accumulation of silver occurred for 

treatments with Ag
+
, followed by treatments with 5-nm Ag NP, and the lowest extent of 

accumulation was observed in trees exposed to 25-nm Ag NPs (Figure 4.13). This is 

consistent with the lower stimulatory concentration of 5- or 10-nm Ag NPs (0.1 mg/L) on 

poplar growth compared to 25-nm Ag NPs (1 mg/L) (Figure 4.2 and 4.4), which might be 

due to the easier silver accumulation (and/or faster dissolution) with smaller Ag NPs. For 

a given type of Ag NP within their sub-inhibitory domain, silver accumulation increased 

with exposure concentration and evapotranspiration. For poplars exposed to 25-nm Ag 

NPs, total silver accumulation in leaves increased significantly (p < 0.05, t test) from 0.5 

± 0.06 µg/g for the 0.1 mg/L dose to 2.2 ± 0.72 µg/g for the 1 mg/L dose (Figure 4.13). 

However, when evapotranspiration was inhibited at higher silver concentrations, silver 

accumulation decreased. For instance, tissue accumulation of silver in plants exposed to 1 

mg/L Ag
+ 

was significantly (p < 0.05, t test) less than that of plants exposed to 0.1 mg/L 

Ag
+
 (Figure 4.13) likely due to the inhibitory effects exerted by the higher concentration 

(Figure 4.4A). The higher accumulation of silver in poplars exposed to 25-nm Ag NP 

compared to 5-nm Ag NPs (both at 1 mg/L) was likely due to the stimulatory effect on 

evapotranspiration by 25-nm Ag NPs (Figure 4.2A), as well as the inhibitory effect of 5-

nm Ag NPs (Figure 4.9) at this concentration.  Thus, compared to larger Ag NPs, the 

greater silver accumulation associated with smaller Ag NPs can be offset by the toxic 

effect exerted at lower concentrations. 

4.3.5 Implication for environmental impact of Ag NPs 

Previous studies reported the phytotoxicity of Ag NPs at relatively high 
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concentrations, which was corroborated by this study. Nevertheless, the observed 

stimulation at sub-lethal concentrations precludes generalizations about the phytotoxicity 

of NPs. Whether this phenomenon can be exploited to enhance primary productivity 

requires better quantitative understanding of the mechanism underlying potential 

photosynthesis enhancement or hormetic effects. The similar effects of Ag NPs and Ag
+
 

on both poplars and Arabidopsis, and the difficulty to separate Ag NPs from Ag
+ 

that is
 

constantly released during exposure, preclude us from discerning whether Ag NPs 

exerted particle-specific toxicity; the main critical effector could have been Ag
+
. Similar 

inferences have been made in recent studies that demonstrated that the antibacterial 

activity of Ag NPs was solely due to released Ag
+
 [143]. Regardless of phytotoxicity 

mechanisms, the accumulation of silver in plant tissue and the plant-species-dependent 

distribution in shoot organs calls for further study to quantify the translocation and 

accumulation of Ag NPs in edible parts of important food crops.  
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  Chapter 5

      Uptake, Translocation and Transformation of Quantum 

Dots with Cationic versus Anionic Coatings by Populus 

deltoides × nigra Cuttings 

  

 

This chapter was adapted from a previously published work in Environmental 

Science and Technology [158].  

 

 

5.1 Introduction 

Quantum dots (QDs) are semiconductor nanoparticles (NPs) that offer valuable 

functionality for cellular labeling, drug delivery, solar cells and quantum computation 

[159-161]. Their fluorescent properties are particularly useful for bio-imaging [162], 

making them convenient models to visualize NP uptake by a wide variety of organisms 

[111, 112, 159, 163, 164]. QDs typically consist of a metallic core (typically CdSe, CdTe, 

ZnSe, or PbSe) surrounded by a zinc or cadmium sulfide shell that is coated by a polymer 
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that mitigates aggregation and stabilizes the core [162, 165]. Manipulation of this organic 

coating (e.g., by modulating charge or hydrophobicity, or by including recognition agents 

such as antibodies) can influence their physicochemical properties and enable more 

targeted delivery for biomedical imaging and photothermal therapy [162, 166, 167]. 

When QDs or other NPs are incidentally or accidentally released to ecosystems, their 

surface coatings could also modulate their mobility and uptake by different organisms, 

such as plants. 

Discerning how NP coatings affect their accumulation and fate in plants is critical 

for understanding uptake and translocation processes, as well as mitigating NP 

bioaccumulation and introduction into food webs. Some studies have investigated the 

vegetative uptake and translocation of various NPs (e.g., Au [84, 87, 168], Al [95], CeO2 

[25, 102], and TiO2 [37, 134] ) and NP translocation to reproductive organs has also been 

reported [104, 169]. However, very few studies have considered the effect of coatings on 

this process [168, 170]. Zhu et al. exposed four different herbaceous plants to Au NPs 

coated by polymers with the same inside functional groups (alkane thiol and ethylene 

groups) but different terminal functional groups (i.e., amino, hydroxyl or carboxyl groups) 

[168]. They found that positively charged NPs were most efficiently taken up by roots 

while negatively charged NPs showed the highest translocation potential even though 

they had the lowest tendency to accumulate in roots. Easier translocation of anionic than 

cationic Au NPs was also observed for rice after 5-day or 3-month hydroponic exposure 

[170]. Nevertheless, the mechanisms by which different coating properties affect NP 

plant uptake through roots and subsequent translocation remain poorly understood. 

Moreover, it is unknown whether the uptake and translocation of NPs by woody trees, 
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which have woody roots and stems and well defined vascular system, follow the same 

trends as for herbaceous plants. This is a critical knowledge gap, because woody plants 

are the primary producers in most terrestrial ecosystems. 

When plants take up xenobiotic compounds, they can detoxify or 

compartmentalize the contaminants through various biochemical processes [171, 172]. 

Plant response can often be correlated to the physicochemical properties of the foreign 

substances, such as hydrophilicity [173, 174]. Biotransformation of various NPs within 

plants, including CuO [68, 75], TiO2 [37], ZnO [26, 68], Ni(OH)2 [80], La2O3 [81], 

Yb2O3 [82] and CeO2 [104, 107] has been reported. Whereas these studies confirmed NP 

transformations using advanced spectroscopic methods such as X-ray scanning 

transmission microscopy (STXM) and X-ray absorption near edge structure (XANES) 

analysis, it is unclear how the mechanisms, rate and extent of phytotransformation were 

influenced by NP coating properties.  

In this study, we characterized the uptake and translocation of CdSe/CdZnS QDs 

by woody poplar trees and compared the effects of cationic versus anionic organic 

coatings on these processes, using confocal microscopy. This technique has been widely 

used to visualize the uptake of QDs by different organisms [94, 111, 159, 175]. Spectral 

imaging, which has been proven effective for separating the QDs fluorescence signal 

from tissue autofluorescence [159], was also used to investigate QD distribution inside 

the plant. We also investigated how the charge of the QD coating affects uptake and 

translocation dynamics by quantifying the internalized Cd and Se concentrations at 

different time points.  Transformation of QDs was explored by analyzing the QD spectral 

profiles.   
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5.2 Materials and Methods  

CdSe/CdZnS QDs coated with cationic ( = 25.7 ± 3.9 mV) polyethylenimine 

(PEI) or poly (ethylene glycol) of anionic ( = -21.3 ± 1.2 mV) poly(acrylic acid) (PAA-

EG) were synthesized as described before [109-112]. Their TEM image and metal 

contents were measured as described in 3.1.2. Both QDs have similar uniform core size 

(4 nm), shape and stability in distilled water as shown by TEM image (Figure 5.1). Their 

metal contents were also comparable. One nano-mole of PEI-QDs contains 70.5±0.6 μg 

Cd, 45.0±0.9 μg Zn, and 17.8±0.4 μg Se, while that for PAA-EG-QDs was 78.1±0.8 μg 

Cd, 41.4±0.1 μg Zn, and 27.4±2.0 μg Se, respectively. As described in 3.1 and 3.2, zeta-

potential, hydrodynamic size, dissolution rate in plant growth medium and fluorescence 

spectra of both types of QDs were also measured.  

                      

                                           PEI-QDs                    PAA-EG-QDs                

Figure 5. 1 TEM images of PEI-QDs and PAA-EG-QDs dispersed in water. These QDs 

have similar uniform core size distribution and shape, and were well dispersed. 

One-month old healthy poplar trees were exposed to 50 nM PEI-QDs and PAA-

EG QDs for either 2 or 11 days as described in 3.3.2. Controls were prepared identically 

without QDs. Evapotranspiration from each tree, which is a major driver for uptake, was 
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monitored daily. Root cryo-section samples for each treatment were collected and 

prepared at day 2 and day 11. Imaging was performed on a confocal microscope using 

spectral detector as described in 3.6. At harvest, different plant tissues were separated and 

dried in the oven. The total concentration of Cd and Se in plant tissues were analyzed 

with ICP-MS after digestion as described in 3.4.   

Whether the accumulation of Cd and Se in QDs exposed poplar tissues was 

significant compared to that in controls was determined by Student’s t-test at the 95% 

confidence level.  

5.3 Results and Discussion  

Most manufactured nanoparticles (NPs) are synthesized with surface coatings that 

enhance their biocompatibility, stability and usefulness. Such coatings reduce NP 

aggregation and precipitation, mitigate the release of potentially toxic constituents, and 

modulate NP mobility when released into biological or environmental systems [176-182]. 

Yet, the influence of coatings (and their associated surface charge) on NP uptake, 

biotransformation, and bioaccumulation by terrestrial organisms has received limited 

attention in the literature, which motivated this study. 

5.3.1 Cationic PEI-QDs were taken up faster than anionic PAA-EG-QDs by poplar 

roots  

QD fluorescent signals were detected after two days in the longitudinal sections of 

poplar roots exposed to PEI-QDs or PAA-EG-QDs (Figure 5.2A-B and 5.3A-B), but not 

in untreated controls (Figure 5.4), demonstrating plant uptake of QDs. Some PAA-EG-
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QDs reached the stele possibly through the endodermis (Figure 5.3A-B). It is unlikely 

that these QDs entered at the root tip, where the casparian strip is not formed [183], since 

the PAA-EG-QDs fluorescence signal was not detected in the root tip after 2-day 

exposure (Figure 5.5).   
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Figure 5. 2 Distribution of PEI-QDs in longitudinal sections of poplar root after 2-day 

exposure (A), as well as in root tip (D) and root (G) after 11-day exposure. The spectral 

unmixed images (B, E, H) of these three original fluorescence images (A, D, G) were 

obtained based on the blind spectral unmixed analysis (C, F, I). In the spectral unmixed 

images (B, E, H), PEI-QDs fluorescence is shown in red and plant autofluorescence in 

green and blue. In blind spectral unmixed analysis results (C, F, I), PEI-QDs fluorescence 

spectrum is shown in red and plant autofluorescence spectra in green and blue. Due to 

aggregation of the QDs cores, the unmixed QDs emission peak red-shifted to 670 nm, 

which is probably the highest emission wavelength for CdSe type of QDs. Tissues: 

epidermis (Ep), cortex (Co), endodermis (En), stele (St). Bars: 20 μm (A, B), 50 μm (D, 

E, G, H).  
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Figure 5. 3 Distribution of PAA-EG-QDs in longitudinal sections of poplar root after 2-

day exposure (A), as well as in root tip (D) and root (G) after 11-day exposure. The 

spectral unmixed images (B, E, H) of these three original fluorescence images (A, D, G) 

were obtained based on the blind spectral unmixed analysis (C, F, I). In the spectral 

unmixed images (B, E, H), PAA-EG-QDs fluorescence is shown in red and plant 

autofluorescence in green and blue. In blind spectral unmixed analysis results (C, F, I), 

PAA-EG QDs fluorescence spectrum is shown in red and plant autofluorescence spectra 

in green and blue. Due to aggregation of the QDs cores after 2 day exposure, the unmixed 

QDs emission peak red-shifted to 670 nm (C), which is probably the highest emission 

wavelength for CdSe type of QDs. Tissues: epidermis (Ep), cortex (Co), endodermis (En), 

stele (St). Bars: 20 μm (A, B), 50 μm (D, E, G, H). 
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Figure 5. 4 Confocal images of longitudinal sections of untreated control poplar root after 

2-day incubation (A) as well as of root tip (D) and root (G) after 11-day incubation. The 

spectral unmixed images (B, E, H) of these three original fluorescence images (A, D, G) 

were obtained based on the blind spectral unmixed analysis (C, F, I). In the spectral 

unmixed images (B, E, H), plant autofluorescence is shown in green and blue. In blind 

spectral unmixed analysis results (C, F, I), plant autofluorescence spectra are shown in 

green and blue. Tissues: epidermis (Ep), cortex (Co), endodermis (En), stele (St). Bars: 

100 µm. 
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Figure 5. 5 Confocal images of longitudinal sections of poplar root tip after 2-day-PAA-

EG-QDs exposure (A). The spectral unmixed image (B) of the original fluorescence 

image (A) was obtained based on the blind spectral unmixed analysis (C). In the spectral 

unmixed image (B), plant autofluorescence is shown in green and blue. In blind spectral 

unmixed analysis results (B), plant autofluorescence spectra are shown in green and blue. 

Based on the spectral analysis, only plant autofluorescence was detected in the image and 

no QDs fluorescence signal was detected. Tissues: epidermis (Ep), cortex (Co). Bars: 20 

µm. 

 
Positively-charged PEI-QDs were adsorbed and/or assimilated by the roots faster 

than negatively-charged PAA-EG-QDs, resulting in faster removal from the hydroponic 

medium (Figure 5.6A and Table 5.1) even though PEI-QDs had a larger hydrodynamic 

size and aggregated to a higher extent in the exposure medium (Table 5.2). Differences in 

evapotranspiration cannot explain the faster uptake of PEI-QDs since the 11-day 

cumulative evapotranspiration of poplars exposed to these QDs was slightly lower than 

for poplars exposed to PAA-EG-QDs and significantly lower (p < 0.05) than for untreated 

controls (Figure 5.7), suggesting these poplars were under stress. However, the fresh 

biomass and dry biomass of different poplar tissues were not affected by QDs exposure 

(data not shown). Apparently, the difference in uptake rates of the two types of QDs was 

influenced mainly by differences in their surface charge. The plant cell wall is negatively 
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charged because it contains high concentrations of uronic acids [184, 185]. Electrostatic 

attraction between the root cell wall and the cationic PEI-QDs may facilitate adsorption 

on the root epidermis and subsequent uptake. In contrast, electrostatic repulsion between 

root surface and anionic PAA-EG-QDs may slow down the uptake process. This is 

consistent with Au NP uptake studies by different herbaceous plants [168, 170], which 

found that cationic Au NPs were most readily taken up than neutral or anionic Au NPs. 

Thus, electrical potential is an important uptake driving force for NPs with ionized 

coatings interacting with both woody and herbaceous plants in hydroponic systems. 



105 

 

   

 

 

Figure 5. 6 Cd and Se concentration in poplar root (A), stem (B) and leaf (C) after 

exposed to PEI-QDs or PAA-EG-QDs for 2 and 11 days. Stars (*) denote the statistically 

significant accumulation of Cd or Se in treated poplar tissues compared to the unexposed 

controls (p < 0.05). The significantly higher concentration of Se in stems and leaves of 

poplars exposed to PEI-QDs than in unexposed controls was probably due to the 

translocation of Se ions released from PEI-QDs. Error bars represent ± 1 standard 

deviation (n = 5). 
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Table 5. 1 Percentage of Cd and Se remaining in hydroponic medium and attaching on 

root surface after 2- and 11-day exposure. For each group, n = 3 and values are averages 

± 1 standard deviation. 

QDs 
Time 

(days) 

Hydroponic medium Root surface 

Cd Se Cd Se 

PEI-QDs 
2 36.6 ± 16.8 27.9 ± 8.0 3.5 ± 2.1 3.5 ± 2.9 

11 12.4 ± 10.5 7.8 ± 5.3 3.2 ± 1.6 2.8 ± 1.8 

PAA-EG-QDs 
2 91.1 ± 2.0 76.5 ± 6.7 0.9 ± 0.2 0.6 ± 0.4 

11 87.3 ± 3.8 72.9 ± 10.8 1.0 ± 0.2 0.8 ± 0.2 

 
Table 5. 2 Zeta potential and hydrodynamic size of PEI-QDs and PAA-EG-QDs before 

and after 11-day incubation in ¼-strength Hoagland solution. Asterisks (*) denote the 

statistically significant (p < 0.05) changes of ζ-potential or hydrodynamic size on day 11 

compared to day 0. For all the tests, n = 3 and values are averages ± 1 standard deviation. 

 PEI-QDs PAA-EG-QDs 

ζ-potential day 0 25.7 ± 3.9 mV -21.3 ± 1.2 mV 

ζ-potential day 11 23.3 ± 1.7 mV -18.8 ± 1.6 mV 

   Hydrodynamic size day 0 35.3 ± 6.6 nm 19.5 ± 7.2 nm 

Hydrodynamic size day 11 683.8 ± 89.1 nm* 40.9 ± 22.0 nm 
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Figure 5. 7 Cumulative evapotranspiration of untreated controls and poplars exposed to 

50-nM PEI- or PAA-EG-coated QDs over 11-day exposure period. The star (*) denotes 

significant (p < 0.05) decrease of evapotranspiration compared to untreated controls. 

Error bars represent ± 1 standard deviation (n = 5).  

Consistent with faster uptake of cationic QDs, poplar roots accumulated Cd and 

Se at significantly higher concentrations following 2-day exposure to larger PEI-QDs 

(2286 ± 174 ng Cd/mg root, 902 ± 100 ng Se/mg root) than to PAA-EG-QDs (157 ± 55 

ng Cd/mg root, 62 ± 15 ng Se/mg root) (Figure 5.6A, p < 0.05). Accordingly, only 37 ± 

17% of the total added Cd remained in the hydroponic solution after 2-day exposure to 

PEI-QDs, compared to 91 ± 2% for PAA-EG-QDs (Table 5.1). For both QD treatments, 

the amount of Cd released as ions in the hydroponic solution was much smaller than that 

internalized by poplars (Table 5.1 and Figure 5.8C), suggesting that most of the 

internalized Cd taken up as QDs rather than as released Cd ions. QDs loosely adsorbed 

on the root surface were collected by multiple washing with DI water; this fraction was 

relatively small (about 3.5% for roots exposed to PEI-QDs, and 1% for roots exposed to 
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PAA-EG-QDs on day 2, Table 5.1), corroborating that Cd removed from hydroponic 

solution was mainly internalized by the poplars. Only a slight increase in total Cd and Se 

accumulation was observed after 11 days (2,457 ± 858 ng Cd/mg root and 1,059 ± 282 ng 

Se/mg root for poplars exposed to PEI-QDs, versus 196 ± 54 ng Cd/mg root and 89 ± 26 

ng Se/mg root for poplars exposed to PAA-EG-QDs), indicating a decrease in uptake rate 

over time (Figure 5.6A). 

It is unlikely that the amino groups in the cationic coating (PEI) used in this study 

and in previous studies with herbaceous plants [168, 170] significantly encouraged 

uptake as N source for plant growth, because the abundant NH4
+
 (1 mM) and NO3

-
 (3.5 

mM) present in the ¼-strength Hoagland solution accounted for 96% of the total nitrogen 

in the medium. Nevertheless, the presence of some forms of nitrogen in NP coatings may 

influence uptake in nitrogen-limited systems. For example, Whiteside et al. conjugated 

different amino acids to commercial carboxyl QDs and tracked their uptake by annual 

bluegrass (Poa annua) [94]. They found that QD-glycine (labile organic nitrogen) was 

taken up and translocated by bluegrass, while QD-chitosan (recalcitrant organic nitrogen) 

or bare QDs were not internalized.  
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Figure 5. 8 QD stability in ¼-strength Hoagland solution during 11-day incubation. (A) 

QD fluorescence spectra on day 0. (B) QD fluorescence spectra on day 11. (C) Release 

percentage (released metal mass/total metal mass added) of Cd and Se from QDs during 

the incubation. The excitation wavelength was 401 nm. For (C), error bars represent ± 1 

standard deviation (n = 3). 

 



110 

 

   

 

5.3.2 Neither anionic nor cationic QDs were significantly translocated to poplar 

shoots  

The lack of detection of Cd and Se in shoot tissues of poplars exposed 

hydroponically to PAA-EG-QDs demonstrated their inefficient translocation from roots 

to shoots, while the low levels of Cd and Se detected in leaves and stems of poplars 

exposed to PEI-QDs suggests that (unlike uptake) translocation occurred mainly in the 

form of released ions rather than QDs (Figure 5.6B-C). For the PAA-EG-QD treatment, 

accumulation of Cd and Se in poplar shoots was insignificant on day 11 (p > 0.05, Figure 

5.6B-C), even though confocal microscopy showed that some PAA-EG-QDs reached the 

stele through the endodermis (Figure 5.3A-B); this indicates slow translocation of QDs 

through the vascular system. For PEI-QDs, accumulation of Cd in poplar shoots after 11 

days was only observed in stems (p < 0.05), but the measured concentration (0.7 ± 0.3 ng 

Cd/mg stem, Figure 5.6B) was close to detection limit (0.1 ng Cd/mg tissue) and the 

translocated amount only accounted for 0.1 % of the total Cd (Table 5.3).  

 

Table 5. 3 Distribution percentage of Cd and Se in poplar root, stem and leaf. For each 

group, n = 3 and values are averages ± 1 standard deviation. 

QDs 
Time 

(days) 

Root Stem Leaf 

Cd Se Cd Se Cd Se 

PEI-QDs 
2 37.1 ± 4.5 57.7 ± 3.2 0.0 0.7 ± 0.6 0.0 0.4 ± 0.2 

11 47.4 ± 1.3 69.4 ± 5.6 0.1 ± 0.0 2.4 ± 1.7 0.1 ± 0.2 5.5 ± 3.5 

PAA-EG-

QDs 

2 2.7 ± 1.6 2.9 ± 1.5 0.0 0.0 0.0 0.0 

11 3.0 ± 1.2 3.7 ± 0.9 0.1 ± 0.2 0.2 ± 0.4 0.0 0.1 ± 0.0 
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The Se concentrations in the shoots of poplars exposed to PEI-QDs were much 

higher than for Cd. The Se concentration in stems of poplars exposed to PEI-QDs was 6.6 

± 4.9 ng/mg tissue and in leaf 4.4 ± 2.8 ng/mg tissue on day 11, compared to 0.6 ± 0.3 

ng/mg stem and 0.4 ± 0.4 ng/mg leaf for Cd (Figure 5.6B-C), even though the Cd (70.5 ± 

0.6 µg/nmol PEI-QDs) content in original PEI-QDs core was four times higher than that 

of Se (17.8 ± 0.4 µg/nmol PEI-QDs). The preferential translocation of Se over Cd is 

corroborated by comparing the molar ratio of Cd/Se in poplar shoots. It was 0.09 ± 0.06 

in stem and 0.06 ± 0.04 in leaf on day 11, both of which was remarkably lower than the 

original Cd/Se molar ration (2.79 ± 0.09) in PEI-QDs (Table 5.4). Note that about 7.8% 

of the Se in PEI-QDs was released from in the hydroponic solution during 11 day 

incubation (Figure 5.8C). Therefore, we infer that most of the Se detected in the shoots of 

poplars exposed to PEI-QDs was translocated as Se ions or organic Se released from QDs 

rather than as QDs. Some forms of Se (e.g., selenite and selenomethionine) have been 

confirmed to be effectively translocated to shoots in various plant species including 

poplar [186-188]. 
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Table 5. 4 Molar ratio of Cd/Se detected in poplar root, stem and leaf after treatment. The 

original Cd/Se ratio in PEI QDs is 2.79 ± 0.09 and for PAA-EG is 2.01 ± 0.13. ND means 

there was no significant Cd or Se accumulation in the detected tissues. Stars (*) denote 

the Cd/Se ratios in the plant tissues are significantly different (p < 0.05) from that in PEI 

or PAA-EG coated QDs. n = 3, values are averages ± 1 standard deviation. 

Cd/Se 

molar ratio 

PEI-QDs PAA-EG-QDs 

2 days 11 days 2 days 11 days 

Root 1.79 ± 0.13* 1.91 ± 0.15* 1.74 ± 0.22 1.56 ± 0.29  

Stem 0.13 ± 0.18*  0.09 ± 0.06* ND ND  

Leaf 0.25 ± 0.24* 0.06 ± 0.04*  ND ND 

 

The translocation of QDs to poplar shoots was likely hindered by the endodermis, 

which is the main barrier for the apoplastic transport of water and dissolved ions from 

outside solution into the root stele [189]. The Casparian strip of the endodermis, mainly 

consisting lignin polymer, makes the cell wall more hydrophobic and blocks the passive 

diffusion of solutes. [190, 191] Thus, water and dissolved ions must transport through the 

protoplast of endodermal cells to reach the stele [192]. This transport process could be 

very challenging for the relatively large QD aggregates. Confocal images of roots 

exposed to PEI-QDs for 11 days show QD aggregates accumulating around the 

endodermis (Figure 5.3D-E and 5.3G-H). These QDs or their aggregates may be driven to 

the endodermis by the water flow toward the stele, and failed to pass through the 

endodermis.  

In contrast, for herbaceous plants, translocation of Au NPs was observed in 

several species, and negatively charged coating was reported to enhance translocation 
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compared to neutral or positively charged coatings [168, 170]. Higher difficulty for NPs 

to be translocated in woody poplars was probably due to its more differentiated tissues 

compared to herbaceous plants. For example, the NPs would have to pass through a 

thicker cortex in the poplar root to the endodermis (with casparian strip) to the xylem, 

and from the xylem to woody stems and leaves.  

5.3.3 Both types of QDs were transformed inside poplar roots 

Regardless of coatings, the fluorescent properties of QDs are determined only by 

the size of the metallic core, with bigger cores emitting higher wavelengths [162, 193]. In 

these experiments, the same size of metallic core was used for both types of QDs, and 

thus they exhibited identical fluorescence (Figure 5.8A). After 2-day exposure, the 

fluorescence emission peak of both PEI and PAA-EG coated QDs in poplar roots 

similarly red-shifted from 600 nm to 670 nm (Figure 5.2C and 5.3C). This “red-shift” 

indicates that part of the organic coating on QDs surface may have been lost inside the 

plant and the destabilized metallic core may have aggregated.  

The two types of QDs exhibited different relative stabilities inside the plants 

versus in the hydroponic medium. For PEI-QDs, the fluorescence of their aggregates 

inside the plant was relatively stable throughout the exposure period (Figure 5.2D-E and 

5.2G-H), while in ¼-strength Hoagland solution, PEI-QDs were quenched after 11-day 

incubation (Figure 5.8B). The fluorescence intensity from roots exposed to these NPs 

also decreased with time (Figure 5.9D-F), suggesting loss of the coating and subsequent 

destabilization of PEI-QDs on root surfaces similarly as in the exposure medium. In 

contrast, PAA-EG-QDs were very stable in the exposure medium (Figure 5.8B); the 
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fluorescence intensity from the roots increased with exposure time (Figure 5.9G-I), 

suggesting that PAA-EG-QDs may also be stable on the root surface. However, the 670 

nm fluorescence emission from PAA-EG-QD aggregates, which was observed in the 

exposed root on day 2, disappeared by day 11 (Figure 5.3D-I). Since ICP-MS analysis 

showed that most of the internalized QD metals remained in the root (Figure 5.6), most of 

the PAA-EG-QD aggregates detected on day 2 must have been quenched by day 11.  

 

 

Figure 5. 9 Fluorescent images of control and QDs exposed poplar roots at different time 

points (4 hours: left, 2 days: middle, 11 days: right). (A-C): unexposed control root; (D-F): 

root exposed to PEI-QDs; (G-I): root exposed to PAA-EG-QDs. 
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Plant metabolism of xenobiotic organic compounds has been extensively studied 

for more than 70 years, and the associated detoxification or elimination processes have 

been conceptualized by the “green liver” model [171, 172]. Specifically, internalized 

hydrophobic contaminants can be enzymatically transformed to hydrophilic compounds 

(e.g., by cytochrome P450), and subsequently conjugated by a macromolecule such as D-

glucose, glutathione, and amino acids. The conjugate is then sequestered into the cell wall, 

vacuole, or lignin by covalent bonding, which compartmentalizes the substance out of the 

biochemical processing of plant cells [171, 172]. While QDs are not dissolved 

contaminants, they are likewise foreign constituents exposed to similar biochemical 

environments upon uptake. We postulate that when fluorescent QDs enter into plant roots, 

their coatings may be susceptible to transformation, conjugation and sequestration 

processes used by plants to process xenobiotic contaminants. Enzymes such as 

Glutathione S-transferases (GSTs) involved in xenobiotic conjugation interact with 

compounds based on their functional groups [172], and similar interactions may also 

apply for QD coatings. The amino groups in PEI and carboxyl groups in PAA-EG may 

interact with different biomolecules, possibly leading to different phytotransformation 

propensity of the two types of QDs used in this study.  

Fluorescence from QDs or their aggregates is sensitive to surface modification, 

which could either stabilize the fluorescence by protecting the core from dissolution as 

manufactured organic coatings do, or quench it through redox-reactions, binding of the 

quencher, or hydrolysis of surface coating, depending on the specific conjugating 

biomolecules. Various biochemical compounds such as amino acids, nucleotides and 

DNA, can quench QD fluorescence irreversibly [194]. For example, elimination of CdTe 
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QD fluorescence in freshwater alga cells (Ochromonas danica) was attributed to surface 

modification induced by amino acids and proteins in the vacuoles [175]. Potential 

differences in conjugation processes for PEI- and PAA-EG coated QDs could cause the 

stabilization of the former aggregates and the quenching of the latter.  Further research is 

needed to determine whether different coatings induce different plant responses and 

conjugating molecules, which is plausible since some plant metabolic enzymes such as 

GSTs are known to be induced by specific chemical compounds such as naphthalic 

anhydride and benoxacor [171].  

In summary, easier uptake of cationic PEI-QDs than anionic PAA-EG-QDs by 

woody poplars was likely facilitated by electrostatic attraction to the negatively charged 

cell wall. Further translocation to shoots was hindered by aggregation upon 

destabilization of the organic coatings, which delayed or precluded passage through the 

endodermis. Moreover, transformation of QDs within plants could either stabilize or 

quench their fluorescence, and the propensity for such phytotransformations is not 

necessarily reflected by their stability in the hydroponic medium. Overall, these findings 

suggest that plant uptake and bioaccumulation of manufactured NPs could be mitigated 

(along with the associated introduction into food webs) through appropriate selection of 

manipulation of the charge and stability (e.g., propensity for hydrolysis or enzymatic 

attack) of surface coatings.  
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  Chapter 6

      Conclusions, Engineering Significance and 

Recommendations for Future Research 

 

6.1 Conclusions 

Due to the size-enabled advanced properties of ENMs, their incorporation in 

various technologies (e.g., solar energy production, drug delivery, environmental 

remediation, food preservation, etc.) and thousands of consumer products (e.g., electrical 

devices, cosmetic products, kitchen ware, etc.) are taking place [2]. These widespread 

applications and the mass production would inevitably increase the accidental or 

incidental releases of ENMs to the environment, which poses a great concern about their 

potential impacts on the ecosystem. Plants are cornerstone of most ecosystems and could 

influence the overall fate and impacts of many environmental contaminants [7, 115]. 

Therefore, understanding the interactions between ENMs and plants, including the 

potential effects of ENMs on plant growth and the possibility for ENM trophic transfer, is 

critical for assessing their ecosystem risks. In this study, we had two primary objectives: 
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1) to investigate the physiological effects of Ag NPs on poplar and Arabidopsis over a 

wide range of concentrations and compare the uptake and distribution of Ag NPs of 

different sizes by two different plant species; 2) to quantify and compare the uptake, 

translocation and transformation of QDs with different coating charges by poplar trees. 

The following points highlight the primary conclusions of this study. 

 Whereas both Ag NPs of different sizes and Ag
+
 were phytotoxic above a specific 

concentration, a stimulatory effect was observed on root elongation, fresh weight 

and evapotranspiration of both poplar and Arabidopsis at a narrow range of sub-

lethal concentrations. This phyto-stimulatory effect precludes generalizations 

about the phytotoxicity of Ag NPs.  

 For both plant species, the toxic concentrations for smaller 5 and 10 nm Ag NPs 

were lower than that of the 25 nm Ag NPs, indicating higher toxicity for smaller 

Ag NPs.  

 Both poplar and Arabidopsis were more susceptible to Ag
+
 than Ag NPs.  

 Both poplars and Arabidopsis accumulated silver in the Ag NP or Ag
+
 

experiments, but silver distribution in shoot organs varied between plant species. 

Arabidopsis accumulated silver primarily in leaves (at ten-fold higher 

concentrations than in the stem or flower tissues), whereas poplars accumulated 

silver at similar concentrations in leaves and stems. 

 Within sub-inhibitory concentration range of Ag NPs, silver accumulation in 
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poplar tissues enhanced with increasing exposure concentrations and with 

decreasing Ag NPs size. However, compared to larger Ag NPs, the faster silver 

uptake associated with smaller Ag NPs was offset by their toxic effect on 

evapotranspiration, which was exerted at lower concentrations. 

 Uptake of cationic PEI-QDs by poplar was faster than anionic PAA-EG-QDs, 

even though the former had a larger hydrodynamic size and aggregated to a higher 

extent in the ¼-strength Hoagland solution. It was possibly due to the electrostatic 

attraction between the positively charged PEI-QDs and the negatively charged 

root cell wall. 

 Translocation to poplar shoots was limited for both PEI-QDs and PAA-EG-QDs. 

Both QDs aggregated upon destabilization of the organic coatings in poplar, 

which delayed or precluded passage through the endodermis.  

 After 2-day exposure, PEI and PAA-EG coatings of the internalized QDs were 

likely degraded inside poplar, leading to the aggregation of the metallic cores and 

a “red-shift” of fluorescence. 

 Transformation of QDs within plants could either stabilize or quench their 

fluorescence, and the propensity for such phyto-transformations is not necessarily 

reflected by their stability in the hydroponic medium. The fluorescence of PEI-

QD aggregates inside roots was stable through the 11-day exposure period, while 

that of the PAA-EG-QD aggregates was quenched probably due to destabilization 

of the coating inside the plant, even though these QDs were more stable in the 
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hydroponic solution.   

6.2 Engineering significance 

The sustainable and responsible development of nanotechnology requires an 

integrated and deep understanding about the possible material risks to ecosystem. Such 

data can be used not only to mitigate unintended consequences of ENMs exposure but 

also to improve safe nanomaterial design, use and disposal. The present study 

investigated the potential phytotoxicity of Ag NPs over a wide range of concentrations 

and analyzed the role of NP coatings play in particle uptake, translocation and 

transformation within plants. The engineering significance and unique contributions of 

this study are highlighted as below.  

 The phytostimulatory effects of Ag NPs observed at a narrow range of sub-lethal 

concentrations indicate that Ag NPs may not be phytotoxic under (low) 

environmentally relevant concentrations, which are usually sub-lethal.  

 In the Ag NP study, the accumulation of silver in plant tissues and the plant-

species dependent distribution emphasizes the importance of analyzing the 

translocation and accumulation of widely used NPs in the edible part of every 

important food crop.  

 The QDs study shows that uptake and translocation of NPs by poplar are highly 

affected by the surface coating charge. Cationic PEI-QDs were much easier to be 

taken up by poplar due to the electrostatic attraction to the negatively charged root 
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cell wall, but the further translocation to poplar shoots was limited by the 

endodermis for both PEI-QDs and PAA-EG-QDs (negative charge). This indicates 

that plant uptake and bioaccumulation of manufactured NPs could be mitigated 

(along with the associated introduction into human food webs) through 

appropriate selection of manipulation of the charge and stability (e.g., propensity 

for hydrolysis or enzymatic attack) of the surface coatings. This contributes to 

informing safe nanomaterial design.  

  This study shows that phyto-transformation of NPs is affected by their coatings. 

Transformation of PEI-QDs within poplar stabilized their fluorescence, even 

though these NPs were unstable in the hydroponic medium. In contrast, the 

fluorescence of PAA-EG-QDs was quenched in poplar despite their stability in the 

exposure medium. Therefore, such phyto-transformation of QDs is not necessarily 

reflected by their stability in the hydroponic medium.  

6.3 Recommendations for future research 

More applications of ENMs are and will be explored in the lab, which will enter 

the market and be released to the environment eventually. This underscores the need to 

assess their potential ecosystem risks and come up with an integrated strategy to enable 

safe nanomaterial design, use and disposal. Even though this study has expanded our 

knowledge regarding to the physiological effects, transport and transformation of NPs 

within plants, sustainable nanotechnology development calls for more fundamental 

understanding of the nanomaterial-plant interactions under environmental relevant 
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conditions. Several directions that immediately relate to the scope of this study are 

proposed for future research.  

 In this study, phyto-stimulatory effect (e.g., increased root elongation, fresh 

weight and evapotranspiration) of Ag NPs of different sizes and Ag
+
 on poplar 

and Arabidopsis was observed at some sub-lethal concentrations. This Ag NP 

stimulatory effect could possibly be due to the released Ag
+
 or the hormesis 

effects. Future research is needed to study the mechanism underlying the 

stimulatory effect using molecular or genetic tools.  

 This study has demonstrated that coating significantly influences the NP uptake, 

translocation and transformation by plant. We only tested the cationic PEI and 

anionic PAA-EG coatings, but many other surface coatings can be used. Future 

studies should systematically explore the role of coating play in the nanomaterial-

plant interactions and figure out the critical factors (e.g., charge, functional groups, 

etc.) contributing to the differential distribution and transformation. This requires 

a fundamental understanding of the stability and reaction (e.g., transformation, 

conjugation etc.) of coatings within plants. The results would not only benefit 

ENM ecosystem risk assessment and safe nanomaterial design, but also enhance 

the application of nanotechnology in agriculture.  

 The physiological effects, uptake, translocation and transformation of NPs within 

poplars were studied in the hydroponic system for 11 days in the present 

dissertation. NPs had minimum transformation before interacting with plants. 



123 

 

   

 

However, in the real environment, plant interacts with NPs that have already been 

transformed in natural water or soil and the exposure time would be much longer. 

Therefore, long-term exposure studies in environmentally relevant conditions 

(e.g., in soil) should be conducted in the future.  
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Appendix I: Supporting Information for Chapter 4 

 
The calculation details for “potential Ag assimilated as Ag

+
” in Table 4.3 are 

shown as below: 

(1) Total Ag mass assimilated by poplar leaves (µg) = Ag concentration in leaves (µg/g) 

* Total leaf dry weight (g), 

Where, Total leaf dry weight (g) = Total leaf fresh weight (g) * (1-0.8) 

The typical water content of poplar leaves in our experiment is 80%.  

For example, in 0.1 mg/L 25 nm Ag NP treatment,  

Total leaf dry weight (g) = 13.5 (g) * (1-0.8) = 2.7 (g) 

Total Ag mass assimilated by poplar leaves (µg) = 0.51 (µg/g) * 2.7 (g) = 1.4 (µg). 

 

(2) Released Ag
+
 mass in hydroponic solution (µg) = Released Ag

+
 concentration in 

hydroponic solution (µg/L) * Total volume of hydroponic solution (L),  

Where, Total volume of hydroponic solution = 0.4 L.  

For example, in 0.1 mg/L 25-nm Ag NP treatment,  

Released Ag
+
 mass in hydroponic solution (µg) = 0.5 (µg/L) * 0.4 (L) = 0.2 (µg). 

 

(3) Potential Ag mass assimilated as Ag
+
 (µg) = Daily uptake (µg/day) * 7 (day) 

Daily uptake (µg/day) = TSCF × Released Ag
+
 concentration in hydroponic solution 

(µg/L) * Daily evapotranspiration (L/day)                                                                            

(Eqn. S-1) 
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TSCF is the transpiration stream concentration factor. It is calculated from the uptake 

data of 0.1 mg/L Ag
+
 treatment using Eqn. S-1. TSCF = 0.14. 

For example, in 0.1 mg/L 25 nm Ag NP treatment,  

Daily uptake (µg/day) = 0.14
 
* 0.5 (µg/L) * 0.1555 (L/day) = 0.01 (µg/day) 

Potential Ag mass assimilated as Ag
+
 (µg) = 0.01 (µg/day) * 7 (day) = 0.1 (µg) 




