


ABSTRACT

DNA Free Energy Landscapes and RNA Nano-Self-Assembly Using Atomic Force

Microscopy

by

Eric W. Frey

There is an important conceptual lesson which has long been appreciated by those

who work in biophysics and related interdisciplinary fields. While the extraordinary

behavior of biological matter is governed by its detailed atomic structure and random

fluctuations, and is therefore difficult to predict, it can nevertheless be understood

within simplified frameworks. Such frameworks model the system as consisting of only

one or a few components, and model the behavior of the system as the occupation

of a single state out of a small number of states available. The emerging widespread

application of nanotechnology, such as atomic force microscopy (AFM), has expanded

this understanding in eye-opening new levels of detail by enabling nano-scale control,

measurement, and visualization of biological molecules. This thesis describes two

independent projects, both of which illuminate this understanding using AFM, but

which do so from very different perspectives.

The organization of this thesis is as follows. Chapter 1 begins with an experi-

mental background and introduction to AFM, and then describes our setup in both

single-molecule manipulation and imaging modes. In Chapter 2, we describe the

first project, the motivation for which is to extend methods for the experimental

determination of the free energy landscape of a molecule. This chapter relies on



the analysis of single-molecule manipulation data. Chapter 3 describes the second

project, the motivation for which is to create RNA-based nano-structures suitable for

future applications in living mammalian cells. This chapter relies mainly on imaging.

Chapters 2 and 3 can thus be read and understood separately.



Acknowledgments

I thank my adviser and committee chair, Prof. Ching-Hwa Kiang, and my committee

members, Prof. Michael W. Deem and Prof. Pulickel M. Ajayan for their instruction,

oversight and guidance. I also thank Prof. Laising Yen and Dr. Pei-Wen Chao for

their collaboration on the RNA project. I acknowledge the outstanding work of Dr.

Nolan Harris, whose thesis paved the way, and Wei-Hung (Harry) Chen in poly(dA)

data collection. I am grateful to my friend and colleague Sitara Wijeratne for helping

to make figures more clear and beautiful, and Ruiming Jin and Jingqiang Li for

contributing to the analysis. Although this work benefited from the direct or indirect

contributions of my mentors and colleagues, I alone am responsible for any deficits of

clarity or accuracy contained herein.

This research was partially funded by a training fellowship from the Alliance for

NanoHealth, Houston, Texas, and the Keck Center of the Gulf Coast Consortia, on

the Nanobiology Interdisciplinary Graduate Training Program, National Institute of

Biomedical Imaging and Bioengineering (NIBIB) T32EB009379, PI - Rebekah Drezek

(current) and Jennifer L. West (previous).

To Abby.



Contents

Abstract ii

Acknowledgments iv

List of Figures viii

1 Experimental Background 1

1.1 Introduction . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 1

1.1.1 Development and versatility of AFM . . . . . . . . . . . . . . 1

1.1.2 Design and principles of AFM . . . . . . . . . . . . . . . . . . 2

1.1.3 AFM tip-sample interactions . . . . . . . . . . . . . . . . . . . 4

1.2 Imaging . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 12

1.2.1 Imaging modes . . . . . . . . . . . . . . . . . . . . . . . . . . 12

1.2.2 Imaging challenges and best practices . . . . . . . . . . . . . . 14

1.2.3 Mechanical information from image analysis . . . . . . . . . . 21

1.3 Single-molecule manipulation of DNA . . . . . . . . . . . . . . . . . . 23

1.3.1 Summary . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 23

1.3.2 Introduction to DNA nanomechanical properties . . . . . . . . 24

1.3.3 Single-molecule manipulation techniques . . . . . . . . . . . . 25

1.3.4 Polymer physics models of DNA . . . . . . . . . . . . . . . . . 28

1.3.5 DNA overstretching transition and force-induced melting . . . 30

1.3.6 Unzipping DNA . . . . . . . . . . . . . . . . . . . . . . . . . . 33

1.3.7 Twisting DNA . . . . . . . . . . . . . . . . . . . . . . . . . . 34

1.3.8 DNA-protein interactions . . . . . . . . . . . . . . . . . . . . . 35

1.3.9 DNA nanotechnology applications . . . . . . . . . . . . . . . . 40



vi

1.4 Conclusion . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 40

2 Free Energy Landscapes of Multiple Pathways of DNA

Overstretching Transitions from Crooks Fluctuation The-

orem 41

2.1 Summary . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 41

2.2 Introduction . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 42

2.3 Methods . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 45

2.3.1 Single-Molecule Force Measurements . . . . . . . . . . . . . . 45

2.3.2 Derivation of CFT in terms of G(z) . . . . . . . . . . . . . . . 46

2.3.3 Reconstructing the metastable branch . . . . . . . . . . . . . 48

2.4 Results . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 50

2.4.1 Measurement of force-extension curves . . . . . . . . . . . . . 50

2.4.2 Application of Crooks Fluctuation Theorem . . . . . . . . . . 50

2.4.3 Deconvolution of work distributions . . . . . . . . . . . . . . . 51

2.4.4 Comparison of landscape reconstruction methods . . . . . . . 53

2.4.5 Landscapes tilted by force . . . . . . . . . . . . . . . . . . . . 56

2.4.6 Comparison of nonequilibrium methods to equilibrium methods 57

2.5 Discussion . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 58

2.5.1 Advantages of nonequilibrium methods . . . . . . . . . . . . . 58

2.5.2 Limitations of nonequilibrium methods . . . . . . . . . . . . . 61

2.6 Conclusions . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 61

3 Self-Assembly of Extended 2D RNANanostructures from

a Single Repeating Monomer 63

3.1 Summary . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 63

3.2 Introduction . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 64

3.2.1 Background and motivation . . . . . . . . . . . . . . . . . . . 64



vii

3.2.2 RNA folding and assembly . . . . . . . . . . . . . . . . . . . . 65

3.2.3 Challenges in vivo and in vitro . . . . . . . . . . . . . . . . . 66

3.3 Methods . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 70

3.3.1 RNA design and synthesis . . . . . . . . . . . . . . . . . . . . 70

3.3.2 AFM imaging . . . . . . . . . . . . . . . . . . . . . . . . . . . 70

3.3.3 AFM single-molecule manipulation . . . . . . . . . . . . . . . 72

3.4 Results . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 73

3.4.1 Monomer design . . . . . . . . . . . . . . . . . . . . . . . . . 73

3.4.2 Monomers with deactivated kissing-loops . . . . . . . . . . . . 73

3.4.3 Polymers with two activated kissing-loops . . . . . . . . . . . 75

3.4.4 Ladders with three or four activated kissing-loops . . . . . . . 75

3.4.5 Grid with all four activated kissing-loops . . . . . . . . . . . . 77

3.4.6 Tuning the side-arm orientation . . . . . . . . . . . . . . . . . 79

3.4.7 Tuning the kissing-loop twist . . . . . . . . . . . . . . . . . . 81

3.4.8 Tuning the kissing-loops: chain loop meshes . . . . . . . . . . 95

3.4.9 Measurement of kissing-loop complex rupture force . . . . . . 96

3.5 Discussion . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 101

3.5.1 Flexibility of kissing-loop twists . . . . . . . . . . . . . . . . . 101

3.5.2 Reversibility and binding strength . . . . . . . . . . . . . . . . 102

3.5.3 Self-complementarity and specificity . . . . . . . . . . . . . . . 103

3.5.4 Self-complementarity and robustness . . . . . . . . . . . . . . 104

3.5.5 Number of binders and robustness . . . . . . . . . . . . . . . . 105

3.6 Conclusions and future outlook . . . . . . . . . . . . . . . . . . . . . 106

4 Appendix 107

Bibliography 115



List of Figures

1.1 Atomic force microscope setup. . . . . . . . . . . . . . . . . . . . . . 3

1.2 Calibration of AFM X, Y , and Z positioning. . . . . . . . . . . . . . 4

1.3 Interaction between nanometer-sized AFM tip and a hard substrate. . 6

1.4 Power spectral densities of AFM cantilevers. . . . . . . . . . . . . . . 9

1.5 Oscillations in the force-extension baseline caused by laser interference. 10

1.6 Force spectrum of a recombinant 8-domain polyprotein. . . . . . . . . 11

1.7 Changes in mobile sample in fluid on successive scans. . . . . . . . . . 16

1.8 AFM image with and without averaging. . . . . . . . . . . . . . . . . 18

1.9 Artifacts caused by tip shape. . . . . . . . . . . . . . . . . . . . . . . 19

1.10 Artificial broadening of DNA in XY and lowering in apparent Z

height due to tip interaction. . . . . . . . . . . . . . . . . . . . . . . . 19

1.11 Effect of surface packing in fluid, and effect of reducing force applied

to sample. . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 20

1.12 Changes in the effective tip radius during scanning and impact on

image resolution. . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 21

1.13 AFM image analysis. . . . . . . . . . . . . . . . . . . . . . . . . . . . 22

1.14 Force-extension curves of dsDNA. . . . . . . . . . . . . . . . . . . . . 32

2.1 Single-molecule measurements. . . . . . . . . . . . . . . . . . . . . . . 44

2.2 Comparison of CFT-based methods. . . . . . . . . . . . . . . . . . . . 52

2.3 Measured and deconvolved work distributions. . . . . . . . . . . . . . 54

2.4 Free energy landscape reconstructions. . . . . . . . . . . . . . . . . . 55



ix

2.5 The derivative, d/dz, of landscape reconstructions. . . . . . . . . . . . 56

2.6 Effect of force on free energy landscape. . . . . . . . . . . . . . . . . . 57

2.7 Comparison of reconstructions from equilibrium and nonequilibrium

methods. . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 58

2.8 Illustration of branched free energy landscape. . . . . . . . . . . . . 60

3.1 Challenges in the design of extended 2D nanostructures from a single

self-assembling subunit. . . . . . . . . . . . . . . . . . . . . . . . . . . 68

3.2 Apparatus for heating and slow cooling of small-volume fluid samples

on mica without evaporation. . . . . . . . . . . . . . . . . . . . . . . 72

3.3 Design of self-assembling RNA monomer. . . . . . . . . . . . . . . . . 74

3.4 Controls on the number and type of activated kissing-loops, and

resulting self-assembly. . . . . . . . . . . . . . . . . . . . . . . . . . . 76

3.5 Self-assembly of extended 2D grids from a single repeating monomer,

and the effect of 3D monomer conformation. . . . . . . . . . . . . . . 78

3.6 Kissing-loop twists and their effect on assembly patterns. . . . . . . . 82

3.7 List of 2D symbols representing 3D kissing-loop twists for convenient

modeling. . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 84

3.8 Isoforms of kissing-loop twist respecting domain symmetry. . . . . . . 85

3.9 Putative kissing-loop twist identification of the untilted, rectangular

grid-forming monomer (30a). . . . . . . . . . . . . . . . . . . . . . . . 87

3.10 Twist of the tilted, diamond-grid forming monomer (29a and 32a)

based on putative twist of the untilted monomer (30a). . . . . . . . . 88

3.11 Alternative, but less likely and unobserved, assembly pattern for

tilted isoform A-B. . . . . . . . . . . . . . . . . . . . . . . . . . . . . 90

3.12 Tilted isoform A-F. . . . . . . . . . . . . . . . . . . . . . . . . . . . . 91

3.13 Tilted isoform A. . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 92

3.14 Isoform E, tilted. . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 93



x

3.15 Untilted isoform B-E. . . . . . . . . . . . . . . . . . . . . . . . . . . . 94

3.16 Switching from 2D rectangular grids to a chain loop mesh by tuning

self-complementarity and kissing-loop sequence. . . . . . . . . . . . . 96

3.17 Single-molecule pulling measurements. . . . . . . . . . . . . . . . . . 97

3.18 Single-molecule pulling of nano-ladders (sample 19f). . . . . . . . . . 99



1

Chapter 1

Experimental Background

1.1 Introduction

1.1.1 Development and versatility of AFM

In 1986, Gerd Binnig and Heinrich Rohrer at IBM Research were jointly awarded

half of that year’s Nobel Prize in physics for their design of the scanning tunneling

microscope (STM), a precursor to the AFM. The STM is capable of measuring surface

topography with atomic resolution, by detecting changes in the tunneling current

between an atomically-sharp tip raster scanned above a substrate. An applied voltage

bias causes the tunneling current between the tip and the sample even though they

are typically separated by 1 nm and not in direct contact. In 2013, the power of the

modern STM was highlighted by IBM’s “A Boy And His Atom”, the world’s smallest

stop-motion movie created by rearranging and imaging carbon monoxide molecules

on a copper subsrate [1].

The STM is a powerful tool for studying atoms on conducting substrates in

exquisite detail. AFM of hard samples, assisted by low temperatures and high vac-

uum, is also capable of atomic resolution [2]. A unique advantage of the AFM, which

makes it attractive for the study of biological molecules, is its ability to study soft,

nanometer-sized, non-conducting and mobile molecules in aqueous solutions at ambi-

ent temperature and pressure. Binnig, Quate, and Gerber published the invention of

the AFM in the same year that Binnig was awarded the Nobel Prize in physics for the
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STM [3]. The AFM differs from the STM in that it detects the deflection of a tiny

cantilever (typically ∼ 100 micrometers) attached to the tip, rather than a tunneling

current. This enables imaging and manipulation of a wider range of non-conducting

samples. Cantilever deflection is caused by the interaction between tip and sample,

without an applied bias voltage. These characteristics have made AFM highly versa-

tile, capable of reaching up to atomic resolution on hard and flat samples such as mica

substrates; and nanometer resolution on fragile biological samples in a variety of air

and fluid environments, over a range of biologically-relevant scan sizes from nanome-

ters to micrometers. In 2012, subnanometer resolution of the DNA double-helix by

AFM was reliably achieved using a minimally-invasive nanoscale cantilever, resolving

both major and minor grooves and distinguishing a variety of single-stranded and

elongated DNA conformations in aqueous buffer [4]. It is this versatility which has

made AFM a powerful tool for investigating the behavior of DNA, RNA, proteins,

and their interactions.

1.1.2 Design and principles of AFM

AFM setup

Figure 1.1 shows a typical setup for a modern AFM. The original design incorporated

an STM to measure the cantilever deflection [3]. Today, the optical lever method is

most widely used. A laser beam is reflected off the cantilever onto a four-quadrant

photodiode, whose voltage output registers the position of the laser spot on the de-

tector. Deflection of the cantilever, e.g. caused by scanning the tip over a tall surface

feature, changes the vertical position of the laser spot on the detector. Feedback and

control electronics are then used to adjust a piezoelectric scanner tube, which controls

the X, Y , and Z positioning of the stage where the sample is mounted.



3

Mirror

Cantilever

Laser

Position-sensitive 

photodetector

Piezoelectric scanner

Sample

(a) (b)

Z

Y

X

Tip

Feedback 

and Control 

Electronics

Figure 1.1 : Atomic force microscope setup. (a) Modern commercial AFM in oper-
ation. (b) Schematic illustration of AFM components. The sample is mounted on a
piezoelectric scanner stage which controls its X, Y , and Z positioning. Interactions
between the sample and the tip cause cantilever deflection, which is measured by a
laser beam reflecting off the cantilever onto a position-sensitive photodetector.

Scanner X, Y , Z calibration

Control and precision of X, Y , and Z movements of the piezoelectric scanner is

calibrated by imaging a reference standard of known dimensions (Fig. 1.2). The cal-

ibration procedure removes nonlinearities in the control of the scanner and adjusts

for changing sensitivity which can occur over time. In addition, once the scanner is

calibrated the changes in X, Y , and Z effected by signals from the controlling elec-

tronics, and their precision, become known. Accuracy is typically within nanometers

in X and Y , and Angstroms in Z, with a relative error of less than 1% when scanning

across 100 nm or more.
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Figure 1.2 : Calibration of AFM X, Y , and Z positioning. Scans of a platinum-coated
reference grid, with holes of known spacing and depth, are performed at different scan
sizes and angles. The voltages sent to the piezoelectric scanner are then calibrated
in order to determine X, Y , and Z positioning. The images shown were collected by
the author working with Sitara Wijeratne.

1.1.3 AFM tip-sample interactions

Theoretical background

The interaction between an AFM tip and a sample depends on the interatomic forces

from which AFM derives its name. For biological applications, tips and samples are

typically uncharged, without an applied voltage bias between them, and common

tips (such as those made of silicon nitride) do not readily react chemically with most

samples unless they are specifically functionalized to do so. The forces between the
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atoms can then be considered to arise from two contributions to the interaction en-

ergy: short-range “hard sphere” repulsion, and longer-range van der Waals attraction

(Fig. 1.3a). The repulsive energy is due to electron-electron Coulomb repulsion or

Pauli exclusion, and appears as the term with empirically-derived 1/r12 dependence

in the familiar Lennard-Jones potential. The van der Waals attraction arises from

the ubiquitous weak attraction between atoms and molecules due to their ability to

be polarized. For molecules which do not have a net charge or fixed dipole, the at-

traction is due to fluctuating induced dipole-induced dipole interactions, otherwise

known as London dispersion forces, and appears as the term with −1/r6 dependence

in the Lennard-Jones potential. These attractions and repulsions combined lead to a

potential well with a particular lowest-energy distance between spherical atoms which

is favored, which is equal to the sum of their van der Waals radii.

In the simplest case, the sample is an atom within an ideal hard substrate inter-

acting with a single atom on the AFM tip. For nanometer-sized objects composed

of a number of atoms, the strength of the van der Waals attraction increases with

increasing surface area of contact between the objects, and has a typical range of 1

nm. For soft substrates or tips, hysteresis occurs. In addition, most substrates in

ambient conditions have a layer of water molecules adsorbed on the surface, which

forms a liquid bridge between tip and sample and causes an attractive capillary force

when AFM is operated in air.

Experimental results

The tip-sample interaction is thus generally characterized by four regimes (Fig. 1.3b):

(1) the non-contact regime when the undeflected cantilever is far from the substrate;

(2) jump-to-contact when the tip approaches the sample; (3) linear contact regime
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Figure 1.3 : Interaction between nanometer-sized AFM tip and a hard substrate. (a)
Lennard-Jones model of the interaction energy between two atoms, equal to the sum
of short-range hard-sphere repulsion and longer-range van der Waals attraction. (b)
Illustration of the regimes of tip-substrate interaction, and resulting force experienced
by the cantilever, while the substrate is approaching (red) and retracting (blue) from
the tip: (1) non-contact; (2) jump-to-contact; (3) linear contact; (4) jump-off-contact
regime. (c) Measured approach (red) and retraction (blue). Inset: magnification of
the interaction regimes (1–4).

when the tip and hard sample are in contact; (4) jump-off-contact when the cantilever

is pulled sufficiently far away from the sample. Figure 1.3c shows typical data collected

on a hard substrate which illustrates this behavior (data were collected using an

MLCT probe [Bruker] with nominal tip radius 20 nm and cantilever spring constant

60 pN/nm, on a gold substrate in Tris-EDTA buffer with 150 mM NaCl).



7

Force calibration

When manipulating single molecules using AFM (discussed further in Section 1.3), it

is desirable to be able to convert cantilever deflection into units of force. This can be

done using a two-step calibration procedure.

In the first step, the voltage signal corresponding to cantilever deflection is con-

verted into units of distance. The AFM tip is pressed into a hard substrate by

adjusting the piezo Z displacement until the cantilever deflects. Once the tip is in

contact with the hard substrate, cantilever deflection varies linearly with any further

piezo displacement. Since the distance traveled by piezo Z displacement is known

for a calibrated scanner, the measured slope of the linear relationship Z vs. deflec-

tion gives the deflection sensitivity, which is typically ∼ 50 nm/V. Knowledge of this

deflection sensitivity makes it possible to convert all cantilever deflection measure-

ments into distances in nanometers, as long as the AFM probe and optical path are

unchanged.

In the second step, the cantilever deflection in units of distance is converted into

units of force. The AFM tip is withdrawn away from the substrate and its deflection

is monitored over time. The force required to effect the relatively small deflections in

the tip of the cantilever (commonly up to 10 nm of deflection for a 200 micrometer

long cantilever) is given by Hooke’s law,

F = −kD. (1.1)

Here k is the cantilever’s effective stiffness or spring constant, and D is its deflection.

Since the tip is no longer in contact with the sample, fluctuations in D arise from the

random impulses of the constant-temperature environment. Using the equipartition

theorem method of calibration, the stiffness is related to the variance of the deflection
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through the equipartition theorem applied to a simple harmonic oscillator in a thermal

bath,

1

2
kBT =

1

2
k⟨D2⟩, (1.2)

where kB is Boltzmann’s constant and T is temperature [5].

The time-series signal D is also affected by background noise, higher order vibra-

tional modes of the cantilever, and possibly other resonances caused by mechanical

couplings [6]. Because of this, instead of calculating D2 directly the power spectral

density (PSD) is used to exclude these other contributions (Fig. 1.4). Since the PSD

of a damped simple harmonic oscillator in thermal equilibrium at constant tempera-

ture is given by a Lorentzian [7], this functional form is fitted to the resonance peak

in the PSD, excluding background, noise, or peaks due to alternative contributions.

The mean square of fluctuations in time-series data is equal to the integral of the

PSD [8], P ,

P = ⟨D2⟩. (1.3)

Thus we use the integral of the fitted Lorentzian, p, to estimate ⟨D2⟩ due to the

thermal fluctuations alone. Using Eq. (1.2) and Eq. (1.3), the spring constant is then

given by

k = kBT/p. (1.4)

This calibration procedure is useful for verifying the nominal spring constants

supplied with commercial AFM probes, and is generally accurate to within 10–20%.

More challenging and time-consuming methods exist if greater accuracy is required

[9–11].

A flat force-baseline is also critical for accurate force measurements, and should

be checked before each experiment. The baseline refers to regime (1) in Fig. 1.3c,
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Figure 1.4 : Power spectral densities of AFM cantilevers, used to convert cantilever
deflections from distance units to force units by determining their spring constants.
(a) Measurement in air of a cantilever with spring constant ≈ 250 pN/nm (SNL-10,
Bruker). (b) Measurement in fluid of a less stiff cantilever with spring constant ≈ 45
pN/nm (MLCT, Bruker). Dashed lines are Lorentzian fits.

after the tip has broken contact with the substrate (or with a molecule tethered to the

substrate). In single-molecule manipulation experiments (discussed in Section 1.3),

force is typically plotted versus extension. The extension is the distance between

the tip and substrate, and it is equal to the end-to-end extension of any molecule

attached to the substrate which is being pulled by the tip. It is also customary to

invert force, as shown in Fig. 1.5. By plotting force-extension this way, the resistance
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Figure 1.5 : Oscillations in the force-extension baseline caused by laser interference
(red), removed by adjusting the laser alignment on the cantilever (black). Data were
averaged for display purposes and collected in Tris-EDTA buffer, 150 mM NaCl, on
a gold substrate.

of any attached molecules shows up as a positive force (non-flat baseline).

One common artifact due to improper laser alignment is interference of the laser

light reflected off the cantilever with light reflecting off the substrate. This can be

particularly problematic when using highly reflective substrates, such as gold. The

reflective coating on some AFM cantilevers is gold and also reflects the optical light

used to visualize the cantilever, which follows a similar light path as the laser, which

could also contribute to the interference. As the piezoelectric scanner is withdrawn,

the distance traveled by the light reflecting from the substrate changes, causing alter-

nating constructive and destructive interference with light reflected off the cantilever.

This results in characteristic oscillations in the force-extension baseline with a period

of one-half the wavelength of the reflected light (Fig. 1.5, red curve). The oscillations

can be eliminated by adjusting the laser alignment, or repositioning or switching

cantilevers (black curve).

An example of properly calibrated and baseline corrected force-extension curves of
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Figure 1.6 : Force spectrum of a recombinant 8-domain polyprotein. Each peak
represents the unfolding of one domain; the last peak is detachment. Inset: fits to
the wormlike chain model of polymer elasticity.

an engineered protein from a segment of human cardiac titin is shown in Fig. 1.6. A re-

combinant polyprotein composed of 8 repeats of human titin Ig27 domain (AthenaES)

was incubated on a clean gold surface in PBS buffer for 12 minutes, then rinsed in 1

mL buffer to remove unbound protein. The gold substrate was mounted on the AFM

and pressing the tip into the substrate with 1 nN of force was used to “fish” for a

molecule at 2,000 nm/s. Occasionally a molecule attached nonspecifically to the tip

(silicon nitride MLCT, Bruker) at a random location along its length and exerted a

resistive force on the cantilever. The characteristic sawtooth pattern of force peaks

represents individual domains unfolding, as confirmed by fitting the force peaks to the

wormlike chain model. (This model will be discussed in greater detail in Section 1.3,

in the context of pulling single DNA molecules.) The titin force-extension curve and

its relationship to its force-induced structural transitions has been extensively stud-

ied [12–15], making it an excellent reference for single-molecule investigations of other

proteins, whose structures are not as well characterized. This includes human von

Willebrand Factor, the largest known soluble protein whose blood-clotting functions
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are affected by external forces and have been elucidated by single-molecule manipu-

lation [16].

1.2 Imaging

In this section, we give an overview of the common imaging modes of AFM, including

peak-force tapping, the mode used to collect the images shown in this chapter and

in Chapter 3. We then discuss some best practices, and pitfalls to avoid when using

peak-force tapping mode to image nucleic acids, including the challenging RNA nano-

assemblies discussed in greater detail in Chapter 3.

1.2.1 Imaging modes

Contact mode

In contact mode, the simplest imaging mode, the sample is raised until contact is made

between the tip and sample, as detected by deflection of the cantilever (regimes (2–

4), Fig. 1.3b). The sample is then raster scanned in X and Y , while feedback raises

or lowers the piezoelectric scanner in Z in order to maintain a constant deflection

setpoint. The feedback compensates for the variations in sample height that the tip

encounters, and thus provides a Z height profile for each scan line. Minimizing the

deflection setpoint gives best results: this mitigates wear on the tip, and for soft,

fragile biological samples, it minimizes the force exerted by the tip on the sample

(regime (4), Fig. 1.3b). Lateral forces, however, are always present in contact mode

and may sweep away loosely bound molecules.
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Tapping mode and non-contact modes

Other intermittent-contact or non-contact imaging modes help to reduce the invasive-

ness of the tip-sample interaction on soft samples. In tapping mode, a piezoelectric

actuator oscillates the cantilever near its natural resonance frequency, and the tip

only intermittently contacts the sample. Feedback is then used to adjust the piezo

scanner Z height to maintain a constant oscillation amplitude setpoint while rastering

in X and Y . In non-contact mode, the tip is kept a few nanometers away from the

sample, just outside of direct contact (regime (2), Fig. 1.3b). The weak attraction of

the tip to the sample in this range reduces the resonance frequency of the cantilever.

In non-contact mode, the feedback maintains either a constant cantilever oscillation

amplitude or frequency [2].

Peak-force tapping mode

Peak-force tapping is an intermittent-contact mode similar to tapping mode. It differs

from tapping mode in that the sample is oscillated in Z (by the scanner), rather than

the cantilever. One force curve (similar to those shown in Fig. 1.3b–c) is collected

per pixel in the image. The feedback on the piezo scanner adjusts the Z height to

maintain a constant setpoint for the maximum (peak) force on approach to the sample.

Peak-force tapping can be used in conjunction with ScanAsyst, Bruker’s proprietary

software which continuously adjusts the feedback gains and other imaging parameters

to optimize image quality.

In the next section, we discuss which parameters in our experience were best left

to control by ScanAsyst, what the best manually-set values were in our experiments,

and we overview some general guidelines for AFM imaging.



14

1.2.2 Imaging challenges and best practices

The goal of AFM imaging of biological molecules is to achieve high enough resolution

to distinguish the key features of interest, while using an imaging mode and a sample

preparation method which are delicate enough not to perturb the molecules from their

native behavior under physiological conditions. This often involves tradeoffs, since

preserving the native behavior—e.g., by probing molecules gently, or by fixing them

loosely to the substrate surface—tends to decrease resolution. Even after an overall

imaging strategy has been decided—e.g., the decision to image in fluids—fine-tuning

can still be a laborious process. This is because some aspects of optimizing AFM

imaging parameters, tip types, sample preparation, and imaging conditions must be

discovered through trial-and-error, on the particular sample that is being imaged and

the particular tip that is being used. In this sense, AFM imaging is partly an art, in

addition to a science.

In this section, we describe key challenges, pitfalls to avoid, and lessons learned.

We emphasize the imaging of supramolecular RNA assemblies in peak-force tapping

mode, discussed further in Chapter 3, although many of the points discussed should

be applicable to a wide variety of biological samples.

Noise minimization

Removing any sources of vibration and sources of acoustic noise (such as under-

graduates) from the AFM room is the most important and easiest way to minimize

noise. To isolate the AFM from ambient mechanical vibrations in the building, an air-

cushioned vibration isolation table is used. Note that noise-like artifacts may increase

when imaging in fluid due to the diffusion of molecules near the surface (Fig. 1.7) [17].

This effect is reduced when the sample is tightly bound or packed on the substrate
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(an example will be shown in Fig. 1.11, below).

Scanning parameters

Since Z is oscillated at a fixed 2 kHz in peak-force tapping, there are restrictions on

how the user can adjust scan settings which limit the resolution. For example, at a

scan line rate of 1 Hz (rastering back and forth in X once per second), the number

of tip-sample contacts per line, and therefore the number of pixels per line, can be

no more than 1,000. If the scan line size is 1 micrometer, the maximum resolution in

this case is 1 nm per pixel.

The size per pixel can be reduced by decreasing the scan rate or scan size—both

of which slow down the tip’s velocity during its rastering motion over the surface.

This has the additional benefit of allowing more time for the feedback to track the tip

over the surface properly, reducing streaking and lateral forces exerted on the sample.

However, there are three risks to this:

1. Increasing the number of pixels lessens the dampening between pixels of the can-

tilever oscillation after each jump-off (regime (4) in Fig. 1.3b), which increases

noise.

2. Increasing the number or duration of tip-sample contacts can dull or contami-

nate the tip, or cause it to stick to or destroy the sample.

3. Increasing the total time it takes to image the sample exacerbates the effects of

creep, mechanical drift, and sample mobility. Sample mobility can be problem-

atic for weakly-bound molecules in fluid (Fig. 1.7; cf. Fig. 1.11).

These risks threaten to decrease, rather than increase, resolution even when reducing

the size per pixel.
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4.0 nm

0.0 nm

Figure 1.7 : Changes in mobile sample in fluid on successive scans taken 2 minutes
apart. The changes include the removal of material, the appearance of defects in the
grid, shrinkage and growth (arrows). Sample: RNA nano-grid on mica in 10 mM
MgCl2. Scan size 500 nm, scan rate 2.6 Hz, pixels per line 384. Scale bar: 50 nm.

In practice, we find the following peak-force tapping scanning parameters are good

tradeoffs which optimize resolution for our samples of RNA nanostructures loosely

bound by 10 mM MgCl2 on mica:

In air

Allow ScanAsyst to dynamically adjust the setpoint and gains. Use scan rate

0.3–1.0 Hz and the largest number of pixels per line until high-frequency noise

(due to reason (1), above) begins to appear. This is usually 600–1,000 pixels

for scan size 1,000 nm; less for scan size 500 nm. If this number is lower than

expected, try changing tips.

In fluid

Let ScanAsyst adjust the gains, but after the tip engages the sample, manually

lower the peak-force setpoint as far as possible before jump-off (from the default

of 0.02 V to 0.01 V or lower). Reduce the peak force amplitude to 25 nm. Faster

scan rates are usually better: use 1–1.5 Hz and 500–600 pixels per line for scan
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size 1,000 nm; 2.6 Hz and 300–500 pixels per line for scan size 500 nm. If the

sample is densely packed on the surface and noise is low, these parameters can

be adjusted closer to their values in air to increase resolution. Otherwise, the

increased mobility of the sample in fluid favors faster scan rates.

When using large scan sizes to get an overview of the sample and less than the

maximum number of pixels per line to achieve highest resolution, it is often best

not to average the data. Figure 1.8 shows AFM images of RNA nano-ladders, to be

discussed in greater detail in Chapter 3. Under optimal imaging conditions in air

with a sharp tip, even at a scan size of 3 micrometers with 3.3 nm per pixel, the

∼ 10 × 16 nm holes in the ladder are clearly resolved, as is the ≈ 2.6 nm diameter

helical RNA which makes up the rungs and rails of the ladder. Such AFM imaging

which can accommodate large scan sizes and high resolution at fast scan rates, was

useful for quickly characterizing numerous RNA assembly designs, before going back

for higher resolution. Averaging this image does not help because AFM is much more

precise in Z (Angstroms) than it is in XY (nanometers), for reasons to be discussed

next.

Effects of the tip

After the AFM is properly calibrated, sources of noise are minimized, and scanning

parameters are optimized, image XY resolution becomes limited by the shape and

size of the AFM tip.

Figure 1.9 shows an extreme case of tip shape affecting the image. The apparent

double features are artifacts caused by a double tip. More commonly, the tip artifi-

cially broadens features in XY due to its nanometer-sized radius of curvature [18,19].

Commercial AFM tips commonly have radius of curvature ∼ 10 nm, and this is ex-



18

3.0 nm

0.0 nm

Figure 1.8 : Image of RNA nano-ladders at 3 micrometers scan size. Magnification
of the image without (top right) and with (bottom right) averaging. The sample was
imaged in air at scan rate 0.5 Hz, 896 pixels per line. Scale bars: 100 nm. Image was
collected by the author working with Eric Zarsky.

pected to increase as the tip is used and becomes less sharp (due to being worn down

or contaminated).

Figure 1.10 shows how the high precision in Z results in high contrast imaging

of DNA on mica. However, the FWHM of the DNA height profiles are 5.0–10 nm,

significantly larger than the ≈ 2.0 nm diameter of B-DNA [20]. This smearing in XY

is caused in part by the tip radius of curvature.

The apparent Z height of the DNA on the other hand is less than the expected

diameter, 1.0–1.5 nm. This is a long-recognized anomaly of AFM imaging of nucleic

acids. The anomalously small apparent height was a few Angstroms on the instrumen-

tation available in the early 1990’s [21,22], and moved closer to 1 nm thereafter [23].

We found that minimizing the peak-force setpoint increased apparent RNA height up

to 1 nm closer to its true height (Fig. 1.11). This indicated that the reduced appar-

ent height was partly due to tip-sample compression in our experimental conditions,
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1.5 nm

0.0 nm

Figure 1.9 : Artifacts caused by tip shape. The distorted globular appearance and
doubled features result from a misshapen and doubled tip. Sample: ∼ 16 nm sized
RNA monomers on mica, imaged in air. Scan width: 700 nm.
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Figure 1.10 : Artificial broadening of DNA in XY and lowering in apparent Z height
due to tip interaction. (a) λ-DNA fixed to mica in 150 mM MgCl2 in Tris-EDTA
buffer (image collected by the author working with Eric Zarsky), and a similarly-
treated mica substrate without DNA. Images were acquired after 5 minute sample
incubation followed by drying in nitrogen and imaging in air. (b) Height profile.
The DNA image was collected in peak-force tapping mode at scan rate 0.4 Hz, 768
pixels/line, using ScanAsyst and a ScanAsyst Air tip (Bruker).

although it has also been suggested that nucleic acid (NA) on mica may be partially

buried by ions [24], or flattened by adhesion forces [21, 25] or by dehydration when

imaged in air [17,22].
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Figure 1.11 : Effect of surface packing in fluid, and effect of reducing force applied
to sample. While scanning from bottom to top, the peak-force setpoint was reduced
from 0.02 V to 0.01 V. Apparent height increased from 1 nm to 2 nm, close to the
height expected for dsRNA. Noise and artifacts were reduced for this image in fluid by
surface packing, enabling slower scan rate (0.5 Hz) and more pixels (896/line). Image
width: 1,000 nm. Sample: RNA chain-loop mesh imaged with ScanAsyst Fluid+
probe (Bruker).

Exceptionally highXY resolution which resolves the true width of double-stranded

(ds) NA, or comes very close (as in Fig. 1.12, and Figs. 1.7–1.8, respectively) can be

achieved by trying out several tips and finding one which is especially sharp and

stable. We also find that cleaning ScanAsyst Fluid+ probes (Bruker) in pirhana im-

proves resolution in fluids, although it leads to a strongly hydrophilic tip with poor

resolution in air [26]. Caution! Pirhana is extremely dangerous to handle in the lab-

oratory. See Ref. [26]. When exceptional resolution is achieved, it can sometimes

come and go during scanning. This is due to the appearance or disappearance of

ultra-sharp asperities, which can significantly reduce the effective tip radius of cur-

vature. Alternatively, it can be caused by debris accumulating or falling off the tip

(Fig. 1.12). This is especially noticeable when scanning an area containing a large

aggregate of molecules, where the tip is more likely to pick up loose material.
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Figure 1.12 : Changes in the effective tip radius during scanning and impact on image
resolution. The rails of the ladders are composed of dsRNA, with an apparent width
of 2–4 nm in XY (FWHM), consistent with its ≈ 2.6 nm diameter. Sample: RNA
nano-ladder imaged in air. Scale bar: 20 nm.

1.2.3 Mechanical information from image analysis

Here we discuss our investigations of perlecan, as an example of using AFM imaging

analysis to probe the mechanical properties of biomolecules. The results discussed in

this section appear in a current manuscript in preparation [27]. Perlecan was purified

by Jerahme Martinez under the direction of Prof. Mary C. Farach-Carson, and AFM

images of perlecan were collected by Sitara Wijeratne.

Perlecan is a large extracellular matrix protein that functions as a mechanical

barrier at tissue interfaces [28]. Like other proteins with mechanical functions, such

as titin and von Willebrand Factor [16], perlecan’s structure consists of a number

of tandem domains, including 21 repeating immunoglobulin modules. In perlecan,

the presence of disulfide bound cysteines gives it enhanced resistance to mechanical

unfolding, which may contribute to its biological function of conferring structural

stability in tissues [27].

Figure 1.13 shows how image analysis was used to find the contour length, LC ,

and persistence length, LP (a measure of bending stiffness), of perlecan molecules.

Full-length perlecan was purified from human cells, incubated on mica in PBS buffer,
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Figure 1.13 : AFM image analysis. (a) AFM image of perlecan protein. (b) Magnifi-
cation of the box in (a), showing the x, y points tracing the molecule’s contour, with
intersegmental distance l between neighboring points, and contour separation L. (c)
Histogram of total contour length and Gaussian fit. (d) Directional correlation as a
function of L. Figure created by Sitara Wijeratne, using the image analysis performed
by the author described in Section 1.2.3.

dried in nitrogen and imaged in air. AFM images were loaded into ImageJ and the x, y

coordinates of the molecule’s contour were selected [29]. Next, a custom MATLAB

program (see Appendix) was used to interpolate the x, y coordinates to provide a

spacing, l, equal to our estimated XY uncertainty of 1.5 nm based on the FWHM of

perlecan, and then perform the analysis.

The analysis is based on the wormlike chain prediction for theXY conformation of

a polymer [30]. (The wormlike chain model’s predictions of force-extension curves will

be discussed in Section 1.3.4.) The model predicts an exponential decay in correlation

of the direction of the polymer as contour distance, L, increases:

⟨cos(θ)⟩ = exp(−L/2LP ). (1.5)

Here the angular brackets represent an average over all pairs of small polymer seg-
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ments, θ is the angle between their tangent vectors, L is the contour distance between

them, and LP is constant. Our MATLAB program cycles through all pairs of x, y

points, finds θs and Ls, and creates a figure similar to Fig. 1.13d. The figure shown in

Fig. 1.13d is the combined result after analyzing 27 different AFM images of perlecan

molecules (errorbars = 1 standard error of the mean). Fitting the results to Eq. (1.5)

gave LP = 19(2) nm. This indicated that perlecan’s longitudinal resistance to un-

folding does not prevent it from being quite flexible laterally. Note that the number

of x, y pairs separated by L is greatly reduced as L approaches LC , and therefore

only results for L≪ LC are significant, although fitting to spurious larger L did not

change LP by much (fitting up to L = 90 nm increased LP to 25(3) nm).

1.3 Single-molecule manipulation of DNA

1.3.1 Summary

Parts of the following chapter appeared in or are similar to sections from a previous

publication, Frey, Gooding, Wijeratne, and Kiang, ”Understanding the physics of

DNA using nanoscale single-molecule manipulation”, Front. Phys. (2012) [31].

In addition to imaging, AFM can be used to manipulate tiny objects, like STM.

Whereas STM is ideal for manipulating atoms, AFM is well-suited to manipulate

molecules. This has made AFM, along with other single-molecule techniques, an im-

portant tool for the elucidation of the nanomechanical behavior of biological molecules.

In this section we will describe these techniques, and what they have revealed about

the physics of DNA.

Processes for decoding the genetic information in cells, including transcription,

replication, recombination and repair, involve the deformation of DNA from its equi-
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librium structures such as bending, stretching, twisting, and unzipping of the double

helix. Single-molecule manipulation techniques have made it possible to control DNA

conformation and simultaneously detect the induced changes, revealing a rich variety

of mechanically-induced conformational changes and thermodynamic states. These

single-molecule techniques have helped to reveal the physics of DNA and the processes

involved in the passing on of the genetic code.

1.3.2 Introduction to DNA nanomechanical properties

The DNA molecule has long been recognized for its remarkable and complex bio-

chemical functions, such as transcription and replication. The physical roots of these

functions involve the mechanics and thermodynamics of bending, stretching, twisting,

and unzipping the double helix [32–37]. Due to its base-stacking architecture and the

negative charge along its phosphate backbone, double-stranded DNA (dsDNA) is a

semi-flexible polymer: in physiological conditions, thermal fluctuations do not bend

it significantly on length scales below 50 nm, or 150 base pairs (bp) [38]. Thus, the

10 µm-long DNA of a viral genome, packed inside a capsid of diameter ∼ 50 nm, gen-

erates a large internal force capable of assisting its ejection into a host cell [39–41].

In eukaryotic cells, proteins called histones bend DNA into loops of about 10 nm in

diameter. This serves as the first step in the hierarchical packaging of the genome,

and it regulates gene expression by obstructing access to base pairs [42]. Histones,

helicases, topoisomerases, and RNA and DNA polymerases are all part of an army of

proteins employed by cells, which generate or relieve tension and torque in DNA to

facilitate its biochemical functions [36,43–46].

For almost two decades, it has been possible to examine the physical roots of DNA

function directly, using single-molecule manipulation techniques. These techniques
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include atomic force microscopy (AFM), optical tweezers, and magnetic tweezers. By

providing control and measurement of force in a single molecule, these techniques

have shed light on DNA’s complex physical behavior and varied conformations.

In this section, we review what single-molecule manipulation reveals about the

physics of DNA and DNA-bound complexes. We also discuss applications to the

emerging field of DNA nanotechnology. In the following section, Section 1.3.3, we

provide a brief explanation of single-molecule manipulation by AFM, optical tweezers,

and magnetic tweezers. Next, in Section 1.3.4, we introduce two polymer physics

models—the wormlike chain (WLC) and freely-jointed chain (FJC)—which describe

dsDNA and single-stranded DNA (ssDNA) stretching, respectively. We then review

experimental observations of DNA stretching, unzipping, and twisting. Finally, we

discuss applications to the study of DNA-binding proteins and nanotechnology.

1.3.3 Single-molecule manipulation techniques

Single-molecule manipulation by AFM, magnetic tweezers, and optical tweezers have

been used to manipulate a variety of biological molecules; here we focus on the use

of these methods to study DNA. In each of these methods, a single DNA molecule

is tethered between a substrate and a force probe—either an AFM tip or a micron-

sized bead—in an aqueous environment. The molecular end-to-end extension is given

by the probe-substrate distance. The force on the molecule is determined from the

displacement of the probe relative to its equilibrium position. Nonspecific attachment,

typically used in AFM, is achieved by adsorption of DNA to the substrate surface or

the probe surface. Specific attachment, employed by optical and magnetic tweezers,

is achieved by chemical modifications of the DNA, substrate, or force probe. These

modifications exploit the high affinity and specificity of binding among ligand-receptor
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or antibody-antigen pairs, and DNA hybridization. For example, the ligand biotin

may be covalently attached to the DNA or DNA/protein system, while the force

probe or substrate is coated in streptavidin, a high-affinity protein receptor of biotin.

To avoid tethering multiple molecules at once, small concentrations of DNA are used.

Other techniques elongate DNA by confining the molecule within micro or nano-

sized obstacles. Such techniques include driving DNA electrophoretically through

microlithographic arrays [47], nanochannels [48,49], and nanopores [50].

AFM single-molecule manipulation

In AFM single-molecule manipulation, the force probe is an AFM tip attached to a

cantilever, and the substrate surface (such as a gold or mica surface) is mounted on

a piezoelectric scanner as shown in Fig. 1.1. Moving the substrate into the AFM tip

allows nonspecific or specific molecular tethering between the substrate and cantilever.

If the molecule is tethered to the substrate and cantilever, moving the substrate away

from the cantilever produces tension in the tethered molecule, bending the cantilever.

According to Hooke’s law [Eq. (1.2)], the RMS force due to thermal motion of the

cantilever is given by:

FRMS =
√

k2⟨D2⟩. (1.6)

In addition, rearranging the equipartition theorem [Eq. (1.2)] for ⟨D2⟩, we have:

⟨D2⟩ = kBT/k. (1.7)

Substituting Eq. (1.7) into Eq. (1.6) gives

FRMS =
√

k × kBT , (1.8)

which implies that stiffer force probes have larger unloaded force fluctuations due

to thermal motion. FRMS sets the lower limit on the force of an attached molecule
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that is measurable by the force probe. AFM cantilevers used for single-molecule

manipulation typically have stiffness k = 10 pN/nm or higher. This results in FRMS ≈

5 pN at room temperature for the lower limit of the force measurable by AFM. At the

upper force limit, AFM is able to probe DNA until it detaches from the substrate or

cantilever—up to a few hundred picoNewtons, when the tethering is nonspecific [51].

Optical tweezers

In a typical optical tweezers setup, the force probe is a micrometer-sized dielectric

bead captured in an optical trap. The substrate surface may be the side of a trans-

latable fluid chamber, or it may be a second bead held by a micropipette or by a

second optical trap [35, 43, 45]. The optical trap consists of a tightly-focused laser,

which exerts a three-dimensional restoring force on a dielectric bead caught in the

vicinity of the focus. To avoid photodamage to the DNA/protein system of interest,

near-infrared wavelengths are used [52]. The displacement of the bead from the trap

center is measured by video tracking through an optical microscope. For small dis-

placements of the bead, the force is given by Hooke’s law [Eq. (1.1)], and the trap

stiffness can be found by calibration using the equipartition theorem, as in the case

of AFM. Optical traps are not as stiff as AFM cantilevers, with stiffness typically

ranging from 0.005–1 pN/nm. This allows measurement of forces on the molecule as

low as FRMS = 0.1 pN. Optical tweezers are limited to probing DNA at forces less

than ≈ 100 pN, the force at which the ligand-receptor or antibody-antigen pairs used

to tether the DNA unbind [53].
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Magnetic tweezers

Magnetic tweezers are similar to optical tweezers, except that the force probe consists

of a super-paramagnetic bead in an applied magnetic field. The force on the bead is

proportional to the gradient of the square of the magnetic field. In addition, a torque

is applied to the bead due to its small magnetic polarization anisotropy, which tends

to align the bead with the applied magnetic field. Thus, by rotating the applied field,

the DNA tether can be twisted as well as stretched. Magnetic tweezers have miniscule

stiffness as low as 10−6 pN/nm, allowing them to probe vanishingly small forces as

low as FRMS ∼ 10−3 pN. Like optical tweezers, they can probe up to ≈ 100 pN until

the specific chemical attachments at the ends of the DNA molecule fail [53–55].

1.3.4 Polymer physics models of DNA

The force required to extend a single DNA molecule can be directly measured in

single-molecule manipulation experiments, and then compared to models of polymer

elasticity to determine mechanical properties. In solution, DNA adopts a random

coil conformation which minimizes free energy. Extending the molecule imposes a

constraint limiting the number of accessible conformations, thus the work done on

the molecule is mainly used to offset the reduced entropy. For dsDNA, at forces less

than 10 pN the force-extension curve is dominated by this entropic elasticity. At

higher forces, the end-to-end extension of DNA begins to exceed its (unstretched)

contour length. In this regime, the double-helix structure of dsDNA is altered and

the force-extension behavior is dominated by the intrinsic elasticity of the molecule.

The polymer elasticity models which best describe the force-extension behavior of

ssDNA and dsDNA are the freely-jointed chain (FJC) and wormlike chain (WLC)

models, respectively.
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The FJC model accurately describes the elasticity of ssDNA. In this model, the

polymer consists of a freely-rotating chain of Kuhn segments of characteristic length.

The segments orient themselves randomly due to thermal fluctuations, but tend to

align with an applied stretching force. The extensible FJC assumes the polymer is

stretchable, and the force is related to end-to-end extension, z, by [53,56]

z = bss

[
coth(2βPssF )− 1

2βPssF

] [
1 +

F

Kss

]
(1.9)

where Pss, bss, andKss are the persistence length, contour length, and stretch modulus

for ssDNA, respectively, and β = 1/kBT . The persistence length is a measure of

bending stiffness. At length scales below the persistence length, the polymer tends

not to be bent by thermal fluctuations. The Kss stretch modulus term is added to

account for the intrinsic elasticity, or extensibility, of the molecule. In standard ionic

conditions (150 mM NaCl), Pss = 0.75 nm and Kss = 800 pN [53,57–59].

The WLC model describes the elasticity of dsDNA more accurately than the FJC.

The WLC models a polymer as a flexible, continuous rod characterized by a bending

stiffness. Thermal fluctuations cause local bending, while an applied force tends to

extend and align the polymer, as in the case of the FJC. In an extensible WLC model,

force can be related to extension by [38,56,60]

z = bds

[
1− 1√

4βPdsF
+

F

Kds

]
(1.10)

where Pds, bds, and Kds are the persistence length, contour length, and elastic stretch

modulus for dsDNA, respectively. As before, the persistence length is a measure

of bending stiffness, and the stretch modulus term is added to account for intrinsic

elasticity. Experimental values for dsDNA are Pds = 50 nm and Kds = 1200 pN, in

standard conditions [53, 57–59].
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1.3.5 DNA overstretching transition and force-induced melting

Above 10 pN, the force required to extend dsDNA is due to both entropic and elas-

tic contributions, and is described well by an extensible WLC model [38, 56, 59, 60].

However, at a critical force of 65 pN, a cooperative transition occurs in which the

force-extension curve departs dramatically from the WLC. This so-called overstretch-

ing transition is characterized by a force plateau in which dsDNA extends or “over-

stretches” up to 1.7 times its original B-DNA contour length.

Whether overstretching represents the extension of canonical B-DNA to an ex-

tended S-DNA form with intact base pairing, or melting of B-DNA into two unhy-

bridized strands of ssDNA, has turned out to be a complex issue. The situation

is complicated by the fact that ssDNA may be formed by unpeeling, as well as by

melting. Unpeeling occurs under tension at the site of a nick (a break along the

sugar-phosphate backbone) as base pairs become progressively unhybridized. Evi-

dence from experiment [51, 53, 57, 59, 61–64] and theory [58, 65–68] has accumulated

supporting a mixed picture of overstretching involving S-DNA as well as melting and

unpeeling, depending on experimental conditions. High-resolution AFM imaging sug-

gests that dsDNA—at least when immobilized by Ni2+ ions on a mica substrate—can

adopt a variety of conformations in addition to the most common B-form, including

regions of melted ssDNA strands, and regions of a double-stranded form elongated by

50–85% [4]. However, it is also argued that the overstretching transition represents

melting only [69–73].

Hysteresis during overstretching is observed due to the formation of ssDNA and

the slow dynamics of reannealing. Under fast pulling conditions, greater reversibility

is observed, attributed to the fast dynamics of the B-form to S-form transition. Fu

et al. have shown that hysteresis is also reduced by conditions which stabilize base
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pairing, such as high GC content, high salt concentration, and low temperature [62].

Figure 1.14(a) shows examples of dsDNA force-extension curves collected by AFM.

Since the point of attachment to the AFM tip was not controlled, the effective contour

length and point of detachment was different for each molecule. In one case (green

curve) the molecule detached before completing the overstretching plateau. Note that

for the other two curves (blue and red), the plateau occurred at twice the expected

force of 65 pN. Plateaus as high as 105 pN have been reported for occasional firmly-

attached, torsionally-constrained dsDNA molecules [51]. One possibility is that these

curves represent simultaneous pulling of two parallel segments of the same dsDNA

molecule, thus doubling the apparent force. Aside from their increased plateau height,

these curves exhibit the well-known force signature of dsDNA, and we present them

here to help illustrate the discussion. For extensive and precise measurements of the

force-extension curve, see references cited herein.

Figure 1.14b shows polymer fits to the B-DNA, putative S-DNA, and ssDNA

regions. The B-DNA region was fitted to an extensible WLC [Eq. (1.10)] with the

expected persistence length and stretch modulus. After the overstretching plateau,

the curve was fitted to an extensible WLC [Eq. (1.10)] with contour length 1.8 times

that of the B-DNA, persistence length Pds = 10 nm, and stretch modulus Kds = 4400

pN. These values agree with theoretical modeling which predicts S-DNA has a larger

stretch modulus than B-DNA, and a persistence length of 7–12 nm [74]. At higher

force a second transition is observed, in which putative S-DNA is converted into

ssDNA [35, 51, 57]. The presence of this second transition is consistent with a recent

model, which considered overstretched DNA consisting of possible regions of B-DNA,

melted, unpeeled, and/or S-DNA [67]. After melting, the force-extension curve was

described by an extensible FJC [Eq. (1.9)] with the same contour length as the S-
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Figure 1.14 : Force-extension curves of dsDNA. (a) Force-extension curves of
molecules with different contour lengths. (b) Polymer physics models fitted to dif-
ferent parts of the dsDNA force-extension curve. The B-form double-helix region
was fitted to an extensible WLC with Pds = 50 nm, Kds = 1200 pN until the over-
stretching plateau. After the plateau, the putative S-DNA region was fitted to a
different extensible WLC with 1.8 times the original contour length, Pds = 10 nm,
and Kds = 4400 pN. The force-induced melted ssDNA region was fitted to an ex-
tensible FJC with Pss = 0.75 nm, Kss = 2800 pN. Data were averaged for display
purposes. Sample: λ-phage DNA (Sigma) on gold in Tris-EDTA plus 150 mM NaCl
buffer.

DNA, Pss = 0.75 nm, and Kss = 2800 pN. Except for Kss, which is unusually large

(perhaps due to pulling two parallel dsDNA segments), these values are consistent

with measurements of ssDNA in other studies [53,57,58].

What is the structure of S-DNA? It has been pointed out [58] that the stretch

modulus of S-DNA is not between that of B-DNA and ssDNA, suggesting its struc-

ture is not simply a mixture of B-DNA and ssDNA regions. A magnetic tweezers

experiment by Danilowicz et al. has shed light on this issue. They found that DNA

overstretched from the 5’5’ ends is more vulnerable to force-induced melting than

DNA overstretched from the 3’3’ ends [61]. Furthermore, hysteresis was affected by

cyclodextrin and glyoxal during 5’5’ overstretching, but not during 3’3’ overstretch-

ing. Cyclodextrin binds flipped bases, and glyoxal binds unpaired bases, preventing
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re-pairing. These results agree with simulations in which 5’5’ overstretching forms

an inclined structure with base flipping and reduced base pair stability, while 3’3’

overstretching forms a ladder-like structure with more stable base pairing [65, 68].

The work of Danilowicz et al. demonstrates that single-molecule manipulation can

provide clues about novel force-induced structures in DNA, which are inaccessible to

bulk measurements.

1.3.6 Unzipping DNA

Single-molecule manipulation has been used to “unzip” as well as stretch DNA. Un-

zipping occurs when the adjacent 3’ and 5’ ends of dsDNA are pulled apart, me-

chanically separating the two strands by progressive unpairing of their bases. This

occurs abruptly at 10–20 pN, after which the force-extension curve proceeds in a

saw-tooth pattern characteristic of stick-slip motion [75–77]. The dynamics of un-

zipping are sequence-dependent, as evidenced by higher observed forces in GC-rich

regions [75] and good reproducibility for unzipping/rezipping molecules of the same

sequence [77, 78]. Under near-equilibrium conditions (loading rate ≤ 300 pN/s), the

force-extension curve for unzipping DNA of known sequence is predicted remarkably

well using equilibrium statistical mechanics and four measured energies: the base

pair binding energy (3.2 kBT and 5.2 kBT for AT and GC pairs, respectively [76]);

the energy to extend a wormlike chain (dsDNA) or freely-jointed chain (ssDNA); the

potential energy of the bead in the optical trap used for the study; and the thermal

energy kBT [79]. The remarkable agreement between this calculation and experiment

demonstrates the basepair sensitivity of unzipping.

The critical force required on average to initiate unzipping increases with tem-

perature. Temperature-dependence unzipping measurements were performed using
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a massively parallel magnetic tweezers setup [80]. The phase diagram agrees quali-

tatively with calculations based on a one-dimensional model of DNA, except at low

temperature where the critical force increases sharply [81]. Partially unzipped DNA

held near the critical force can be stable over force fluctuations of 2–5 pN, and this

is observed over a temperature range of 24–50 ◦C [77]. This stability of partially-

unzipped DNA could be useful for DNA-binding enzymes in vivo [77].

1.3.7 Twisting DNA

When the ends of a polymer are unable to rotate freely, it is said to be torsionally

constrained. This can occur, for example, when DNA is ligated into a circle. Torsion-

ally constrained DNA can be described by the degree of supercoiling or supercoiling

density,

σ = (Lk − Lk0)/Lk0. (1.11)

Here, Lk is a topological invariant of the system called the linking number. It is

given by Lk = Tw +Wr, where Tw is the twist (the number of helical turns along the

molecule) and Wr is the writhe (a measure of extrahelical loops called plectonemes,

which resemble the way a phone cord buckles and writhes on itself when twisted).

The linking number for unperturbed B-DNA is given by Lk0 = Tw0 = N/h, where N

is the number of bases, and h = 10.4 bases/turn. Torsionally unconstrained DNA has

σ = 0; when σ > 0, the helix is positively supercoiled or overwound; when σ < 0, it is

negatively supercoiled or underwound. Circular DNA isolated from cells and virions

has σ typically between -0.05 and -0.07 [82]. In a magnetic tweezers experiment, σ

can be controlled by rotating the magnetic field; the stretching force and torque can

also be measured [83].

The response of DNA to supercoiling depends dramatically on the applied stretch-
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ing force, F . For very small F < 0.5 pN, as |σ| increases the molecule writhes and

forms plectonemes, decreasing its end-to-end extension. At higher forces, negative

supercoiling causes DNA to melt while its extension remains constant; positive su-

percoiling still forms plectonemes. Above F ∼ 3 pN, positively supercoiled DNA

no longer forms plectonemes. In this regime, for large supercoiling DNA transitions

to a highly overwound state called scP-DNA, in which the bases are splayed out-

ward [84, 85]. For small supercoiling, however, the molecule remains B-DNA with a

surprising mechanical property: a positive correlation between twist and stretch.

Two groups, Lionnet et al. and Gore et al., demonstrated that B-DNA in this

tension/twist regime actually extends as it is overwound [85,86]. Gore et al. tracked a

fluorescent rotor bead attached to the molecule, and showed that DNA overwinds as

F is increased, up to ∼ 30 pN [86]. Above this critical force, DNA begins to unwind

again.

This behavior is counter-intuitive: how can a helix lengthen as it is overwound?

It can do so by shrinking its diameter, as Lionnet et al. showed using molecular

modeling calculations, and Gore et al. showed using a modified elastic rod model.

The surprising and variable relationship between stretch and twist is one of DNA’s

most remarkable mechanical properties.

1.3.8 DNA-protein interactions

All of the aforementioned single-molecule manipulations of DNA are valuable in

studying the mechanochemical interactions between DNA and DNA-binding proteins.

During the past decade, single-molecule manipulation has been used to investigate

and control a large number of DNA-protein interactions in vitro [35, 72, 87–91]. In

what follows, we will discuss single-molecule manipulation of DNA interacting with
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histones, viral packaging motors, and helicases. We will also discuss the facilitated

diffusion of a protein in search of a target DNA sequence, and compare it to the

directional translocation of a molecular motor.

DNA-histone interactions

Single-molecule manipulation experiments are shedding light on the dynamics of hi-

stone/DNA interactions [43, 92]. In eukaryotic cells, the negatively-charged DNA

molecule is wrapped around positively charged proteins called histones, which forms

higher-order structures leading ultimately to chromatin. The basic repeating unit is

the nucleosome, which consists of ∼147 bp of DNA wrapped ∼1.7 times around an

octamer of histones. The formation of these structures is critical in order to pack

the genome—which may be 105 times longer than the cell—into the cell nucleus. At

the same time, the opening of the nucleosome is crucial to provide enzymes access to

DNA to carry out cell processes. Yet the mechanical dynamics of DNA–histone and

internucleosome interactions are not yet fully understood, despite their importance

and ubiquity [93].

Optical tweezers have begun to fill in these gaps by exploring the unwrapping

of individual nucleosomes [43, 92–94] as well as the higher-order interactions which

stabilize a chromatin fiber [95]. In 2002, for the first time, optical tweezers were

used to pull a reconstituted array of chromatin with a resolution capable of clearly

distinguishing force-induced disruption of individual nucleosomes [43]. This work

was later extended to examine the effects of histone tails on nucleosome stability [92].

The measured force-extension curve displayed a low-force region, in which DNA is

smoothly released; and a high-force region, with a saw-tooth pattern of 17 peaks

corresponding to the sudden release of DNA by the 17 nucleosomes in the array
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studied. A model based on this data formulated that nucleosome disruption occurs

in these key stages.

A mapping of the strongly-interacting DNA-nucleosome regions was reported with

near base pair accuracy, using improved techniques [93]. In that study, Hall et al.

disrupted the nucleosome by unzipping the DNA. This behavior mimics an encounter

between the nucleosome and RNA polymerase, a molecular motor which unzips and

opens a transcription bubble as it moves along DNA. Hall et al. were thus able to use

their mapping of DNA-histone interaction strength to model transcription dynamics

of RNA polymerase through the nucleosome.

Another recent model accurately predicted nucleosome occupation in yeast and

fly genomes, based only on DNA’s sequence-dependent mechanical properties such as

bending stiffness, and twisting stiffness measured in magnetic tweezers experiments

[96]. It was therefore concluded that the physics of different DNA sequences plays a

significant role in gene accessibility and expression [96].

DNA interactions with virus packaging motors

During the infection cycle of many viruses, the viral genome is packaged by a molec-

ular motor which translocates DNA into the pre-assembled capsid. This powerful

motor converts chemical energy from ATP into mechanical work, packing the capsid

with DNA to near-crystalline density.

The first single-molecule manipulation experiments to directly measure the stalling

force and packaging dynamics of a viral packaging motor were performed by Smith

et al. [39]. They attached a stalled, partially-packaged bacteriophage ϕ29 complex

to one bead, and tethered the remaining DNA to a second bead in an optical trap.

Adding ATP caused the motor on the first bead to reel in the DNA tether (with
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occasional pauses and slips), which was detected as changes in force and extension

in the second bead. Later, methods were improved to allow observation of the en-

tire packaging process from initiation to stalling, against variable load [40,41,97,98].

The improved techniques have been used to study the important model biological

systems of bacteriophages ϕ29 [41, 98], λ [97], and T4 [40]. The studies reveal pack-

aging motors operate at initial velocities ranging from 150–2,000 bp/s, and generate

translocation forces ∼ 50 pN—which is close to the force required to overstretch DNA.

Motor velocity slows as the capsid is filled with DNA, due to the buildup of a large

force as high as ∼ 110 pN inside the capsid [98]. This internal force is due to the

entropic change, bending stiffness, and electrostatic repulsion of DNA, and it may

assist ejection of the viral genome into a host during infection [39,40,97,98].

DNA-helicase interactions

Virus packaging motors are only one example of molecular motors that have been

studied by single-molecule manipulation. The past decade has seen experimental

investigation of T7 and UvrD, two model DNA helicases. DNA helicase is a molecular

motor which translocates directionally along ssDNA, and moves forward when it

reaches an ss/dsDNA junction by unwinding and separating the double helix. This

is an essential step in many biological processes.

Johnson et al. investigated the dynamics of DNA helicase by using optical tweez-

ers to unzip helicase-bound DNA [36]. A sequence-dependent unwinding rate was

observed in the ring-shaped T7 DNA helicase under study, which increased by ten-

fold upon an increase in applied unzipping force. This rate was determined to be

inconsistent with passive models of helicase unwinding, in which helicase captures

ssDNA which has been opened at the ss/dsDNA junction by thermal fluctuations. It
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was therefore concluded that T7 DNA helicase actively unwinds the double helix.

The E. coli UvrD helicase has also been studied by pulling dsDNA bound to UvrD

at the site of a nick [99]. An experiment using unzipping (similar to the Johnson et

al. method described above) found that, unlike T7 helicase and contrary to intuition,

the unwinding rate of UvrD decreases with applied unzipping force [100].

Protein search pathways along DNA

Motor proteins such as FtsK directionally translocate DNA using ATP as fuel, gen-

erating forces in the tens of picoNewtons and velocities of thousands of base pairs

per second, as revealed by single-molecule manipulation [101–103]. Many other DNA-

binding proteins, on the other hand, do not propel themselves in a particular direction

along DNA; they can only travel by nonspecific binding and sliding along DNA, and

may only move a few hundred base pairs or less before unbinding. A protein which

must locate a particular DNA sequence in order to function thus faces the seemingly

difficult task of finding its target by random diffusion. Fortunately for the protein, 1D

diffusion along DNA is assisted by 3D unbinding/rebinding in short “hops”, interseg-

mental “jumps”, and longer volume “excursions”. Using optical tweezers, Broek et al.

were able to distinguish 3D intersegmental jumping from other search pathways by

extending DNA between random coil and more taut conformations. This effectively

switched 3D jumping between nearby DNA segments on and off, respectively [104].

They found that DNA cleavage protein EcoRV finds its target site twice as fast when

DNA is a random coil and 3D jumping is switched on, indicating that this pathway

is a critical part of the protein search process.
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1.3.9 DNA nanotechnology applications

DNA is appreciated in the field of nanotechnology for its self-organization proper-

ties. The method of designing DNA strands with sequences that will base pair to

form nanoscale structures has spawned the field of DNA nanotechnology [105–107].

Chen and Seeman originally reported the assembly of a cube-like nanostructure built

from DNA [108]. In the past few years, Seeman and colleagues have created pro-

grammable DNA “cassettes” of ∼ 100 nm size, which selectively capture other DNA

nanodevices [109]. In addition, a method of DNA origami has been developed by

Rothemund which simplifies the task of producing DNA nanostructures [110]. In

this method, one ssDNA is used as a scaffold for the desired shape. Many shorter

staple strands of ssDNA are then designed with specific sequences, which base pair

with different segments of the scaffold, crosslinking them to stabilize the intended

shape. A wide variety of nanoscale 2D structures was created using this simple and

robust method. These methods have been extended to design and assemble 3D struc-

tures [111]. Recently, a template created by DNA origami with biotin incorporated

at specific sites was used as a chemical breadboard, allowing control over and imaging

of the binding of single streptavidin molecules with nanoscale precision [112].

1.4 Conclusion

In this chapter we have reviewed AFM, imaging of nucleic acids, single-molecule

manipulation of DNA, and developments in the study of the physics of DNA by

single-molecule manipulation. This serves as background for Chapters 2 and 3, which

rely on the theory and experiment behind AFM single-molecule manipulation and

imaging of nucleic acids, respectively.
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Chapter 2

Free Energy Landscapes of Multiple Pathways of

DNA Overstretching Transitions from Crooks

Fluctuation Theorem

2.1 Summary

A note to the reader: please note that all or part of the following chapter may be

included in a manuscript to be submitted for publication [113]. Sections of this

chapter may therefore appear in a future publication, either in their current form,

or in a condensed, expanded, or revised form. The way most of the figures in this

chapter are displayed benefited from contributions by Sitara Wijeratne, Jingqiang Li,

and Ruiming Jin.

The biological function of proteins and nucleic acids is determined by their adop-

tion of specific conformations, which can be understood as the occupation of local

minima on free energy landscapes [114]. Free energy landscapes can be experimen-

tally reconstructed from single-molecule measurements and nonequilibrium work the-

orems [13, 115–117]. Such landscapes have thus far exhibited one single pathway,

or the free energy is that of the combined molecule-plus-force-probe system used in

experiments. In addition, the Crooks fluctuation theorem [118] has rarely been used

to reconstruct landscapes, even though it relates measurements performed in two di-

rections to free energy, and it can be used to derive [119] the more commonly-used

Jarzynski equality [120], which relates measurements performed in one direction only.
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When it has been used [116], total or partial equilibration of the system has been as-

sumed at each step along the reaction coordinate, which is not necessary when using

the Jarzynski equality. Here we derive an approach to overcome these limitations,

and use it to reconstruct the branched, multi-state landscape of poly(dA), a single-

stranded DNA with unusual force vs. extension behavior. We found agreement

between reconstructions using the Crooks fluctuation theorem, Jarzynski equality,

and equilibrium measurements. These results extend the landscape reconstruction

approach and the application of nonequilibrium work theorems.

2.2 Introduction

Free energy landscapes can be experimentally reconstructed by observing a molecule

in equilibrium for a sufficient time, but this method is limited by instrument drift,

and it may miss rare states [117]. Alternatively, landscapes can be reconstructed by

repeatedly driving a molecule from an initial equilibrium and using nonequilibrium

work theorems, namely the Jarzynski equality (JE) and Crooks fluctuation theorem

(CFT). These equations relate fluctuations in work done on a system repeatedly

driven from equilibrium, to the free energy difference between equilibrium states.

Previous studies have used the JE or CFT to reconstruct landscapes of the unfold-

ing of RNA [115], DNA hairpins [116,117,121], and proteins [13], using single-molecule

techniques such as atomic force microscopy (AFM) or optical tweezers. Such recon-

structions have thus far relied on methods which have one or more of the following

limitations: (i) the JE is used instead of the CFT [13, 115, 117], even though the

CFT utilizes measurements performed in both directions simultaneously and thus

provides a potentially more accurate free energy estimate [122]; (ii) the landscape

does not exhibit multiple pathways [13, 115, 117]; (iii) the free energy is that of the
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molecule-plus-force-probe system, not the bare molecule [115, 116, 121]; (iv) partial

or total equilibration is assumed along the reaction coordinate [116,121]; (v) the sys-

tem is nano-sized and the process involves dissipated work . 100kBT , where kB is

Boltzmann’s constant and T is temperature [13, 115–117,121].

One remarkable property of the JE is that it can be used to determine the free

energy landscape, G(z), as a function of molecular end-to-end extension, z, without

waiting for equilibration at each step, thus overcoming limitations (iii-iv) [13, 117].

This suggests it may also be possible using the CFT, since the JE is closely related

to, and can be derived as a consequence of, the CFT [119]. This would overcome

limitations (i,iii-iv).

Other considerations, however, suggest it may not be possible. For a repeated

thermodynamic process carried out in forward (F ) and time-reversed (R) directions,

the CFT predicts a relationship between the work distributions and the free energy

difference between endpoints of the process. Like the JE, the CFT requires that the

system starts in equilibrium for each repetition. Measuring nonequilibrium work while

switching a molecule between λA → λB and λA ← λB, as shown in the force-extension

curves (FECs) in Fig. 2.1a, thus allows determination of the free energy difference,

∆GλAλB
. In order to reconstruct the entire landscape, free energy differences must be

determined for every intermediate position, λM . As illustrated in Fig. 2.1a, this would

ostensibly require many sets of measurements where the molecule must be allowed to

equilibrate at every λM before pulling.

Here we derive a deconvolution approach to reconstruct G(z) using the CFT, with-

out waiting for equilibration at intermediate positions. The basis of our approach is

to relate the measured work distributions for pulling from the end positions, to the

unknown work distributions needed (see Fig. 2.1a), by convolution. The work distri-
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Figure 2.1 : Single-molecule measurements. (a) Representative FECs of poly(dA)
stretched (blue) or relaxed (red) from an initial equilibrium at λA and λB, respec-
tively. The shaded area represents a measurement of nonequilibrium work. Work dis-
tributions measured vs. those needed to reconstruct G(z) using the CFT are shown.
(b) FECs of repeated stretch/relax cycles displaying multiple states and pathways.
Black: representative individual stretching curves. Inset: schematic representation of
AFM pulling. Data collected by Wei-Hung (Harry) Chen.

butions from all positions are then related to free energy differences using the CFT.

We also show how to determine free energy along z, even though λ and not z is the

parameter being controlled in single-molecule experiments (Fig. 2.1b, inset). Com-

bined with a method to reconstruct metastable pathways using the JE, we reconstruct

a landscape overcoming the five limitations described above.

We demonstrate our approach by studying the stretching and relaxation of poly(dA),

a homopolymeric single-stranded DNA with unique thermodynamic properties. Un-
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perturbed poly(dA) forms a single-stranded helix due to the strong stacking interac-

tions among adenines [123]. When confined to a membrane nanopore, it elongates and

its bases tilt collectively toward the 5’ end [124]. Tracts of poly(dA) along one strand

of double-stranded DNA, or A-tracts, are overabundant in eukaryotic genomes, and

genome-wide analyses suggest A-tracts influence nucleosome organization, a result

which could be explained by the unusual resistance to bending in A-tracts compared

to generic sequence DNA [125].

2.3 Methods

2.3.1 Single-Molecule Force Measurements

Sample preparation and data collection were as previously described [126], using a

MultiMode AFM equipped with a PicoForce controller (Bruker, formerly Veeco) and

Nanoscope V controller (Bruker). The P-scanner used was calibrated to within 1% in

X and Y and within 0.8% in Z height precision, using multiple calibration grids: a

platinum-coated surface topography reference grid of pitch (X, Y periodicity) 3×3 mi-

crometers and feature depth 180 nm (VLSI Standards Inc.); 10×10 micrometers and

200 nm depth; and 1×1 micrometers (Digital Instruments). A silicon nitride AFM tip

(Bruker) was used to pick up a single molecule [51,57,59,127]. The cantilever spring

constant was determined using the equipartition theorem method to be k = 0.04

N/m [5, 128]. Experiments were carried out in Tris-EDTA buffer (10 mM Tris-HCl,

1 mM EDTA, pH 8) with 150 mM NaCl. To remove instrument drift, FECs were

aligned in the reversible regions excluding the overstretching transition. Units were

transformed to units per base by assuming poly(dA) is fully stretched at 600 pN with

an interphosphate distance of 0.7 nm [126, 127]. For constant-velocity experiments,
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a total of 38 FECs were measured at pulling speed ν = 40 nm/s. Constant-force

experiments were performed similarly to those described [126]. A poly(dA) molecule

was stretched until a predetermined force was reached, ranging from 60–290 pN, after

which a feedback loop was used to maintain constant force while recording λ and D

over time. For constant-force measurements only data taken after reaching equilib-

rium, as determined by a characteristic jump from the high to low FEC pathway,

were analyzed.

2.3.2 Derivation of CFT in terms of G(z)

The following derivations benefitted from checking by Ruiming Jin.

The work in the CFT is W =
∫
Fdλ, i.e. the work done on the entire molecule-

plus-force-probe system [129]. Consequently, the free energy in that equation is the

reversible work done on this combined system, in terms of λ. In order to derive a

similar relation in terms of G(z), the free energy of the molecule as a function of its

extension, we start with the Crooks path ensemble equation, from which both the JE

and CFT can be derived [119]:

⟨F⟩F = ⟨F̂ exp(−β[W +∆Gλ])⟩R. (2.1)

This equation relates work and free energy for repeated processes of λ in two direc-

tions: λA → λB in the forward (F ) direction, and the time-reversed process λA ← λB

in the reverse (R) direction, where in each process the system begins in equilibrium.

The brackets ⟨...⟩F and ⟨...⟩R represent averages of the paths taken by the system

during the F process evaluated over forward paths [x], and the time-reversed process

R evaluated over reverse paths [x̂], respectively. F represents an arbitrary functional

of the path, with time-reversal F̂ , where F [x] = F̂ [x̂]. Consistent with our notation
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above and following the convention of Ref. [119], the “delta” is defined in terms of

the forward process, i.e. ∆Gλ ≡ GλB
−GλA

.

Let us assume that at the beginning (t = 0) and end (t = τ) of the process, the

system has a well-defined z. That is, for the F process z(0) = zA and z(τ) = zB;

for the R process z(0) = zB and z(τ) = zA. This assumption does not preclude

nonequilibrium behavior, and it is satisfied by (i) waiting for the system to equili-

brate after each pulling process, which is already required when using the JE or CFT

to ensure the next measurement begins in equilibrium; and (ii) having a tight distri-

bution of equilibrium z at the ends of the process, which is a good approximation in

our experiments. It follows that the reversible work for switching the molecule-plus-

force-probe system from λA → λB is equal to the reversible work for switching the

molecule from zA → zB, plus the reversible work for switching the force probe from

(zA, λA)→ (zB, λB). That is,

∆Gλ = ∆Gz + V (zB, λB)− V (zA, λA) (2.2)

where V (z, λ) is the energy stored in the force probe (the AFM cantilever), and ∆Gz

is the reversible work for switching the bare molecule between equilibrium states

at extensions zA and zB. The work can be written as W = Wz + V [z(τ), λ(τ)] −

V [z(0), λ(0)], where Wz ≡
∫ τ

0
Fdz is the work done on the molecule, also called the

transferred work [129, 130]. Plugging Eq. (2.2) and this expression for work into

Eq. (2.1), and noting that inside the brackets ⟨...⟩R we have λ(0) = λB, z(0) = zB,

λ(τ) = λA, and z(τ) = zA, gives

⟨F⟩F = ⟨F̂ exp(−β[Wz[x̂] + ∆Gz])⟩R. (2.3)

For clarity in the next step, we have written the work explicitly as a functional

evaluated over time-reversed paths, Wz[x̂], which is implied by its appearance within
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the time-reversed path average, ⟨...⟩R.

Choosing F = δ(Wz −Wz[x]), we have F̂ = δ(Wz + Wz[x̂]), since work is odd

under time-reversal. Plugging this choice into Eq. (2.3) gives

PF (Wz) = PR(−Wz) exp(β[Wz −∆Gz])

PF (Wz)

PR(−Wz)
= exp(β[Wz −∆Gz]). (2.4)

which is Eq. (2.10) below. Here PF (Wz) represents the probability of measuring

the amount of work Wz during the F process, and PR(−Wz) is the probability of

measuring the negative of that amount of work during the R process. This is just

another version of the CFT, which is useful in single-molecule experiments because

it derives from measurements of the molecule-plus-force-probe system for a repeated

process in λ, and relates those measurements to a quantity of interest, ∆Gz, the free

energy of the molecule as a function of its extension.

2.3.3 Reconstructing the metastable branch

The following derivations benefitted from checking by Ruiming Jin.

Because of the branched shape of the free energy landscape, in a finite number of

measurements the metastable pathway was only observed in F trajectories. Therefore,

in order to reconstruct this free energy branch, we would essentially like to apply the

JE to F -direction FECs which follow it. The formalism of extended fluctuation

theorems developed in Ref. [116] allows us to do this. There it is shown that

P SA→SB

P SA←SB

⟨
exp

[
−β

(
W −∆GSA,λA

SB ,λB

)]⟩SA→SB

F
= 1 (2.5)

where P SA→SB (P SA←SB) is the probability the system is in the state SB (SA), which

may be a kinetic state, at the end of the F (R) process. Here we consider SB to
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represent the metastable state of poly(dA) when it follows the high FEC pathway.

The average is restricted to trajectories during the F process which start in SA and

end in SB, and ∆GSA,λA

SB ,λB
is the change in free energy of the combined molecule-plus-

force-probe system. In order to derive the free energy of the molecule as a function

of z, we make the same assumptions leading to Eq. (2.2), above. This time, the

assumptions are satisfied because we are only considering F trajectories which end

in the metastable state, SB, which ensures in our system a tight distribution of z at

the end of the process. This allows us to write an equation similar to Eq. (2.2):

∆GSA,λA

SB ,λB
= ∆GSA,zA

SB ,zB
+ V (zB, λB)− V (zA, λA). (2.6)

Plugging this and the expression given above for work, W , in terms of work done on

the molecule, Wz, into Eq. (2.5) gives

P SA→SB

P SA←SB
⟨exp[−β(Wz −∆GSA,zA

SB ,zB
)]⟩SA→SB

F = 1 (2.7)

or, rearranging,

∆GSA,zA
SB ,zB

= −kBT log

(
P SA→SB

P SA←SB

)
− kBT log⟨exp(−βWz)⟩SA→SB

F (2.8)

which is similar to Eq. (2) in Ref. [121]. The first term on the right can be neglected,

since we observe P SA←SB ≈ 1, and P SA→SB ≈ 0.3, so this term contributes only 1.2

kBT = 5.3× 10−4 kcal mol−1 base−1, which is much smaller than the contribution of

the other term. Then we have

∆GSA,zA
SB ,zB

= −kBT log⟨exp(−βWz)⟩SA→SB
F , (2.9)

which essentially means we can reconstruct the metastable free energy branch by

applying the JE only to those F trajectories which follow the high pathway.
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2.4 Results

2.4.1 Measurement of force-extension curves

We repeatedly stretched (forward, F process) or relaxed (reverse, R process) a single

poly(dA) molecule in fluid using AFM. The position, λ, of the piezo-controlled sub-

strate stage was changed at constant speed, ν, as shown schematically in Fig. 2.1b,

inset. We monitored cantilever displacement, D, from its equilibrium position to

measure the spring-like restoring force on the molecule, F = −kD, where k is the

cantilever spring constant (see Methods). We plot force versus extension, z = λ−D,

to obtain FECs as shown in Fig. 2.1b. After stretching or relaxing, the system was

kept at fixed λ to allow equilibration, which at high extensions was characterized by

a sudden drop in force (dashed lines) [126].

Fig. 2.1a shows FECs with a plateau at 23 pN, and at forces above 114 pN an

overstretching transition is observed with multiple pathways [126,127], which defines

our region of interest. The FECs in Fig. 2.1b show the previously-observed behavior,

including a low-force, reversible pathway and a high-force, irreversible pathway, with

occasional sudden transitions from the higher to lower pathway.

2.4.2 Application of Crooks Fluctuation Theorem

Before using the CFT, it must be considered that the work is W =
∫
Fdλ, that is,

the work done on the combined molecule-plus-force-probe system [129]. Consequently,

the free energy in the CFT is the reversible work done on this combined system, as

a function of λ. In order to derive a relation for G(z), let us assume that at the

beginning (t = 0) and end (t = τ) of the process, the system has a well-defined z.

That is, for the F process z(0) = zA and z(τ) = zB; for the R process z(0) = zB
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and z(τ) = zA. This assumption does not preclude nonequilibrium behavior, and it is

satisfied by (i) waiting for the system to equilibrate after each pulling process, which

is already required when using the JE or CFT to ensure the next measurement begins

in equilibrium; and (ii) having a tight distribution of equilibrium z at the ends of the

process, which is a good approximation in our experiments. It can then be shown

that (see Methods):

PF (Wz)

PR(−Wz)
= exp(β[Wz −∆Gz]) (2.10)

where PF (Wz) represents the probability of measuring the amount of work Wz during

the F process, PR(−Wz) is the probability of measuring the negative of that amount

of work during the R process, Wz ≡
∫ τ

0
Fdz is the work done on the molecule (also

called the transferred work) [129, 130], and ∆Gz is the change in free energy for

switching the molecule between equilibrium states at extensions zA and zB.

Eq. (2.10) is just another version of the CFT, which is applicable to single-molecule

experiments because it derives from measurements of the molecule-plus-force-probe

system for a repeated process in λ, and relates those measurements to free energy

changes in the bare molecule as a function of z. ∆Gz can be determined from the

data using the CFT prediction that the F and R distributions cross at work values

equal to the free energy difference [131]. This can be seen in Eq. (2.10) by setting

Wz = ∆Gz, which implies the distributions on the left side are equal.

2.4.3 Deconvolution of work distributions

In order to determine free energy differences at intermediate extensions, zM , and

thereby reconstruct G(z) using the CFT, we assume work distributions can be related
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Figure 2.2 : Comparison of CFT-based methods. Using the graphical method or the
Bennett method, and changing the bin size of work histograms, increased or reduced
artifacts but had little effect on the overall shape of the landscape. Purple: larger
bin size. Green: smaller bin size. Free energy calculations using the Bennett method
were performed by Jingqiang Li with help from the author.

by convolution:

PF (Wz)zA→zB = PF (Wz)zA→zM ⋆ PF (Wz)zM→zB

PR(−Wz)zA←zB = PR(−Wz)zM←zB ⋆ PR(−Wz)zA←zM (2.11)

where ⋆ indicates convolution, and the protocol from which each distribution derives

is written in subscripts, which we write in terms of z to emphasize that the system

starts and ends at well-defined z. Because the system was allowed to equilibrate at zA

and zB before pulling, in each convolution relation above two of the three distributions

were measured. The third, unknown distribution in each relation was deconvolved

from Eq. (2.11) using the discrete convolution theorem [8]. Since deconvolution is

sensitive to input noise, some of the deconvolved distributions oscillated wildly or

had large negative values. In these cases, the input noise prohibited an accurate

estimate of the distributions, so a threshold was used to exclude distributions with
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equal or lower values from further analysis. Results shown here used a threshold

of -0.1; lowering the threshold to include more distributions increased the noise in

G(z), but did not change its shape. Similarly, using a larger bin size increased stair-

like artifacts, and a smaller bin size reduced the number of acceptable deconvolved

distributions and increased spurious noise spikes, but otherwise the choice of bin size

did not affect G(z) (Fig. 2.2).

Figure 2.3 shows the deconvolved R distribution, PR(−Wz)zA←zM , and measured F

distribution, PF (Wz)zA→zM . Using Eq. (2.10), the intersection of these distributions

gives ∆Gz = GzM − GzA. In addition to this graphical method, we also used the

Bennett acceptance ratio method to determine where the distributions cross [122],

which gave similar results (Fig. 2.2). As expected, Fig. 2.3 shows greater work is

required for greater extensions. The F distribution follows two pathways due to

metastability. An analogous procedure of pairing deconvolved F with measured R

distributions was also performed. The free energy differences estimated from both

procedures were combined to obtain GCFT , a reconstruction of G(z) using the CFT

(Fig. 2.4a).

2.4.4 Comparison of landscape reconstruction methods

To check the accuracy of our CFT-based deconvolution approach, we used the same

data to reconstruct G(z) using a form of the JE applicable to single-molecule exper-

iments [130, 132], as previously described [13, 15] and experimentally validated [117].

In recent years, the JE has been used to reconstruct landscapes for titin I27 domain

unfolding [13, 15], membrane protein unfolding [133], the unfolding of DNA hair-

pins [117] and RNA hairpins to within ± 1
2
kBT [115]. Because data in this study

were collected in both F and R directions, the JE affords two estimates: GF
JE and
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Figure 2.3 : Measured and deconvolved work distributions. (a) Representative mea-
sured forward distributions paired with appropriate reverse distributions obtained by
deconvolution (see text). The overlap between forward/reverse pairs determines free
energy differences using the CFT. Points are connected with curved lines for display
purposes and curves are shifted for comparison. (b) All distributions in a nonequi-
librium region, smoothed with a Gaussian kernel and visualized as surfaces. Their
intersection traces out the free energy landscape.

GR
JE (Fig. 2.4a).

Figure 2.4a shows that our CFT-based method agrees with the JE-based method.

Landscapes were shifted for comparison. The error determined by bootstrap anal-

ysis was 0.5(1)% and 0.3(2)%, respectively, across the overstretching transition. In

addition, by separately analyzing the FECs which followed the high-force pathway

(see Methods), the nonequilibrium branch of the landscape was reconstructed, GF
JE

high path. Finally, as expected for nonequilibrium measurements, the average work

in the F direction, ⟨W F
z ⟩, overestimates G(z) due to the contribution of irreversible



55

2

F = 90 pN

(a)

(b)

0.5 0.55 0.60 0.65

0

1

0.5 0.55 0.60 0.65
Extension (nm/base)

0

1

2

F
re

e
 e

n
e

rg
y
 (

k
c
a

l/
m

o
l/
b

a
s
e

)

F = 150 pN

.50

.50

Figure 2.4 : Free energy landscape reconstructions. (a) Reconstructions using the
CFT-based and JE-based methods, including a metastable branch. Inset: agreement
between methods shown by plotting the difference between each estimate, G, and the
average of the JE estimates, A = (GF

JE + GR
JE)/2. Data inside the yellow band are

within ± the bootstrap error in A (Nboot = 103 iterations). (b) The branched land-
scape tilted by a force below (F = 90 pN) and above (F = 150 pN) the overstretching
transition, showing metastable and equilibrium states (arrows).

trajectories following the high-force pathway. However, the average work in the R

direction, ⟨WR
z ⟩, tends to underestimate G(z), as shown in Fig. 2.4a, inset. Taking

the derivative, d/dz, of the branched free energy landscape recovers both equilibrium

and metastable FEC pathways (Fig. 2.5).
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Figure 2.5 : The derivative, d/dz, of landscape reconstructions. The analytical deriva-
tive was taken of smoothing splines fitted to the G(z) curves shown. For comparison,
the average forces in each direction, ⟨FF ⟩ and ⟨FR⟩, are shown. Results from using
high-pathway data only are labeled.

2.4.5 Landscapes tilted by force

The reconstructions in Fig. 2.4a represent the free energy landscape of the unper-

turbed molecule. However, the different states of the molecule can be more easily

identified from the landscape, GF (z), tilted by a constant force, F . To transform

G(z) into GF (z), we subtract the work done by F [117]:

GF (z) = G(z)− Fz. (2.12)

Figure 2.4b shows the landscape at F below and above the overstretching transition.

At low force, there is a single minimum free energy state for both branches. At

high force, there are two states: a metastable state along the upper branch, and an

extended, equilibrium state along the lower branch (arrows). The two equilibrium

states are equally favored at F1/2 = 120 pN, where the overstretching plateau occurs,

as shown in Fig. 2.6.



57

0.5 0.55 0.6 0.65
Extension (nm/base)

0

0.5

1

F
re

e
 e

n
e

rg
y
 (

k
c
a

l/
m

o
l/
b

a
s
e

)

   = 90 pN

   = 100 pN

   = 110 pN

   = 120 pN

   = 130 pN

   = 140 pN

   = 150 pN

 F

 F

 F

 F

 F

 F

 F

Figure 2.6 : Effect of force on free energy landscape. Equilibrium branch of the
landscape tilted by constant forces (as described in the text) spanning the poly(dA)
overstretching transition. Two states are equally favored at F1/2 = 120 pN (arrows).
For clarity, here we show only the results from the JE and F -direction data, GF

JE.

2.4.6 Comparison of nonequilibrium methods to equilibrium methods

We compared our results from nonequilibrium measurements of FECs to landscapes

determined from equilibrium measurements of probability distributions [117], as shown

in Fig. 2.7. Force-clamping was performed on an equilibrated molecule (see Meth-

ods) while extension over time, z(t) = λ(t) − D(t), was plotted to determine the

equilibrium probability distribution, P (z). This was transformed into free energy by

assuming the Boltzmann distribution,

Geqm(z) = −kBT log[P (z)]. (2.13)

Because of the low probability of free energy changes greater than ∼ 6 kcal mol−1

(∼ 10 kBT ), each force-clamp recording reconstructed only part of the landscape

near an equilibrium z, as shown in the example in Fig. 2.7a. Additional pieces were

reconstructed by repeating the measurement at different clamped forces. The pieces

were then re-tilted to a common force and finally shifted for comparison, as shown in
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Figure 2.7 : Comparison of reconstructions from equilibrium and nonequilibrium
methods. Results are shown for F1/2. (a) Equilibrium plot of extension over time,
z(t), at a constant clamped force. Data collected by Wei-Hung (Harry) Chen. These
data allow determination of the probability distribution and a piece of the land-
scape. (b) Landscapes reconstructed from nonequilibrium FECs, GCFT (solid red),
Gavg

JE (black squares) and GF
JE high path (yellow diamonds), compared to equilibrium

reconstructions (solid blue and green curves). Error bars were calculated using the
bootstrap method. Inset: magnification of GCFT and the equilibrium results for a
molecule with an assumed length of 1,000 bases.

Fig. 2.7b, and they display agreement with the nonequilibrium results.

2.5 Discussion

2.5.1 Advantages of nonequilibrium methods

The equilibrium results shown in Fig. 2.7b agree with the nonequilibrium results.

However, the equilibrium results are somewhat flatter and broader in shape, which
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is likely due to imperfect feedback during force-clamping, which artificially broadens

the observed P (z). More significantly, the equilibrium method misses the metastable

branch of the landscape altogether. This is not surprising, since the probability of

observing a spontaneous jump from equilibrium to the metastable branch is extremely

low. For example, Fig. 2.4b shows that at F = 150 pN, this would require a free energy

change of 0.5 kcal mol−1 base−1, or 500 kcal mol−1 for the long polynucleotides studied,

plus a previously-measured barrier [126].

Even along the equilibrium free energy branch, the equilibrium method has lim-

itations in reconstructing the barrier between states, as shown in Fig. 2.7b. This

can be explained by the nonequilibrium results, which show a more distinct barrier

along this branch. The inset of Fig. 2.7b provides a rough estimate of the barrier

for a molecule with an assumed length of 1, 000 bases, ∆G‡ = 17 kcal mol−1, which

is comparable to protein unfolding. Using the Arrhenius equation, we estimated the

time, Γ, to observe the barrier starting from an equilibrated state,

1/Γ = A exp(−∆G‡/kBT ). (2.14)

Assuming A is between 105 and 1010 s−1 [134–136], we find Γ is between 3× 102 and

3 × 107 s. This explains why barrier hopping was not observed during equilibrium

force-clamping runs of 75 s, such as the run shown in Fig. 2.7a. The barrier height

estimated from nonequilibrium methods was therefore consistent with, and explained

the equilibrium behavior. In principle, observing the equilibrated molecule for longer

periods ∼ Γ could resolve the barrier due to the occurrence of rare hopping events.

But this presents practical limitations due to instrument drift and molecule detach-

ment. Nonequilibrium methods, in contrast, are less susceptible to these limitations

because by driving the system out of equilibrium, the entire landscape—including

metastable branches—can be explored at more convenient timescales.
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Figure 2.8 : Illustration of branched free energy landscape.

Another advantage of nonequilibrium methods is their ability to distinguish the

underlying asymmetry between the F and R directions. In contradistinction, when

using equilibrium methods the process is carried out reversibly, and therefore the

R-direction behavior is indistinguishable from F -direction behavior which has been

time-reversed. In the finite number of observations in this study, the metastable state

was sometimes observed during F but never during R processes. As a result, there

is considerable hysteresis in the FECs in Fig. 2.1b. Conceptually, this is because in

the F direction the molecule was stretched, but in the R direction the molecule was

not “squeezed”—it was allowed to relax. In the free energy landscape formalism,

the observed asymmetry arises from the underlying asymmetry of the landscape.

The landscape has two pathways, as illustrated in Fig. 2.8. Figure 2.4 shows the

metastable pathway branches off from the equilibrium pathway in the direction of

larger extension and force. Thus the barrier from the equilibrium to the metastable

branch must also increase in this direction. Because of this, the system is likely to

become trapped in the metastable branch only when driven in a particular direction.
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2.5.2 Limitations of nonequilibrium methods

A limitation of nonequilibrium free energy estimates is that they require a sufficient

number, N , of repeated measurements to converge. In the case of the JE estimator,

the problem of its convergence is basically the problem of sampling the rare paths in

the tail of the work distribution [115]. For this reason, the JE estimator is generally

expected to converge well for nano-sized systems and small fluctuations in work ∼

1 kBT [115, 120]. Similarly, free energy estimates using the CFT are expected to

converge well for small values of average dissipated work, ⟨Wdiss⟩ = ⟨Wz − ∆Gz⟩,

which are . 100 kBT [122].

Here, however, we observed the reversible pathway in an experimentally reachable

N , for a system nearly 1 µm long with ⟨Wdiss⟩ ∼ 1700 kBT . We attribute this to

the fact that the work distribution had distinct peaks due to multiple pathways. The

reversible work did not occur in the tail of a single Gaussian, as generally assumed, but

near the lower of these peaks. The close agreement between GF
JE and GR

JE (Fig. 2.4)

indicates good convergence after collecting 19 stretching and 19 relaxing pulls. In

comparison, for titin I27 domain unfolding at the same pulling speed, it was found

that GF
JE converged to within 10 percent in fewer than 30 pulls [15]. We also observed

that the less-frequent, low-work FECs in the F direction look like typical R-direction

FECs. According to a useful heuristic derived by Jarzynski [137], this is an indication

that N was large enough to sample the equilibrium pathway in both directions.

2.6 Conclusions

The method of using the JE to reconstruct G(z) has been experimentally validated

in other studies, by comparison to equilibrium measurements of hopping between



62

folded and unfolded states [117]. Here the JE was used to reveal a branched free

energy landscape with a metastable pathway, which would be difficult to measure in

equilibrium. Previous studies have also derived relations similar to the CFT from the

Crooks path ensemble equation to reconstruct the landscape of a composite system

(molecule-plus-force-probe) as a function of λ [116, 121]. We used the CFT and a

deconvolution method to reconstruct G(z), by repeating the same pulling protocol

that is sufficient when using the JE, without waiting for equilibration at intermediate

positions. We also showed that when distinct pathways are present, as in the case of

poly(dA) pulling, the CFT and JE both pick out the equilibrium pathway.
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Chapter 3

Self-Assembly of Extended 2D RNA

Nanostructures from a Single Repeating Monomer

3.1 Summary

A note to the reader: please note that all or part of the following chapter may be

included in a manuscript to be submitted for publication [138]. Sections of this

chapter may therefore appear in a future publication, either in their current form, or

in a condensed, expanded, or revised form.

RNA nanostructures have potential applications as delivery vehicles for drugs,

or as scaffolds for controlling and sensing biochemical reactions. Previous work has

relied on mixing different RNA sequences together, which has been demonstrated to

be a robust method for assembling extended RNA nanostructures in vitro. In order

to realize the promise of extended RNA nanostructures for future applications in

living human cells, physical, chemical, or biological transfection methods can be used

for delivery and production of the desired RNA building blocks in vivo. However,

this presents serious challenges. The stoichiometry of RNAs delivered by transfection

is difficult to predict and control. Furthermore, the RNAs delivered would have to

be robust and stable enough to not only survive a hostile cell environment full of

interfering biochemicals, but also fold and self-assemble properly in an isothermal

environment after transcription. It is probably due to these reasons that, to date,

extended RNA nanostructures in cells has been limited, and has not been realized in
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mammalian cells.

To overcome these challenges and pave the way for in vivo investigations in hu-

man cells, we have designed nanostructures which self-assemble from single RNA

sequences. The sequences are designed to fold into a monomer consisting of four

arms of double-stranded RNA joined by two three-way junction motifs. Each arm

terminates in kissing loops to allow intermolecular binding and self-assembly. By

tuning the activity, complementarity, and orientation of kissing loops, we constructed

supramolecular 1D polymers and ladders, and 2D assemblies with alternating-brick or

chain-loop mesh patterns, all self-assembled from single RNA sequences. We identified

the most robust designs in vitro as candidates for growing extended nanostructures

in live human cells, a project which is currently underway.

3.2 Introduction

3.2.1 Background and motivation

One of the goals of nanobiomedicine is to control biochemistry in cells with nano-scale

precision. Developments in the in vitro design of 2D and 3D nanostructures using

RNA [139, 140], DNA [105, 110], proteins and synthetic molecules [141] have opened

up new possibilities for the creation of nanoparticles, nanochips and nanoscaffolds,

enabling the control of chemical functionality with nano-scale addressability [142].

RNA is a promising soft-matter medium for the production and survival of such

nanostructures within living cells, for a number of reasons. First, like other bio-

compatible materials such as DNA and proteins, there are means for both selective

delivery and production of RNA to target cells, and means for their degradation.

Cells are the original “bottom-up” manufacturers of novel nano-materials [143], and
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their ready-made machinery can be taken advantage of using biocompatible materials

such as RNA in ways that are not possible using conventional nano-fabrication ma-

terials, such as silicon. Second, natural RNAs are chemically more labile than DNA,

and fold into more diverse and complex tertiary structures. Third, RNA folding is

not as difficult to predict as protein folding, which is inherently more complex due to

the relatively large number of amino acids. Furthermore, like proteins, RNAs have

the ability to catalyze biochemical reactions in cells, which widens the scope of pos-

sible applications. Finally, since the discovery of duplexes of small interfering RNA

(siRNA) [144], siRNAs have demonstrated potential combating viruses [145,146] and

cancer [147, 148], due to their ability to down-regulate specific gene expression in

mammalian cells [149].

3.2.2 RNA folding and assembly

The use of RNA to create programmable nanostructures relies on the modular folding

and hierarchical assembly of natural RNAs [142]. Complementary RNA strands form

a right-handed double-helix secondary structure similar to A-DNA. However, the

tertiary folding of helices, bulges, loops and junctions in natural RNAs into compact,

stable 3D conformations is far more complex than the folding of DNA. This allows

natural RNAs to fold and assemble into molecular machines capable of carrying out

complex cellular functions, such as protein synthesis and gene regulation, and it is

this complexity which is taken advantage of in the design and function of artificial

RNA nanostructures. For example, transfer RNA (tRNA) folds into an L-shaped

conformation comprised of two perpendicular helices, which has been exploited to

form the corners in stable, tetrameric nanosquares [140].

Such nano-sized RNA building blocks, which can further self-assemble into more
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complicated supramolecular architectures, are called tectoRNAs [150]. Folded tec-

toRNAs can be programmed to self-assemble in specific, predictable ways, by incor-

porating complementary intermolecular interactions such as dangling RNA ends or

kissing loops (KLs) [140, 150]. Using both rational design principles and known nat-

ural RNA motifs, extended RNA filaments have been created up to 1 micrometer in

length [151]. In addition, mixtures of RNA nanosquares have been used to construct

nano-ladders, extended 2D nano-fabrics hundreds of nanometers in size with control-

lable periodic and aperiodic patterning, finite nanogrids of predefined size and shape,

and even small 3D prisms [139, 140]. Furthermore, RNA nanoconstruction has been

used to engineer multi-functionalized, trimeric RNA nano-particles with the ability

to deliver multiple therapeutics to targets and induce apoptosis in cancer cells [147].

Recently, extended 1D and 2D RNA scaffolds were constructed in bacteria, and used

to increase metabolic hydrogen output by the spatial arrangement of protein docking

sites [152].

3.2.3 Challenges in vivo and in vitro

Desirability of a single self-assembling subunit in vivo

One of the challenges of producing extended RNA nanostructures in cells is the deliv-

ery mechanism. For the assembly of multiple RNA sequences, multiple transfection

agents (such as plasmids) would need to be engineered and optimized to transcribe

the RNAs within the cell. In addition, the efficiencies of the transfection of different

RNAs would have to be controlled to ensure stoichiometric ratios of RNAs are pro-

duced for proper supramolecular assembly. However, the efficiency of transfection is

difficult to control and predict among different cell types, and even among different

individual cells of the same type. It is therefore desirable to design a single RNA
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monomer which can self-assemble into extended nanostructures.

Desirability of robustness in vivo and testing in vitro

Another challenge in vivo is the hostile cell environment. After transcription, a self-

assembling RNA would have to do three things: (i) fold properly, (ii) find copies

of itself, and (iii) assemble with those copies properly. It would have to survive

long enough to do these things, and avoid getting trapped in alternative states—

all within the cell’s isothermal, crowded environment of potentially interfering bio-

chemicals, including RNases. In any environment, the principles of supramolecular

self-assembly recommend weak, reversible binding of components, as well as constant

agitation and transport, in order to produce a well-ordered assembly of those compo-

nents [153, 154]. In cells, however, there is less margin for error, as weak, reversible

binding of components increases the possibility of the components’ binding or degra-

dation by other biochemicals which are present. In addition, agitation and transport

of components is limited by large-molecule crowding in cells, and the isothermal en-

vironment increases the chances of the self-assembling components becoming trapped

in non-optimal states. In short, a successful self-assembler within cells must survive

and assemble even when the cards are stacked against it.

Because of the increased challenges within a cell environment, the starting point

for an in vivo investigation should be the single-subunit designs which assemble most

robustly in vitro. An illustration of a lack of robustness is shown in Fig. 3.1a. A large

variety of RNA folding motifs and supramolecular assemblies are possible candidates

for robust self-assembly, given the toolset provided by the known structures of natural

and designed RNAs to date. Because of the added complexity and uncertainty of the

cell environment, it is convenient to try out possible designs based on this toolset in
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Figure 3.1 : Challenges in the design of extended 2D nanostructures from a single self-
assembling subunit. (a) Lack of robustness. (b) Lack of specificity. (c) Inhomogeneity.
(d) Long-range buildup of twist or curvature. (e) An ideal 2D assembly from a single
repeating subunit.

vitro first, and then identify the most robust assemblies as candidates for producing

extended nanostructures in cells.

Challenges of a single self-assembling subunit

Constructing robust, extended nanostructures from a single repeating unit in vitro, in

turn, presents its own set of challenges (Fig. 3.1). These challenges must be overcome

in vitro, before fruitful investigations in vivo can be pursued.

Having a single self-complimentary subunit tends to lead to a variety of supramolec-

ular assemblies, rather than one specific assembly (Fig. 3.1b,c). This issue was illus-

trated in the investigation by Severcan et al. of self-assembled RNA nano-squares:

mixing four subunits together produced squares most reliably, whereas using only



69

one self-complimentary subunit produced a variety of closed forms including dimers,

triangles, squares, and pentamers [140].

For 2D assemblies, local deviations in the binding of each subunit from perfect

2D can build up in long-range curvature or twist (Fig. 3.1d). This limits the size

of the 2D assembly, or makes it exceedingly fragile [155]. Assembly from multiple

ingredients, on the other hand, can more readily compensate for such deviations, and

thereby greatly reduce or eliminate curvature or twist buildup.

It is because of the challenges of self-assembly from a single repeating unit that

mixing together multiple RNA ingredients has been the preferred method for creating

extended 2D RNA nanostructures [139, 150, 156]. Nasalean et al. designed a single

RNA subunit which succeeded in forming filaments up to 1 micrometer in length [151].

Alternating orientations of the inter-subunit binding was found to mitigate the long-

range buildup of curvature/twist described above, allowing for straighter and longer

filaments. The authors called this the principle of orientational compensation. Cayrol

et al. reported evidence for the serendipitous formation of an extended 2D assembly

from a naturally-occurring single RNA subunit found in E. coli, although the fragile

2D assembly easily ruptured into more robust filaments > 100 nm long [155].

Further investigation is needed to establish if and how a single self-assembling

RNAmonomer can robustly and controllably form extended nanostructures (Fig. 3.1e).

Here we tested such monomer designs for their ability to form extended 2D assem-

blies, and elucidated the relationship between supramolecular pattern formation and

monomer design in vitro.
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3.3 Methods

3.3.1 RNA design and synthesis

RNA samples were prepared and sequences designed by Pei-Wen Chao and Prof.

Laising Yen. The gblocks containing T7 promoter were ordered from Integrated

DNA Technologies, and then cloned into pBluescript at Pst I and EcoR I. The DNA

plasmids were digested at Spe I and Cla I and followed by gel purification using

QIAquick gel extraction kit (Qiagen). RNA samples were made using gel purified

DNA fragments as a template and MAXIscrip T7 kit from Ambion. After ethanol

precipitation, RNAs were dissolved in DEPC-treated water for further use. Further

information about the RNA sequence design will appear in a manuscript in prepara-

tion.

3.3.2 AFM imaging

To avoid RNA degradation, pipettes and the lab bench area were routinely cleaned

with RNase Zap. In addition, RNase-free pipette tips and sample tubes were used,

and RNase-free DEPC-treated water and buffers. RNA samples were prepared at

10–100 µg/mL in buffer solution (10 mM Tris pH 7.5, 10 mM MgCl2). Immediately

before use, sample tubes were gently finger-tapped, and pipette tips with the largest

openings possible (no less than 200 µL) were used, to reduce the chances of missing

large structures formed in solution. For AFM imaging, 10–20 µL of RNA sample

were deposited onto freshly-cleaved mica. After 5 minutes the mica was rinsed with

1 mL buffer to remove unadsorbed molecules. The mica was then rinsed with 1 mL

DEPC-treated water rapidly (≤ 1 second) to remove excess salt and immediately

dried in a stream of nitrogen for 1–2 minutes and imaged in air. Alternatively, after
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deposition the sample was heated to 75 ◦C and then slowly cooled to 4 ◦C overnight,

and imaged in fluid without a rinsing/drying step.

For the slow cooling, 130 µL of sample were deposited on the mica and enclosed

to prevent evaporation, as shown in Fig. 3.2. Filling the enclosure was necessary to

prevent evaporation off the mica substrate. Using the apparatus shown allowed us

to use smaller volume (and therefore higher concentration) than would otherwise be

feasible by simply immersing the mica substrate in a tube filled with sample. The

enclosed sample was placed just above the water level inside the heat bath.

Although imaging in air enabled higher resolution as previously observed [140],

imaging in fluid was necessary to preserve extended 2D structures. Final RNA concen-

trations were adjusted based on surface yield in images. AFM imaging was performed

using a Nanoscope V controller and ScanAsyst Air, Fluid, and Fluid+ probes (Bruker)

operating in peak-force tapping mode, an intermittent contact mode in which the sam-

ple stage is oscillated (rather than the cantilever, as in traditional tapping mode—see

Section 1.2.1). In fluid, fast scan rates up to 2.6 Hz improved resolution, especially

at small scan sizes. In addition, minimizing the peak force applied to the sample

increased the observed height, likely by minimizing the deformation of the sample

caused by the probe. However, resolution depended most on the individual probe

used, and sometimes increased or decreased suddenly during scanning, probably as

a result of changes in effective tip sharpness. For highest resolution, we found that

Fluid+ probes cleaned in pirhana gave improvement, but at the expense of stability

during extended scan times [26]. Attention! Pirhana solution is extremely dangerous

and requires gloves, goggles, and face shields for protection. Image processing and

analysis was performed using NanoScope Analysis software (Bruker, Billerica, MA).

Sitara Wijeratne took images of RNA samples 19e, 19g, and 19f which were useful
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Figure 3.2 : Apparatus for heating and slow cooling of small-volume fluid samples on
mica without evaporation. (a) Several enclosed samples prior to being placed in the
heat bath. (b) Schematic of sample enclosure on mica. A 10 mm steel puck was used
as the weight. The mica was epoxied to a steel disc for later mounting on an AFM
stage.

(results not shown).

3.3.3 AFM single-molecule manipulation

For AFM single-molecule pulling experiments, initial sample preparation was the

same as for AFM imaging in air (above). After drying, the sample was re-wetted

with 50 µL buffer and experiments were performed in fluid [157]. MLCT probes

(Bruker) with spring constant 60 pN/nm determined using the equipartition theorem
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(see Section 1.1.3) [5] were pressed into the substrate at 1 nN of force for 1 second,

then retracted at 1,000 nm/s while force and extension were recorded. Only force-

drops detected > 100 nm from the substrate were counted as peaks, in order to reduce

artifacts caused by surface interactions [158]. In addition, RNA concentration was

adjusted to limit the rate of peak detection to 10–20% in order to limit catching

multiple rather than single molecules.

3.4 Results

3.4.1 Monomer design

The design of the repeating monomeric subunit consisted of four arms of double-

stranded RNA (dsRNA) terminated in intermolecular KLs (Fig. 3.3). In order to

form extended 2D assemblies, monomer arms were designed to have a perpendicular,

in-plane geometry. Perpendicularity was enforced by using the three-way junction

(3WJ) motif (Fig. 3.3a). The 3WJ has been identified as a naturally-occurring RNA

motif joining 3 dsRNA helices with a 90◦ angle, and it has therefore emerged as a

powerful motif for the design of RNA nanostructures [139,140].

3.4.2 Monomers with deactivated kissing-loops

Figure 3.3c shows AFM images of monomers with no activated (that is, no com-

plementary) intermolecular KLs, as controls. For monomer 19e, bone-shaped sub-

units 15.8(3) nm long with 5.4(3)nm arms were observed, consistent with individual

monomers (Fig. 3.3c, inset). The measured width of 2.6(2) nm agreed with the ex-

pected diameter of dsRNA of ≈ 2.6 nm for an A-form helix [20], and the height of

1.5(2) nm was consistent with the reduced apparent height of dsNA on mica previ-
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(c)
1.5 nm

0.0 nm

30e

19e

Figure 3.3 : Design of self-assembling RNA monomer. (a) Secondary and tertiary
structures of the 3WJ motif used to construct perpendicular dsRNA arms. Adapted
from Ref. [140]. (b) Illustration and approximate dimensions of folded monomer
design, consisting of four perpendicular dsRNA arms terminated by KLs, and con-
nected by two 3WJs. Depending on the intermolecular complementarity of KLs, the
monomer can self-assemble into various supramolecular nanostructures, such as the
ladder illustrated here. Adapted from Ref. [140]. (c) Schematic representation and
AFM image of folded monomer with deactivated KLs (scale bar: 100 nm, sample
30e). Inset: magnification of a monomer with deactivated KLs (scale bar: 10 nm,
sample 19e).

ously observed by AFM [21,23,140].

In order to enable fluorescent labeling for future in vivo studies, a third 3WJ

was incorporated into the design with an aptamer sticking up in the Z-direction

(monomer 30e, Fig. 3.3c). High-resolution AFM images were more difficult to obtain

for monomer 30e than for monomer 19e, due to the reduction in AFM resolution
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which occurs within the vicinity of objects with increased height differences in Z

[18, 19]. This decreased resolution prevented us from clearly resolving the structure,

as in monomer 19e. However, particle size analysis of AFM images of 30e revealed

a mean diameter of 17(2) nm (N = 76), consistent with individual monomers, and

inconsistent with dimers or larger supramolecular assemblies.

3.4.3 Polymers with two activated kissing-loops

Figure 3.4 shows further controls checking how the self-assembly of monomers results

from varying numbers and types of activated intermolecular KLs. The periodicity of

repeating subunits was approximately 16 nm in all cases, consistent with the length of

monomers. Monomers with two activated KLs on the long-axis formed supramolecular

polymers, in both open and closed-loop forms (Fig. 3.4a,b). When the nature of

KL binding was changed from heterodimer (Fig. 3.4a, sample 19g) to homodimer

(Fig. 3.4b, sample 22b), closed-loops were only observed when the polymer consisted

of an even number of repeating units, as expected.

3.4.4 Ladders with three or four activated kissing-loops

Activating both long-axis KLs and one short-axis KL resulted in the formation of

supramolecular ladders hundreds of nm long, with clearly-resolved rails and rungs

(Fig. 3.4c, sample 19f). Four observations revealed the flexibility, and perhaps fragility,

of these nano-ladders: (i) straight and occasional closed-loop conformations (arrow);

(ii) whole-ladder twists; (iii) variability in the orientation of unbound side-arms; (iv)

the presence of short ladders and smaller fragments (Fig. 3.4c, inset).

More robust ladders were assembled by activating all four KLs, with the two

short-axis arms oriented in the same direction (Fig. 3.4d, sample 24a). The direction
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Figure 3.4 : Controls on the number and type of activated KLs, and resulting self-
assembly. Shown are schematics of the monomer design and resulting assembly, with
deactivated KLs in yellow, and AFM images. Supramolecular polymers formed by
a monomer with two activated (a) heterodimer (sample 19g) and (b) homodimer
(sample 22b) KLs along the long axis. The homodimer polymer can only form even-
numbered closed loops. Insets: magnifications of a closed-loop tetramer, hexamer,
octamer (image widths 50 nm) and decamer (100 nm). (c) Open and closed (arrow)
ladders formed by a monomer with three activated KLs (sample 19f). Inset: mag-
nification of an individual ladder. (d) More robust ladders, and occasional multiple-
ladders (arrows), formed by a monomer with all four activated KLs and short-axis
arms oriented in the same direction (sample 24a). Inset: magnification, collected by
the author working with Eric Zarsky. (e) Schematic showing putative assembly of
observed double-ladders. Image widths: 500 nm (a,b); 1,000 nm (c,d). Color scales:
(b) as in (a); (d) as in (c). Scale bars: 100 nm.
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of short-axis side-arms was controlled by the distance, XC , between their 3WJs along

the long-axis. Changing this distance to 21 base pairs (bp) resulted in arms pointing

in roughly the same direction, with a predicted out-of-plane tilt of 14.4◦, assuming

an A-form helical twist of 33.6◦/bp [37, 159, 160]. Thicker rungs of length 9.8(3) nm

(compared to 4.8(6) nm for 19f) were observed in these ladders, which were interpreted

as two closely-spaced, unresolved side-arms. This interpretation is consistent with the

nominal expected length of 9.0 nm (6.4 nm distance between two side-arms separated

by 21 bp, plus 2.6 nm diameter of dsRNA), plus the XY broadening in the AFM

image which is expected to increase in the vicinity of the increased height variations

caused by the out-of-plane tilting [18,19]. The increased height of the rungs of sample

24a was also attributable to the tilt in its side-arms. In addition, apparent double- or

multi-ladders were occasionally observed (Fig. 3.4d, arrows) with thinner, staggered

rungs and reduced height. This was likely due to some side-arms flipping direction,

as shown in the schematic in Fig. 3.4d. This again illustrates RNA flexibility, as seen

in the 19f ladders.

3.4.5 Grid with all four activated kissing-loops

Extended 2D grids were assembled by activating all four KL binders and orienting

side-arms in opposite directions (sample 30a). Specifically, XC was increased to 27

bp, resulting in short-axis side-arms pointing in opposite directions and an essentially

planar geometry, with only a small expected out-of-plane tilt of 7.2◦. Figure 3.5a

shows the 2D assembly and AFM images. In addition to structure which was difficult

to resolve, either because it was irregular aggregation or because it was highly mobile,

stable well-formed assemblies were observed in the form of ribbon-like series of grids

several micrometers long. The saturated areas in the images represent multiple layers
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Figure 3.5 : Self-assembly of extended 2D grids from a single repeating monomer,
and the effect of 3D monomer conformation. (a) Homodimer KLs on the short axis
and heterodimer KLs on the long axis result in an alternating short and long brick
pattern, which is evident in the AFM images (scale bar: 100 nm, sample 30a). Inset:
magnification showing the predicted pattern (scale bar: 40 nm). (b) Effect of reducing
the dsRNA distance between side-arms by 1 bp, the predicted out-of-plane tilt of one
side-arm and a model of 2D assembly. (c) Grids formed by the monomer in (b)
have diamond-shaped instead of rectangular symmetry with sharp corners (arrows),
consistent with predicted assembly (scale bars: 100 nm, sample 29a). (d) Effect of
modifying a short-axis KL on the monomer in (c), without changing the out-of-plane
tilt (scale bars: 100 nm, sample 32a). The grids continue to have diamond-shaped
symmetry and sharp corners (arrows). Color scale: (c,d) as in (a).

due to twisting and folding of meshes on top of themselves. This large amount of

overlapping suggests the structure may be able to assemble in solution without the
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aid of the mica substrate, whereas a previously observed small amount of overlapping

of RNA lattices on mica has been taken as evidence that the substrate might promote

assembly [139]. Overlapping layers or individual subunits sometimes came and went

between AFM scans in fluid [139].

The detailed sub-structure of the grids was determined by the monomer design.

This included both the nature, and twist, of its KLs. For the moment, we consider

only the KL nature, which consisted of a combination of heterodimer KLs on the

long-axis, and homodimer KLs on the short-axis arms (Fig. 3.5a). The important role

played by the KL twists will be discussed in greater detail below, in Section 3.4.7.

This design lead to a particular assembly pattern, which in AFM images gave rise

to a distinctive “brick” pattern of staggered, alternating short and long rectangles

formed by the holes in the grid. The periodicity along the long-axis was 33.7(1)

nm, or about twice the nominal expected length, 16.8 nm, of the 55 bp-long (not

including KLs) monomer, assuming a helical rise of 0.306 nm/bp consistent with

electron microscopy measurements of dsRNA [161]. The brick widths were 10.5(1)

nm, or just over twice the expected length of the 13 bp side-arms (not including their

KLs). The areas near 3WJs appeared bulkier, as observed previously [140], while

stretches of dsRNA had a nominal height and width of 2 nm, as expected. These

observations were consistent with the 2D assembly model shown in Fig. 3.5a.

3.4.6 Tuning the side-arm orientation

The importance of the in-plane geometry of the monomer is illustrated by Fig. 3.5b–d,

which shows the consequences of a significant out-of-plane tilt in a side-arm. The grid-

forming monomer of Fig. 3.5a was modified by reducing XC by a single bp, resulting

in an expected tilt of 26.4◦ of one side-arm (sample 29a). This tilted monomer formed
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grids with diamond-shaped symmetry, as shown in Fig. 3.5b, for three reasons: (i)

to accommodate the effective shortened length in the xy-plane of the tilted side-arm;

(ii) to accommodate a flat 2D (mica) surface in the xy-plane; (iii) to accommodate

its natural KL twist (to be discussed in Section 3.4.7). In contrast to the rectangu-

lar corners predicted for untilted monomer assembly (Fig. 3.5a), sharp corners were

predicted to be stable for the tilted monomer growth pattern (Fig. 3.5b). Corners

were considered stable when adding a monomer would occupy only one binding site,

whereas removing a monomer would require unbinding from two sites.

AFM images revealed diamond-shaped grids with the expected sharp corners

(Fig. 3.5c, arrows) with skewed axes of symmetry (39(1)◦). The repeating features

were taller compared to the untilted monomer, with an approximate height of 3.7(2)

nm when scanning using minimal applied force, which was consistent with the in-

creased height of ≈ 3.7 nm expected from the tilted side-arms. The nearest-neighbor

(or x-axis) periodicity of tall features was 17.8(3) nm, which is comparable to the

approximate expected length, 16.5 nm, of the 54 bp-long (not including KLs) tilted

monomer. The y-periodicity was 19.0(4) nm and expected to be 19.0 nm; the diago-

nal periodicity was 29.1(3) nm and expected to be 25.2 nm. These observations were

consistent with the 2D assembly model (Fig. 3.5b). In addition, alternative 2D as-

sembly models were inconsistent with these observations, as discussed in more detail

in Section 3.4.7.

To further check that the change in assembly pattern was caused by the monomer

3D conformation, and not by the nature of its KLs, the KL at the end of the tilted arm

was modified, without altering XC or the tilt (sample 32a). The resulting diamond-

shaped grids (Fig. 3.5d) remained similar: sharp corners with skewed axes of symme-

try (33(1)◦), taller features and monomer-sized nearest-neighbor periodicity (17.5(2)
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nm) were observed. Finally, neither of the diamond-grid types in Fig. 3.5c,d assem-

bled structures as large as those observed for the monomer with in-plane geometry.

3.4.7 Tuning the kissing-loop twist

In addition to illustrating the effects of an in-plane vs. out-of-plane geometry, a

careful analysis of the results summarized in Fig. 3.5 revealed the KL twists of the

monomer, the flexibility of KL twists to accommodate a larger 2D supramolecular

context, and how that flexibility can be used to tune the design to produce different

assembly patterns.

Before going further, we will first briefly explain the significance of KL twist and

how it was optimized in the grid-forming monomer 30a. Then, we will describe a

convenient method using symbols to model the expected assembly for all possible

KL twists. Finally, we will apply this method to deduce the KL twist necessary

to reproduce our AFM measurements of the untilted (30a) and tilted (29a, 32a)

monomers, and how the unperturbed KL twist flexes in order to accommodate the

2D nano-assembly observed.

Significance and near-optimization of kissing-loop twist

Figure 3.6 illustrates how the monomer design controls the KL twists, and how these

twists affect the resulting 2D assembly pattern. In order to avoid inter-monomer twist

buildup, and thus maintain a flat 2D growth pattern, the KL twist must be either

exactly in-plane, or exactly out-of-plane relative to the rest of the monomer. This

implies an optimal number of bp in segments X1, X2, XC , Y1, and Y2. In practice,

however, this optimum is difficult to achieve because only integer numbers of bp may

be added or subtracted from the sequence design, and the A-form helical twist per bp
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Figure 3.6 : KL twists and their effect on assembly patterns. (a) Symbolic and
secondary structure representations of the monomer 30a. Lengths X1, X2, XC , Y1,
and Y2 affect the KL twists as shown, due to the helical twist per bp of A-form RNA.
Illustrative examples of different possible KL twists, with loops (b) in-plane or (c)
out-of-plane with the rest of the monomer, resulting in different assembly patterns
which are distinguishable by AFM. Primary structures shown here are for illustrative
purposes only.

is approximately 33.6◦ [37,159,160], rather than some convenient fraction or multiple

of 90◦. Thus, we located a near-optimum for the grid-forming monomer shown in

Fig. 3.5, through a combination of prediction, previous results forming ladders and

double-ladders, and scanning multiple RNAs with different numbers of bp above or

below the predicted near-optimum.

Well-formed 2D assemblies (as shown in Fig. 3.5) were observed for X1 = X2 = 14

bp, Y1 = Y2 = 13 bp, and XC = 27 bp (rectangular grids, 30a) or 26 bp (diamond

grids, 29a and 32a), but not for other XC in the explored range 22–28 bp. For

XC = 21 bp, the side-arms faced inward, resulting in robust ladders as described above
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(Section 3.4.4, sample 24a). By scanning XC in this way, we were able to search for

both the optimum planar side-arm orientation (as discussed above in Section 3.4.6),

and the optimum long-axis KL twist.

Method for exhaustive twist and assembly modeling

Detailed 3D structures of RNA nano-assemblies can be modeled by using computer

programs such as RNA2D3D and NanoTiler, starting with libraries of known struc-

tures (such as A-form helices and 3WJs) and using molecular dynamics (MD) simula-

tions to optimally flex RNA in order to accommodate imposed geometric conditions,

which may be based on the larger supramolecular context, or on experimental obser-

vations [162]. However, for our purposes, we find it convenient to use the symbolic

2D scheme shown in Fig. 3.7. This scheme allows us to quickly and easily represent

any combination of KL twists, and model every possible assembly pattern for a given

combination, including assembly patterns for nonideal twists which flex in order to

accommodate flat assembly.

All possible twist combinations on the four-armed monomer can be represented

as mixtures of, or deviations from, a set of ideal cases. If we consider the four

ideal in-plane and out-of-plane twist positions which promote flat 2D assembly for

each of the four KLs, with each twist position separated by 90◦, then there are

44 = 256 ideal possibilities. However, the RNA sequence design of 5′-Y1-X1-Y2-X2-3
′

imposes a symmetry on the right-angle domains formed by the Y1/X1 and Y2/X2 arms.

Given this symmetry, the KL twist of Y1 determines that of Y2, and the twist of X1

determines that of X2. This cuts down the number of ideal possibilities considerably,

to 42 = 16.

These ideal domain-symmetric cases are represented by four isoforms shown in
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Figure 3.7 : List of 2D symbols representing 3D KL twists for convenient modeling.
Connecting the loop vector arrows in the 2D symbols tails-to-heads ensures proper
3D twisting alignment (5’-to-3’) of KLs. Rightmost two columns: twists of KLs on
opposing monomer arms (X1-X2 or Y1-Y2) assuming right-angle domain symmetry
imposed by the sequence: 5′-Y1-X1-Y2-X2-3

′. Primary structures shown here are for
illustrative purposes only.
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(b)          Isoform B

(a)          Isoform A

(c)          Isoform C

(e)          Isoform E

(d)          Isoform D

(f )          Isoform F

domain symmetry broken

domain symmetry broken

Figure 3.8 : Isoforms of KL twist respecting domain symmetry. For comparison, two
isoforms where domain symmetry is broken are shown.

Fig. 3.8. For comparison, two isoforms which break domain symmetry are also shown.

We define each isoform to include both the representation depicted, and any 180◦

rotations of itsX1-and-X2, or Y1-and-Y2 KLs—the overall assembly pattern observable

by AFM is unaffected by such rotations. Each of the four domain-symmetric isoforms

thus represents four twist combinations, which captures all 16 ideal domain-symmetric

possibilities. Nonideal but domain-symmetric cases may be represented as mixtures of

these isoforms, and nonideal cases which break domain symmetry may be represented

as deviations from them, using the lookup table provided in Fig. 3.7.

Once a monomer’s twist is represented by our 2D symbolic scheme, modeling its

assembly is straightforward. Copies of the monomer representation are drawn using



86

any graphics application, such as Microsoft Paint or Adobe Illustrator, and then

connected together in ways that satisfy (i) the complementarity and (ii) the twist of

KLs. The latter is ensured by connecting vector loop arrows tails-to-heads as shown

in Fig. 3.7.

Application of modeling method and identification of twist

Using Figs. 3.7 and 3.8, and the method described above, allows us to exhaustively

and symbolically model the assembly patterns resulting from ideal and nonideal KL

twists. Of these, only isoform A correctly predicts the observed alternating-brick

pattern for the untilted grid-forming monomer 30a, as shown in Fig. 3.9 (cf. Fig. 3.5a).

However, given the fact that the twist per bp of an A-form RNA helix is not a

convenient multiple of 90◦, as mentioned earlier, it is unlikely that the natural KL

twist is exactly isoform A. Instead, it probably deviates slightly, but is close enough

and flexible enough to accommodate isoform A-type flat 2D assembly, as shown in

Fig. 3.9a–d. Although there are a number of ways the KL twists could deviate from

isoform A, the particular deviation shown in Fig. 3.9, which is between isoforms A

and B, will be justified below.

Note that although sharp corners are possible (Fig. 3.9e), this growth pattern is

not favored. This is because monomers can be added which occupy two binding sites

each, and removed at the cost of unbinding only one site. The opposite is true for the

rectangular corners, which are therefore favored, consistent with AFM observations.

Here and throughout, for a given assembly pattern we depict the most favorable

corner growth, based on this reasoning.

While isoform A-type assembly is required to reproduce the alternating-brick

grids observed in AFM for the untilted monomer 30a, only isoform B-type assem-
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(a) (b)

(d)

(e)

Rectangular corners

(favored)

Sharp corners

(disfavored)

(c)

Figure 3.9 : Putative KL twist identification of the untilted, rectangular grid-forming
monomer (30a). (a) Monomer with nonideal twist close to isoform A, and between
isoforms A and B. (b,c) Isoform A-type assembly facilitated by twist flexibility, and
(d) resulting 2D pattern with rectangular corners. (e) Sharp corners are also possible,
but not favored.

bly (Fig. 3.10) is consistent with the measurements of diamond-shaped patterns of

tall features observed for the tilted monomer (cf. Fig. 3.5b,c, samples 29a and 32a).

The natural twist of the untilted monomer must therefore be in-between isoforms A
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(a)

(b)

(c)

Horizontal 

reflection

Figure 3.10 : Twist of the tilted, diamond-grid forming monomer (29a and 32a) based
on putative twist of the untilted monomer (30a). (a) Monomer. Note that compared
to the untilted monomer, arm Y2 is tilted downwards out-of-plane, and the X2 arm’s
KL is untwisted. (b) Isoform B-type assembly with diamond symmetry, sharp corners,
and (c) predicted tall features (yellow blobs) consistent with AFM measurements (see
Section 3.4.6).

and B (and perhaps closer to A), as depicted in Fig. 3.9a. Since the tilted monomer

was obtained by deleting one bp from the X2/Y2 side of XC , in addition to arm Y2

being tilted downwards, the KL twist on X2 is expected to change. Specifically, it
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is expected to untwist by the amount contributed by one bp in an A-form helix, or

about 33.6◦ [37, 159,160], making that KL closer to isoform B.

This narrows down the likely twist identification of the monomer even further.

Although there are a number of ways to be in-between isoforms A and B, only a

subset of these ways move closer to isoform B by untwisting. This subset includes the

forms shown in Figs. 3.9a and 3.10a, and any 180◦ rotations of their X1-and-X2, or

Y1-and-Y2 KLs (4 possibilities total).

Additional twist and assembly patterns

As discussed above, only isoform A-type and B-type assembly patterns were consis-

tent with the AFM results for the untilted and tilted monomer, respectively. For

completeness, and for the benefit of future investigations, below we show the alter-

native (unobserved) assembly patterns for domain-symmetric isoforms E and F, and

alternative (but unlikely) assemblies for the tilted A-B monomer. We also further

illustrate our modeling method by considering additional twist cases.

Figure 3.11 shows isoform F-type assembly as an alternative pattern for the tilted

isoform A-B monomer. Although formally possible, the tilted A-B monomer is un-

likely to assemble this way for two reasons: (i) the required flexing involves under-

winding of the x-axis KLs, but overwinding of the y-axis KLs, which seems unlikely

given their 5’-3’ connectedness; (ii) for the tilted monomer, this assembly pattern

results in a pleated-sheet height profile which, unlike the tilted isoform B-type grid

(Fig. 3.10), does not have a uniformly flat 2D side providing optimal contact with

the substrate. These reasons probably explain why isoform F-type assembly was not

observed by AFM of the tilted monomer.

In addition to modeling the assembly of a given KL twist, we can also model
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Figure 3.11 : Alternative, but less likely and unobserved, assembly pattern for tilted
isoform A-B. (a) Monomer in different orientations. (b) Assembly. (c) Flexing of KLs
to form isoform F-type assembly. For the tilted monomer, this leads to (d) pleated-
sheet height profile whose tallest features have predicted possible x-periodicity 16.5
nm, y-periodicity 20.6 nm, possible diagonal periodicity 26.4 nm, height 3.7 nm and
rectangular symmetry and corners.
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Figure 3.12 : Tilted isoform A-F. (a) Monomer in different orientations. (b) Isoform
F-type assembly can be achieved with minimal flexing. For the tilted monomer,
F-type assembly results in a pleated-sheet height profile.

the likely KL twist from given assembly patterns. For example, let us consider the

possibility that F-type assembly occurred for the tilted monomer in spite of reason (i)

above, but was simply not observed by AFM due to reason (ii) above. Since A-type

assembly was observed for the untilted monomer, the most likely natural KL twist

would be in-between isoforms A and F. The tilted isoform A-F and its resulting F-type
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180 
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Figure 3.13 : Tilted isoform A. (a) Monomer. (b) Assembly. Note the structure
sits atop “stilts” provided by the downward-facing tilted side-arms. (c) Tall features
(yellow blobs) with predicted x-periodicity 33 nm, y-periodicity 21 nm, diagonal peri-
odicity 20 nm, height 2.4–4.7 nm (depending on the flexibility of the stilts), diamond
symmetry and sharp corners. This assembly appears qualitatively similar to the
diamond-grids observed by AFM, but it is not quantitatively consistent.

assembly is shown in Fig. 3.12. Not only does this twist produce an assembly pattern

which was not observed when it is flexed minimally; it also would require additional
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Figure 3.14 : Isoform E, tilted. (a) Monomer. Possible assembly pattern involving
(b) Y1 kissing and (c) expected tall features; (d) Y2 kissing and (e) tall features; or
(f) mixture of Y1 and Y2 kissing and (g) tall features. Yellow blobs: tall features.

flexing to produce the B-type pattern which was observed. Modeling tilted isoform

A-F therefore provides additional evidence that this is not the natural untilted twist.
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Figure 3.15 : Untilted isoform B-E. (a) Monomer. Underwinding KLsX1 andX2 leads
to isoform E-type assembly, of which there are multiple possible patterns involving
(b) Y1, (c) Y2, and (d) Y1 and Y2 kissing. (e) Alternatively, overwinding KLs X1 and
X2 leads to isoform B-type assembly.

Figs. 3.13, 3.14, and 3.15 illustrate additional twist possibilities and resulting pat-

terns for the tilted and untilted monomers. Note that none of the alternative predicted

patterns reproduce the AFM observations of well-formed grids. Taken together, the

figures shown here rule out all domain-symmetric isoforms except A for the untilted

monomer, and B for the tilted monomer.
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3.4.8 Tuning the kissing-loops: chain loop meshes

By tuning the self-complementarity of the monomer and the KL design, the assem-

bled structure was switched from the alternating-brick pattern to a chain-loop mesh

pattern, with intermediates of these two forms in between (Fig. 3.16). The self-

complementarity of the folded monomer—that is, the number of ways two or more

monomers can bind to each other—was increased by reducing the number of distinct

KL binders from four (Fig. 3.16a) to two, and by changing them all to the homodimer

type (Fig. 3.16b–d). These changes resulted in more extensive surface coverage of flat,

robust 2D gross structure, but at the expense of less specificity in the sub-structure.

Fine-tuning the exact KL sequences had two remarkable effects on the assembled

structure: (i) even greater robust 2D gross structure, requiring increasing dilutions

in order to limit crowding and overlapping in AFM images; (ii) switching the sub-

structure from a mixture of grids and 1D loops (Fig. 3.16b), to chains of connected

loops (Fig. 3.16c), and finally to a 2D chain-loop mesh (Fig. 3.16d). The chain-loop

mesh consisted of closed-loops with repeating units 19.7(1) nm long, joined by shorter

segments 12.7(4) nm long (black and green connections in the schematic of Fig. 3.16d,

respectively). This suggests the 1D loops formed via long-axis KLs, while inter-loop

connections formed via short-axis KLs. Comparing the design of the monomer and

subsequent assembly in the alternating-brick grid vs. chain-loop mesh illustrates the

tradeoffs involved in the design of a self-assembling monomer.
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(a)

1.5 nm

0.0 nm

3.0 nm

0.0 nm

(b) (c) (d)

Dilution:  1x 1x 5x 5x

Sample:  30a 39a 40a 41a

Flat:  NO YES YES YES

Robust:  NO YES YES YES

Homogeneous:  YES NO YES YES

Specific:  YES NO NO NO

Self-Complimentarity:      LOW HIGH HIGH HIGH

Figure 3.16 : Switching from 2D rectangular grids to a chain loop mesh by tun-
ing self-complementarity and KL sequence. (a) Low self-complementarity in the
monomer resulted in a self-assembled structure that was highly specific. (b) Increas-
ing self-complementarity allowed more ways for self-assembly, making the resulting
2D assembly more flat and extensive, and more robust. Fine-tuning the KL sequence
switched the structure from an inhomogeneous mixture of rectangular grids and loops,
to (c) a more robust and homogeneous assembly of connected loops, to (d) an even
more robust 2D chain-loop mesh, requiring the increasing dilutions shown to limit
crowding and overlap in AFM images. Image widths: 500 nm (top row). Scale bars:
20 nm. Color bars: (b) as in (a); (d) as in (c).

3.4.9 Measurement of kissing-loop complex rupture force

Single-molecule pulling of monomers

What are the mechanical properties of these nanostructures? The answer depends

on the strength and flexibility of dsRNA segments and, crucially, the intermolecular
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Figure 3.17 : Single-molecule pulling measurements. Representative force-extension
curves of (a) monomer (sample 19e) and (b) polymer (sample 19g) with an observed
force peak (blue X). Insets: schematics of AFM pulling. Histograms of (c) force peaks
and (d) number of peaks observed per curve for the polymer.

KLs connecting them together. To investigate this question, we performed AFM

single-molecule pulling. As a control, we attempted to pull the nominally 16 nm-

long monomer with all four deactivated KLs (sample 19e). As expected, virtually

all curves looked like the one shown in Fig. 3.17a (only 3 out of 803 curves showed

spurious peaks).

Single-molecule pulling of polymers

We then attempted to pull the monomer with two activated long-axis KLs, enabling

formation of the supramolecular polymers described above in Section 3.4.3 and shown

in Fig. 3.4 (sample 19g). Pressing the AFM tip into the substrate occasionally resulted
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in attachment of a polymer at a random point, and subsequent pulling produced force-

extension curves similar to the one shown in Fig. 3.17b. Such curves displayed a force

peak > 100 nm from the substrate, followed by a sudden drop to zero force. This force

peak could have been caused by the polymer detaching from the substrate or from the

AFM tip, or it could have been caused by force-induced dissociation of a single KL

complex along the long-axis. The most probable force was 25(5) pN (Fig. 3.17c) and

rarely reached as high as 60 or 65 pN, which is the typical force required to melt and/or

unwind dsDNA and dsRNA, respectively [51, 157]. In addition, the force was never

observed to be higher than 100 pN. Such small forces suggest that the observed events

were due to breakage of a single KL complex, rather than nonspecific detachment at

the mica substrate or AFM tip, since nonspecific detachment forces of nucleic acids

from mica or AFM tips are typically hundreds of piconewtons [51,59,157]. Note that

the observed events are also far below the force required to break covalent bonds,

typically 1 nN or more [163].

It is also possible that the observed force events come from multiple polymers

pulled in parallel, or from unpeeling of a polymer off the substrate. However, it seems

unlikely that these effects were the main contributors, given that (i) the concentration

was controlled to reduce the number of successful pulling attempts, which reduces

the likelihood of attaching more than one polymer at once; and (ii) the abundance of

curves displayed only one single force peak (Fig. 3.17d).

Single-molecule pulling of ladders

To further test our interpretation that the force peaks were mainly due to single

force-induced KL complex rupture events, we pulled the ladder-forming monomer

which has only one deactivated KL (described above in Section 3.4.4 and shown in
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Figure 3.18 : Single-molecule pulling of nano-ladders (sample 19f). (a) Force-
extension curve with multiple force peaks (blue Xs). Inset: schematic of AFM pulling.
Histograms of (b) force peaks, (c) number of peaks observed per curve, and (d) peak-
to-peak distance.

Fig. 3.4c, sample 19f). Due to the more complicated structure of ladders compared

to polymers, a greater variety of force-induced rupturing scenarios is possible, which

makes the interpretation of the ladder results, by themselves, less straightforward.

However, comparing the ladder results (Fig. 3.18) to the polymer results showed a

small increase in the most probable force to 35(5) pN, as well as an overall shift

towards higher forces and larger numbers of peaks per curve. This is consistent with

the increased sharing of the tensile load among multiple KL complexes expected in

the ladder. When multiple peaks occurred, the most probable peak-to-peak distance

was 15(5) nm, comparable to the length of a single monomer (Fig. 3.18d). Taken
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together, these results are consistent with the rupturing of KL complexes being a

main contributor to the observed force events in the ladder, albeit in a more varied

and complicated way than in the case of the polymer. This is thus additional indirect

evidence that single KL complex rupturing was observed in the polymer.

Comparison to literature values

Measured forces of nucleic acid unfolding can vary depending on experimental con-

ditions, such as the GC content of the nucleic acid sequence, pulling velocity, probe

stiffness, salt concentration and temperature. In addition, although the force-induced

unfolding of RNAs, from simple hairpins to more complicated RNAs with tertiary

folds, has been explored in exquisite detail, such investigations have focused on pulling

from the 5’ and 3’ ends (for a review, see [164]). Direct investigations of the forces

involved in extending A-form helical RNA [157, 165] and unkissing KL complexes

have to date been more limited. Still, our measured force of 25(5) pN for unkissing

is consistent with ranges previously reported for KL complexes under various exper-

imental conditions. The unkissing of a minimal complex consisting of only two GC

bp was measured by optical tweezers to occur in the range 7–30 pN, and preceded

force-induced unfolding of the loop hairpins [166]. Unkissing of two different KL

complexes from HIV-1, each consisting of six bp, occurred at 10–50 pN under varying

[MgCl2] [167]. For comparison, when pulling from the 5’ and 3’ ends, 13 pN was

required to completely unfold a 64-nucleotide (nt) RNA with a 3WJ, and 15 pN for

a 63-nt riboswitch aptamer [168,169].

The literature values are consistent with our interpretation that the force events we

observed are individual KL complex unkissing events. These results could therefore

serve as a jumping-off point for further investigations of KL strengths. A comparative
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study of the force required to rupture polymers with a variety of different KLs would

allow us to identify any especially strong or weak designs, which could provide valuable

clues for the design of RNA-based nanostructures.

3.5 Discussion

3.5.1 Flexibility of kissing-loop twists

In Section 3.4.7 it was found that KL twist flexibility played a key role in assembly.

First, KL flexibility was necessary to compensate for the near-optimum, but not

perfect, twists of KLs. Second, KL flexibility made it possible to switch the assembled

structure from rectangular to diamond-shaped grids, by adjusting the design to favor

one KL twist isoform or another.

Flexibility has previously been noted as an important feature of KL complexes.

Molecular dynamics (MD) simulations suggest 2-bp KL complexes undergo dynamic

fluctuations and are more flexible than A-RNA duplexes [170]. These simulations

were performed in explicit solvent (including Mg2+ and Na+ ions, also present in our

experiments) and agreed with X-ray structures. MD simulations [171] also suggest

that flexibility at the loop-loop interface is a key reason for the unusually large sta-

bility of a KL complex from the Moloney murine leukemia virus, a minimal complex

consisting of only two intermolecular base pairs. This minimal complex was observed

in optical tweezers experiments to require as much force to unfold as an 11-bp RNA

hairpin [166]. It has been speculated that this flexibility also stabilizes larger KL

complexes [171]. This would explain why (i) the most stable loop size for kissing

complexes is five to seven nucleotides, with larger loop interfaces favoring formation

of a less-flexible coaxial A-form helix; (ii) unpaired flanking bases occur in highly
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stable kissing loops.

The importance of flexibility has also been reported for RNAs which can accommo-

date nano-assembly. For larger RNA assemblies involving many KL complexes, exper-

imental data show that RNA flexes its shape to accommodate the overall supramolec-

ular structure, and accounting for this flexibility is necessary to model the observed

RNA self-assembly [162].

3.5.2 Reversibility and binding strength

One of the principles of supramolecular self-assembly is that binding must be weak

enough to be reversible. Increasing binding strength promotes self-assembly up to a

point, but if binding is too strong, it can actually inhibit self-assembly or promote

irregular assembly [154]. For this reason and more, it is expected that different

combinations of KLs will work differently together as teams, as shown by the striking

changes in assembly produced by different KLs in Fig. 3.16.

Is it better for all KLs to have equal binding strength (i.e., a balanced team) or

is it preferable to have some KLs with higher binding strength than others (i.e., a

lopsided team)? Simulations of the self-assembly of a repeating subunit with four

binding sites, similar to our RNA monomers, found that a square crystal lattice was

most reliably achieved by a well-balanced team of binding strengths [172]. In our

case, a completely lopsided team of KLs—say, where the long-axis KLs were much

stronger and the short-axis KLs much weaker—would favor formation of closed 1D

loops. This would inhibit formation of rectangular grids, but linking of the loops

into a chain-loop mesh via the KLs along the weaker axis would be possible. A more

balanced team would thus be expected to be more capable of forming grids, while a

partially-lopsided team would result in a mixture of grids and loops.
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Such a lopsidedness effect could play a role in the switching from rectangular grids

to chain-loop meshes in Fig. 3.16. Sample 30a, by having a distinct binder for each

arm X1, X2, Y1, and Y2, is less likely to have a lopsided binding strength along a

particular direction, X or Y . Furthermore, the KLs used in 30a were also used in

samples 19g, 22b, 19f, and 24a, which displayed both open and closed forms (Fig. 3.4).

This indicates sample 30a KL binding strengths were not too lopsided relative to each

other, or relative to the bending stiffness of polymers and ladders, and this promoted

the formation of grids rather than chain-loop meshes. However, based on the binding

strengths of KLs in sample 41 expected from their sequence, we expected closed loops

to form predominantly along the short-axis, while measurements suggested closed-

loop formation along the long-axis. This discrepancy could be caused by the KLs

having relative binding strengths in the monomeric or supramolecular context which

differ from their expected values based on KL sequences alone. Further investigations

could test this possibility by directly measuring the KL rupture forces in context,

using single-molecule manipulation as shown in Section 3.4.9.

3.5.3 Self-complementarity and specificity

Another principle of supramolecular self-assembly is that greater specificity of the as-

sembling subunit—i.e., smaller number of orientations in which it is self-complementary—

promotes a specific assembly pattern, whereas low specificity leads to more variety.

This has been previously demonstrated in the case of RNA subunits assembling into

tetrameric nano-squares via KLs [140]. The conventional way to promote specificity

in the assembly is to utilize multiple ingredients. For example, in the case of the

nano-square the ingredients were the four sides of the square, RNAs A, B, C, and D.

A was designed to bind with B, B with C, and so on; but A and C could not bind
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each other, nor could B and D. By limiting the self-complementarity of the subunits,

only squares (or partial squares) were formed, while alternative assemblies such as

nano-triangles or pentagons were avoided.

In our study, there was only one self-assembling subunit, and it had to be able to

bind with itself. Still, self-complementarity was reduced by increasing the number of

distinct KLs, which decreased the number of ways in which the subunit could bind

itself. This had the expected consequence of making the assembled structure more

specific, as shown in Fig. 3.16. Greater self-complementarity lead to less specificity in

the assembled structure, either in the form of an inhomogeneous mixture of grids and

loops (Fig. 3.16b), or in the form of a homogeneous 2D chain-loop mesh consisting of

loops of varying shape and size (Fig. 3.16c,d).

3.5.4 Self-complementarity and robustness

The increase in specific structure promoted by reducing self-complementarity came

at a price of robustness, however. Conversely, greater self-complementarity in the

monomer lead to greater robustness in the structure. This occurred for several rea-

sons.

First, by increasing self-complementarity, much more RNA was incorporated into

well-formed 2D structure, which apparently covered the 15 mm mica substrate un-

less sufficiently diluted to a lower concentration. This was demonstrated by the in-

creased surface coverage, and the increased dilutions of RNA concentration required

to prevent surface saturation in AFM images of highly self-complementary monomers

(Fig. 3.16).

Second, greater self-complementarity meant there were more ways for proper as-

sembly pathways to out-compete nonspecific pathways. This virtually eliminated the
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amount of irregular aggregation apparent in AFM images of samples 39a, 40a, and

41a.

Third, high self-complementarity can recover more easily from clashing or defects.

As can be seen in Fig. 3.16a, top row, rectangular grids growing in clashing directions

have difficulty combining to form larger grids. No such insurmountable clashing of

assemblies was evident in the highly self-complementary monomers. Furthermore, the

highly self-complementary monomers did not display folding on top of themselves to

as great an extent as 30a grids. This could be because assembly mixtures (Fig. 3.16b)

and chain-loop meshes (Fig. 3.16c,d) which form in solution have more options avail-

able to them when accommodating a flat substrate. Or, it could be because they

have more ways of compensating for long-range curvature/twist buildup.

3.5.5 Number of binders and robustness

A large number of binding contacts is critical for the robust folding and assembly

of proteins and nucleic acids, since the contacts usually consist of weak non-covalent

interactions, such as hydrogen bonds. This principle was illustrated by the increase

in robustness of sample 24a, which had its two short-axis arms pointing in the same

direction, but was otherwise similar to 30a. The change in arm direction increased

the number of KL complexes which bound opposing ladder monomers together, from

one to two. The enhanced robustness of 24a ladders over 30a grids was evidenced by:

(i) their ability to survive wet or dry conditions; (ii) their high surface yield; (iii) their

lack of irregular aggregation, even when ladders were crowded together under optimal

assembly conditions of heating and slow cooling on mica (see Methods Section 3.3.2).
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3.6 Conclusions and future outlook

These in vitro results have laid the foundation for a project aimed at growing ex-

tended RNA nanostructures in human cells, which is currently underway. We have

identified the most robust structures as candidates for growth and survival in the

uncertain environment of human cells. Fluorescence microscopy and transmission

electron microscopy investigations are currently underway to establish whether these

extended RNA nanostructures have been successfully constructed within live human

cells.
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Chapter 4

Appendix

The following MATLAB code is described in Section 1.2.3. Its purpose is to find

⟨cos(θ)⟩ vs. L from the x, y contour of a molecule.

%% Calculates <cos(theta)> vs. contour length from AFM image of molecule

%% which allows you to calculate persistence length using WLC model

% Inspired by "High flexibility of DNA..." Nature 2006.

% Written by Eric W. Frey, May 2012. Version 5.

% Inputs: x,y, points (nm) of molecule;

% li, desired segmental spacing for xy interpolation (nm)

% Outputs: xi,yi, interpolated points (nm) of molecule with desired

segmental

% spacing li; theta is the angular change between all tangent vectors

along the molecule (columns) separated by contour lengths L (rows);

% av is <cos(theta)>, the average cosine of the angle between

% tangential segments separated by contour length L; er is the standard

% error of the mean in av

function [xi,yi,theta,av,L,er] = persistence_length4(x,y,li)
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tic % keep track of program run time

% Calculate l, the segmental distance betweeen successive points

for i = 1:(length(x)-1)

l(i) = sqrt( (x(i+1)-x(i)).^2 + (y(i+1)-y(i)).^2 );

end

% Calculate s, the contour distance along the molecule at each point

s = NaN(1,length(l)+1);

s(1) = 0; % define the first point as s = 0

s(2:end) = cumsum(l);

% Create interpolated contour coordinate si

si = 0:li:s(end);

% Interpolate the xy data to get segments of length li

% Initialize

xi(1) = x(1);

yi(1) = y(1);

I = 2;

b = 0;

% Display a figure of progress

figure, hold on

plot(x,y,’bo-’)

for i = 2:length(si)
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% i, pause;

% If all xy points have been used up, end xi,yi calculation

if b == 1

break

end

% Calculate r, the spatial distance between the current (interpolated)

point and all other points along the molecule

r = sqrt( (xi(i-1) - x).^2 + (yi(i-1) - y).^2 );

% figure, plot(r(I:end),’bo-’), hold on, plot(li,’rx’),

legend(’r’,’li’), pause;

% Go forward through unused points along molecule (starting at I)

for j = I:length(s)

% Locate the segment within which lies proper interpolated xi, yi

if r(j) >= li

% r(j), li, pause;

% interpolate xy along this segment

% figure, plot(x((j-1):j),y((j-1):j),’bo-’), hold on;

if j ~= I

xi_temp = x(j-1):((x(j)-x(j-1))/10000):x(j);

try

yi_temp = interp1(x((j-1):j),y((j-1):j),xi_temp);
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catch

% if x values are not distinct, interp over y values

% instead

yi_temp = y(j-1):((y(j)-y(j-1))/10000):y(j);

xi_temp = interp1(y((j-1):j),x((j-1):j),yi_temp);

end

else

% if it’s the first segment, interpolate from the starting

% point (not from behind it)

xi_temp = xi(i-1):((x(j)-xi(i-1))/10000):x(j);

try

yi_temp = interp1(x((j-1):j),y((j-1):j),xi_temp);

catch

% if x values are not distinct, interp over y values

% instead

yi_temp = yi(i-1):((y(j)-yi(i-1))/10000):y(j);

xi_temp = interp1(y((j-1):j),x((j-1):j),yi_temp);

end

end

I = j; % update the index along the molecule

% plot(xi_temp,yi_temp,’r-’), legend(’segment’,’interpolated

segment’), pause;

% Calculate r along this segment

ri_temp = sqrt( (xi(i-1) - xi_temp).^2 + (yi(i-1) - yi_temp).^2

);

% figure, hold on, plot(ri_temp), plot(li,’ro’),



111

legend(’ri_temp’,’li’), pause;

% Find point along this segment with r closest to desired si

[C,k] = min(abs(ri_temp - li));

% xi_temp(k), yi_temp(k), pause;

xi(i) = xi_temp(k);

yi(i) = yi_temp(k);

% Display progress

% figure, hold on, plot(x,y,’bo-’), plot(xi,yi,’rx’),

legend(’data’,’interp’), pause;

% a = ’break’,

break % calculate next desired xi, yi

end

% Track whether all xy points have been used up

if j == length(s)

b = 1;

end

end

end

% Show interpolation results

plot(xi,yi,’rx’)

legend(’data’,’interpolated’)

% Verify interpolation result segment lengths
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% Calculate lc, the segmental distance betweeen successive points

for i = 1:(length(xi)-1)

lc(i) = sqrt( (xi(i+1)-xi(i)).^2 + (yi(i+1)-yi(i)).^2 );

end

figure, plot(lc,’ro-’), legend(’actual segmental distance of interpolated

data lc (should be close to input value)’)

% Initialization

% Calculate <cos(theta)> as a function of contour length L

L = 0:li:(length(xi)*li); % theoretical contour length L along molecule

theta = NaN((length(L)-1),(length(xi)-2));

% Need at least 2 segments (3 xy points) to do calculations

for i = 3:length(L)

costheta = [];

% Calculate cos(theta) for this L

for j = 1:(length(xi)-(i-1))

% Find segment of length L

xs = xi(j:(j+i-1));

ys = yi(j:(j+i-1));

% plot(xs,ys,’rx’), legend(’xiyi’,’segment’), pause;

% Calculate theta

% Dot product between first and last parts of this segment
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dot = (xs(2)-xs(1))*(xs(end)-xs(end-1)) +

(ys(2)-ys(1))*(ys(end)-ys(end-1));

% Calculate the length of the first part

l1 = sqrt((xs(2)-xs(1))^2 + (ys(2)-ys(1))^2);

% Calculate the length of the last part

l2 = sqrt((xs(end)-xs(end-1))^2 + (ys(end)-ys(end-1))^2);

% Divide the dot product by the lengths to get cos(theta)

costheta(j) = dot/(l1*l2);

% Take inverse cosine to find theta (radians)

theta(i,j) = acos(costheta(j));

end

% Find average <cos(theta)> for this L

av(i) = mean(costheta);

er(i) = std(costheta)./sqrt(length(costheta));

end

% Need at least 2 segments (3 xy points) to do calculations

L = L(3:end);

av = av(3:end);

er = er(3:end);
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theta = theta(3:end,:);

theta = real(theta);

% Show results

figure, errorbar(L,av,er,’bo-’), legend(’<cos(theta)> vs. contour length L

(nm)’)

toc

end
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