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A 3D printable perfused hydrogel vascular model
to assay ultrasound-induced permeability†
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The development of an in vitro model to study vascular permeability is vital for clinical applications such

as the targeted delivery of therapeutics. This work demonstrates the use of a perfusion-based 3D printa-

ble hydrogel vascular model as an assessment for endothelial permeability and its barrier function. Aside

from providing a platform that more closely mimics the dynamic vascular conditions in vivo, this model

enables the real-time observation of changes in the endothelial monolayer during the application of ultra-

sound to investigate the downstream effect of ultrasound-induced permeability. We show an increase in

the apparent permeability coefficient of a fluorescently labeled tracer molecule after ultrasound treatment

via a custom MATLAB algorithm, which implemented advanced features such as edge detection and a

dynamic region of interest, thus supporting the use of ultrasound as a non-invasive method to enhance

vascular permeability for targeted drug therapies. Notably, live-cell imaging with VE-cadherin-GFP

HUVECs provides some of the first real-time acquisitions of the dynamics of endothelial cell–cell junc-

tions under the application of ultrasound in a 3D perfusable model. This model demonstrates potential as

a new scalable platform to investigate ultrasound-assisted delivery of therapeutics across a cellular barrier

that more accurately mimics the physiologic matrix and fluid dynamics.

Introduction

The objective of this work was to develop an in vitro model to
evaluate endothelial barrier function in a system that more
closely mimics dynamic physiologic conditions in comparison
to a static transwell model. Currently, transwell assays or
Boyden chamber assays, including transendothelial electrical
resistance (TEER) and molecular tracer permeability, are
regarded as the standard for studying barrier function.1–6

TEER involves the measurement of the electrical resistance
between the apical and basolateral sides of monolayer-cultured
endothelial cells to quantify cell confluency. In contrast, per-
meability assays validate confluency by measuring the fluo-
rescence intensity of a fluorescently conjugated molecule per-
meating through monolayer-cultured cells from the apical to
the basolateral side of a transwell. These two methods are

commonly used in tandem and can be highly valuable when
assessing barrier function. However, there are limitations to
these transwell assays, such as the lack of real time barrier
function assessment, the inability to concurrently examine cell
morphology, and the requirement of manual sampling that
introduces human error as well as inhibits scalability.6

Additionally, transwell-based methods do not account for the
effects of forces exerted by the fluid flow on the endothelial
cells. Many reports have shown that shear stress is an impor-
tant environmental stimulus that impacts the endothelial
barrier function.7–11

Recently, there have been studies on the effects of fluid
flow on endothelial barrier function, but most have been
accomplished through microfluidics.9,12–15 While microflui-
dics are beneficial for providing necessary physical cues such
as fluid flow, there are limitations with the geometries that
can be constructed, and the fabrication process and architec-
ture iteration is time-consuming. 3D printing offers an
alternative fabrication method that enables the fabrication of
complex geometries in more physiologic materials and allows
for rapid iteration through different architectures. There have
been several publications on the use of 3D printing to fabri-
cate vessel structures,16–21 however the novelty of this paper
lies in the combination of our 3D printed vessel with ultra-
sound to demonstrate its utility as a potential platform for
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assaying therapeutic strategies with this 3D printed vascular
model.

In this work, we demonstrate the use of a 3D printable
hydrogel vascular model developed by the Miller lab that
enables long-term perfusion culture to assess barrier func-
tion of endothelial cells under physiologic flow conditions.22

In humans, it has been previously shown that the magnitude
of shear stress ranges from 1–4 dyn cm−2 in the venous
system, 4–30 dyn cm−2 in the arteries, and 10–20 dyn cm−2 in
the capillaries.23 To mimic post-capillary venous flow, a rela-
tively low flow rate of 100 µL min−1 was used during the per-
fusion studies to exert an estimated 0.5 dyn cm−2 shear stress
on the endothelial monolayer. Prior to assessing per-
meability, the cell-lined channels were cultured for six days
under continuous flow, at which time the endothelial cells
were developing into a monolayer along the lumen wall.
Using this model, the apparent permeability was evaluated
with a fluorescently labeled tracer molecule chosen to rep-
resent molecules of interest in the bloodstream. Rhodamine-
dextran (70 kDa) closely matches the molecular weight of
many plasma proteins, including the most prevalent albumin
(66 kDa), making it highly applicable to vascular permeability
studies.24 Using this 3D hydrogel vascular model allowed the
diffusion of these tracer molecules to be observed continu-
ously over time through fluorescence microscopy and appar-
ent permeability coefficients to be calculated over multiple
time points.

In addition to more closely mimicking physiologic con-
ditions, this model also offers the ability to monitor real-time
events, including changes in cell morphology and shifts in per-
meability due to external stimuli, such as ultrasound. The
ultrasound-based drug delivery strategy is emerging due to its
high tissue-penetrating capability, controllability, and non-
invasiveness.25,26 Ultrasound is defined as a type of mechani-
cal sound wave with a periodic vibration at frequencies higher
than the human hearing (20 kHz).27 It can exert various
bioeffects, ranging from mechanical liquefaction to vascular
permeability enhancement.28 In the clinical landscape, both
focused and non-focused ultrasound are actively evaluated to
examine their impact on drug delivery enhancement in the
presence or absence of microbubbles.29–31

Microbubbles injected intravenously have been shown to
oscillate volumetrically in response to ultrasound, leading to
the increase in permeability of adjacent cell membranes
through a process known as sonoporation.32 The diameter of
the microbubble changes when it is exposed to the pressure
waves of the ultrasound, fluctuating between an expansion
phase when the microbubble becomes enlarged, and a com-
pression phase when the microbubble shrinks.33 During stable
cavitation, the microbubbles alternate between pulling on the
cell membrane during the compression phase, and pushing
on it during the expansion phase which results in weakened
membrane integrity.34 Additionally, the oscillations of the
microbubbles result in altered liquid flow in the surrounding
space, termed microstreams, which produce additional shear
stress on the adjacent cells.35

The cavitation caused by the expansion and compression of
the microbubbles results in enhanced permeability and trans-
port through the cellular barrier via three distinct mecha-
nisms. These mechanisms include transport from the lumen
into the extravascular tissue via the newly formed perforations
in the cell’s plasma membrane,36–38 transport through the
interendothelial junctions that were enlarged during
cavitation,39,40 and an upregulated rate of endocytosis,41,42 all
of which contribute to enhanced drug delivery through the cel-
lular barrier. This process of using sonoporation utilizing the
cavitation of microbubbles to enhance drug delivery is cur-
rently under intensive preclinical and clinical research for anti-
cancer therapies to improve targeted drug delivery to a loca-
lized tumor, as well as to facilitate drug delivery across highly
restrictive barriers such as the blood–brain barrier for brain
diseases.26,43–52

This paper examines leveraging this 3D model to further
understand sonoporation-assisted transport across an endo-
thelial barrier in a dynamic, perfusable in vitro system. To do
this, an improved endothelialization strategy was used via
tuning media composition to achieve an endothelium display-
ing barrier function and responsiveness to external cues.
These improved vascularized hydrogels were used to quantify
the transport of a fluorescent molecule across the cellularized
barrier before and after the application of ultrasound using a
custom Matlab‡ GUI for automated data processing/analysis
and improved reproducibility and throughput. Finally, endo-
thelial cells fluorescently expressing VE-cadherin-GFP were
used to elucidate the dynamics of their cell–cell junctions in
real-time in response to the application of ultrasound. In
summary, this 3D perfusable hydrogel model uniquely pro-
vides an in vitro platform to investigate the effects of external
stimuli on endothelial barrier function in a highly controllable
environment.

Experimental section
3D printing of hydrogels

The polymers and initiators for the prehydrogel solutions,
including poly(ethylene glycol) diacrylate (PEGDA; 3.4 kDa),
lithium phenyl-2,4,6-trimethylbenzoylphosphinate (LAP),
gelatin methacrylate (GelMA) were synthesized as previously
described.22 For fabrication of cellular monolithic gels, prehy-
drogel mixtures were prepared containing 10 wt% GelMA,
3.25 wt% 3.4 kDa PEGDA, 17 mM LAP, 2.255 mM tartrazine
photoabsorber, and 10% glycerol in sterile 1× PBS. The
Lumen-α Bioprinter used in fabrication was previously devel-
oped by the Miller lab and Volumetric (https://volumetricbio.
com/products/lumen-3d-bioprinter).22 The prehydrogel

‡The MATLAB script for permeability analysis and monolayer quantification is
available at github.com/MillerLabFTW/Permeability under a GNU General Public
License and will be maintained and updated in that repository. In the ESI,† we
also provide the versions of the permeability and monolayer quantification
MATLAB scripts used for data analysis herein.
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mixture was transferred onto the polydimethylsiloxane (PDMS)
coated Petri dish placed below the build platform, which con-
tains a bonded-glass slide onto which the cured gel would
attach. To start the print, the build platform was then lowered
to the first fabrication layer position. Fabrication was managed
with built-in slicing software that controls the apparatus by
sending GCode commands for vertical movement of the build
platform and images to the projector, which projects a
sequence of photomasks based on the imported 3D model.
This 3D model of a serpentine vessel was created in Blender.
After printing was complete, the 3D fabricated hydrogel was
removed from the glass slide of the build platform with a razor
and equilibrated in multiple PBS washes.

Endothelialization of 3D printed hydrogels

GFP HUVECs (Angio-Proteomie, passage 4–8) or VE-cadherin-
GFP HUVECs (Angio-Proteomie, passage 5–6) were grown in
complete VascuLife media (Lifeline Cell Technologies) sup-
plemented with 1% penicillin/streptomycin. The 3D printed
hydrogels were transferred into sterilized 3D printed plastic
housing chambers that contain ports for fluidic tips. Fluidic
tips were primed with media, gently inserted into the gel
chamber, and then into the inlet and outlet portions of the
hydrogel. Proper fluidic connection and cellular adhesion were
ensured by injecting VascuLife media and visibly verifying the
absence of leakage into the gel chamber housing. HUVECs
were resuspended to a density of 30m cells per mL for seeding
and slowly injected into the channel via the catheter. To
encourage uniform HUVEC adhesion, gels were seeded for
4 hours at 37 °C and rotated 90 degrees every 15 minutes.
After the seeding period, gels were perfused with complete
VascuLife media (including VEGF as one of the vendor-pro-
vided supplements) supplemented with 1% penicillin/strepto-
mycin at a flow rate of 5 µL min−1. For the standard perfusion
culture media formulation, gels were perfused for six days with
complete Vasculife media prior to any analysis. While the
improved perfusion culture media formulation consisted of
three days of perfusion with complete Vasculife media fol-
lowed by three days of perfusion with Vasculife media without
the VEGF supplement, for a total of six days of perfusion
culture prior to any analysis.

VE-cadherin immunostaining of endothelialized 3D printed
hydrogels

GFP HUVECs were seeded in serpentine channels as described
above and perfused with complete VascuLife media sup-
plemented with 1% penicillin/streptomycin for six days. For
the following staining steps, per hydrogel ∼200–300 µL of each
solution was manually injected sequentially, being careful to
prime the catheter tips with PBS as needed to avoid introdu-
cing bubbles. After removing from perfusion, the cell mono-
layers were fixed with 4 wt% paraformaldehyde (PFA) and
allowed to soak for 10 minutes at RT, followed by 20 minutes
of permeabilization with 0.1% Triton X-100 in PBS. Then cells
were blocked with 1 wt% bovine serum albumin (BSA) for
1 hour at RT. Primary antibody for VE-cadherin (VE-cadherin,

D87F2 Rabbit mAb, Cell Signaling Technology) was prepared
at 1 : 400 in 1 wt% BSA solution and ∼200–300 µL injected into
each gel to incubate overnight at 4 °C. During this step, outlets
were capped to avoid potential dehydration. Following over-
night incubation, 3 × 30 min washes with PBS were done
before incubating with the secondary antibody (anti-rabbit IgG
(H + L) #4413, Alexa Fluor® 555 Conjugate, Cell Signaling
Technology) prepared at a 1 : 500 dilution for 2 hours. A
nuclear counterstain was applied using 2.5 μg mL−1 Hoechst
for 15 minutes. Finally, all gels were washed 3 × 30 minutes
with PBS before imaging. Images were acquired on a Nikon
Eclipse Ti inverted epifluorescence microscope (Nikon
Instruments Inc.) with a Zyla 4.2 sCMOS camera (Andor).

Perfusion-based permeability and ultrasound studies

Perfusion-based permeability studies were conducted on the
endothelialized 3D printed hydrogels after being cultured for 6
days. These studies were performed by flowing fluorescent per-
fusate solutions through the endothelialized channel of the
hydrogel and assessing the intensity of the fluorescent mole-
cule in a region outside the channel during a specified time-
frame. The perfusate solutions consisted of fluorescent mole-
cules in PBS and microbubbles to serve as an ultrasound con-
trast agent. Microbubbles (FUJIFILM VisualSonics, item
number: VS-11913) were incorporated in a 1 : 20 dilution in
solutions of fluorescent molecules: rhodamine-dextran 70 kDa
(1 mg mL−1) in PBS. To utilize the GUI’s edge tracking feature,
150 kDa FITC-dextran (0.5 mg mL−1) was added to the perfu-
sate to track the edges of the channels during the acellular
trials when GFP HUVECs were not present, as this molecule
will not diffuse through the hydrogel matrix during the time-
frame of the acquisition.

To perform the permeability and ultrasound studies, the
hydrogel remaining in its sterile chamber was removed from
incubation and media perfusion to be transferred to a Nikon
Eclipse Ti inverted epifluorescence microscope (Nikon
Instruments Inc.) with a Zyla 4.2 sCMOS camera (Andor) to
acquire time-lapsed imaging during the permeability study.
Image acquisition channels included GFP to visualize the
HUVECs within the channel and mCherry to visualize the fluo-
rescent dye molecules within the perfusate solution. For per-
meability time-lapse studies, images were acquired every 30 s
for 20 min using a gain of 1/4, 16-bit depth, and exposure
times of 400 ms for the GFP channel and 1 frame for the
mCherry channel. For VE-cadherin-GFP HUVEC time-lapse
imaging, images were acquired every 5 s for 15 min using a
gain of 1/4, 16-bit depth, and exposure times of 2 s for the GFP
channel. Through tubing leading to the inlet of the hydrogel
chamber and through the endothelialized channel within the
hydrogel, the perfusate solution was directed from the solu-
tion-containing syringe and placed in a Harvard apparatus
syringe pump. Ultrasound conductive gel was applied to the
top of the hydrogel and the ultrasound probe was positioned
and fixed in place to contact the top of the ultrasound gel so
the ultrasound waves could be transduced through the ultra-
sound gel to the hydrogel.
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These permeability and ultrasound studies were conducted
with a continuous perfusate flow of 100 µL min−1 throughout
the entire time-lapsed acquisition. The flow of the perfusate
was initiated, and at the 10-minute mark, ultrasound with a
frequency of 1 MHz, duty cycle of 50%, and power of 2.0 W
cm−2 was applied to the hydrogel for 5 minutes. Each trial con-
sisted of perfusate flow and image acquisition for 10 minutes
to allow equilibration, 5 minutes for ultrasound application,
and 5 minutes after ultrasound application, for a total of
20-minute trials. Time-lapsed acquisitions of the fluorescent
molecule channel were used to calculate the apparent per-
meability coefficient with the equation below,

P ¼ dI
dt

r
2I0

ð1Þ

where P is the apparent permeability coefficient, dI/dt is the
change in fluorescence intensity of the dye over time, r is the
radius of the endothelialized channel, and I0 is the maximum
fluorescence intensity inside the lumen.12 The change in fluo-
rescence intensity (dI/dt ) was determined by monitoring a
region outside the channel at a fixed distance from the
channel edge and the maximum fluorescence intensity (I0) was
determined by the fluorescence intensity of the dye within the
lumen at a time before the diffusion of the dye out of the gel
occurs. The image processing used to determine each of these
variables is described in more detail in the following section.

For each trial, a permeability coefficient was calculated
before and after the ultrasound to assess the effects of ultra-
sound on permeability and barrier function. The permeability
coefficient before the ultrasound was determined using the
5 minutes before the ultrasound was applied. The permeability
coefficient after ultrasound was determined using the
5 minutes after the ultrasound ended. These permeability cal-
culations were conducted for six groups: acellular gels per-
fused with standard media for six days, endothelialized gels
cultured for six days perfused with standard media, and
endothelialized gels cultured for the first three days perfused
with standard media then the last three days perfused with
improved media (VEGF removed), these three groups were per-
formed in two conditions: without microbubbles and with
microbubbles. The percent change in permeability was calcu-
lated using the following equation,

Percent change in P ¼ Pafter US � PbeforeUS
Pafter US

� 100% ð2Þ

where Pafter US is the apparent permeability after ultrasound
treatment and Pbefore US is the apparent permeability prior to
ultrasound treatment.

Image processing for permeability assay

To consistently evaluate endothelial permeability in the per-
fusion model, a custom algorithm was developed using Matlab
to assist in image processing and the calculation of the appar-
ent permeability coefficients. We implemented a fully auto-
mated multi-step workflow wherein edge detection was used to
determine the position of a perfused channel and a dynamic

ROI captured changes in tracer intensity over time for compu-
tation of apparent permeability coefficients. Time-lapsed
images acquired for both fluorescent channels (i.e., GFP
HUVEC and molecular tracer channels) were imported. Then,
a custom-edge detection algorithm determined the positions
of the outer edges of the lumen by reading the GFP intensity
values from the bottom or top of the image towards the lumen
in a vertical line until reaching an empirically set threshold
value at a logged y position or pixel. These y positions were
found for every x position and the average taken as the
location of the lumen edge. The distance between the two
edges provided the diameter of the lumen, which was divided
in half to obtain the radius required for the permeability calcu-
lations. The last two variables of eqn (1), I0 and dI/dt were
determined from the molecular tracer channel. The maximum
intensity of the perfusate (I0) was taken as the average intensity
along the centerline of the lumen, as defined using edge detec-
tion, at a time prior to any significant diffusion of molecular
tracer outside of the lumen (i.e., averaged over frames 2–22).
The intensity outside of the lumen (I) was taken as the average
over a rectangular ROI with dimensions of 300 pixels in height
and the full image width and which remained at a fixed 100
pixels away from the detected lumen edge. The purpose of this
dynamic ROI was to maintain the same distance from the
lumen for the entire time-lapse to account for any movement
of the channel during the acquisition. Using this method, the
average intensity within the ROI was plotted over time and the
slope of a best-fit line, (dI/dt ), was measured across two separ-
ate segments of the time-lapse: 5 minutes prior to ultrasound
and 5 minutes after ultrasound treatment. All these variables
were used in eqn (1) to compute the apparent permeability
coefficients before and after the application of ultrasound.
This data was plotted and statistically analyzed using
GraphPad Prism.

Image processing for monolayer quantification

Using a custom Matlab script developed in the Miller Lab, GFP
HUVEC monolayer morphology metrics including cell area,
density, and coverage were quantified. The image processing
steps involved (1) importing images of the GFP channel (cell
cytoplasm), (2) a user selecting an ROI of determined size
within the endothelialized region of the imported image, (3)
using an adaptable threshold (sensitivity = 0.7) to obtain a
binary image of the cropped region, (4) cleaning up small
holes and noise, (5) applying a watershed algorithm to
segment cells, (6) outlining the segmented cells, and (7)
returning the monolayer metrics using MATLAB’s built in
function regionprops. The cell coverage percentage was com-
puted as (signal-positive pixels)/(all pixels) × 100% after apply-
ing an adaptable threshold (sensitivity = 0.9) to obtain a binary
image of the cropped ROI within the endothelialized region.

Statistical analysis

An unpaired t-test was used for statistical analysis to evaluate
cell coverage, cell area, and cell density between the standard
and improved groups, as well as to analyze the percent change
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of permeability coefficients between different groups. A paired
t-test was used for statistical analysis to evaluate the per-
meability coefficients before and after ultrasound for the per-
fusion-based permeability studies, *P < 0.05, **P < 0.01, ***P <
0.001, and ****P < 0.0001. All statistical analyses were per-
formed using the GraphPad Prism software package (PRISM
9.3.0; GraphPad Software). Biological replicates were used in all
experiments unless otherwise stated. All experimental results
were indicated as the mean ± SD unless otherwise specified.

Results
Establishment and characterization of an endothelialized 3D
printed vascular model

Previous studies have primarily relied on the use of static
monolayer culture methods, such as the transwell, or in vivo/
ex vivo models. Although animal models are incredibly useful
in later stage development, an in vitro model that bridges the
gap from standard 2D static culture is critical for early screen-
ing of therapeutics. Recent studies towards an alternative
in vitro model that more closely recapitulates the physiologic
environment have mainly utilized microfluidics.53,54 Although
these systems enable fluid flow through cell-lined vessels, soft-
lithography methods do not provide the same degrees of
freedom nor the ease of modification and fabrication as 3D
bioprinting. Alternatively, stereolithography (SLA) bioprinting
can be used to fabricate perfusable vascular architectures
within cell adhesive hydrogel scaffolds. Thus, we developed a
3D printable vascular model (Fig. 1a) that permits long-term
perfusion through an endothelialized hydrogel channel. The
design consists of a 700 µm diameter serpentine-shaped
channel with two turn backs with the base of the channel
500 µm from the bottom of the hydrogel to enable live
imaging at high magnification through the transparent hydro-
gel matrix. These hydrogels were fabricated through SLA using
a Lumen-α Bioprinter, in which 2D patterns were projected
into the vat of prehydrogel solution, curing the hydrogel layer
by layer as the build platform raised 50 µm for each layer. Each
hydrogel takes ∼30 min to print, and two or more can be
printed simultaneously, depending on build stage size and gel
design dimensions. For this design, hydrogels were printed
two at a time, making the production rate ∼4 gels per h. The
hydrogels are then soaked in sterile PBS overnight at 37 °C
with multiple washes to remove any residual uncured moieties.
In addition to the hydrogels, plastic housings are also custom
fabricated via 3D printing to maintain sterility during per-
fusion culture.21 This plastic housing is critical for catheteriza-
tion, seeding of the lumen with endothelial cells, and contin-
ual perfusion over time without contamination. The hydrogel
design described above was then seeded with GFP HUVECs at
30m cells per mL and perfused with media for six days to
allow for an endothelial monolayer to form within the channel
(Fig. 1b). The GFP HUVECs were imaged through epifluores-
cence to observe cell morphology and coverage throughout the
channel (Fig. 1c–e).

We have previously demonstrated the development of our
sterile perfusion setup and the seeding of GFP HUVECs within
our 3D hydrogel scaffolds.21 In early experiments, the media
typically used for 2D culture was also utilized for 3D perfusion
culture over the entire duration of the experiment. In this
work, we have further optimized the perfusion culture media
formulation to include the removal of exogenous VEGF after
three days of perfusion culture to achieve the desired cobble-
stone morphology (Fig. 1c–e and S1†) as well as improved
barrier function (Fig. S2†). In endothelial media, VEGF is typi-
cally incorporated to enhance proliferation and growth.
However, it is well reported that VEGF, once referred to as vas-
cular permeability factor (VPF), also leads to leaky monolayers
and enhanced permeability via destabilization of the endo-
thelial cell–cell junctions.55–58 Thus, by maintaining the stan-
dard growth media for three days to promote coverage of the
hydrogel channel then switching to non-VEGF containing
media for the next three days of culture, a stable, functional
endothelium was formed using the “improved” media formu-
lation. Whereas hydrogels perfused with the standard media
containing VEGF for all six days using the “standard” media
formulation resulted in monolayers with unstable cell junc-
tions and minimal barrier function when compared to acellu-
lar hydrogel controls (Fig. S2†). These observable differences
in morphology between conditions were further quantified
using a watershed segmentation algorithm via Matlab to separ-
ate individual cells and calculate their properties including
cell coverage, area, and density (Fig. 1f–h and S1†). The cell
coverage was estimated as the number of GFP-positive pixels
per total number of pixels within the selected ROI to deter-
mine the extent of confluency of the endothelial monolayers.
By utilizing the improved media formulation, the cell coverage
was increased significantly over that of monolayers cultured
using the standard media formulation. Note, the cell coverage
was likely underestimated using this method (only ∼80% for
the improved media formulation) due to the large variation in
GFP expression across HUVECs; however, in order to directly
compare the coverage to permeability of each replicate prior to
ultrasound application, immunostaining in which fixation is
required was not feasible. The average cell area provides a
metric for how spread out each cell is across the hydrogel sub-
strate. The cells cultured under the improved condition exhibi-
ted a significantly larger cell area than those cultured under
the standard condition, supporting the observed differences in
morphology from large cuboidal cells to thin spindle-like cells,
respectively. The cell density was calculated as the number of
cells per total area of the selected ROI. The results for cell
density appear counterintuitive, although due to the much
smaller size of the cells under the standard condition their
density was significantly greater than that of the improved con-
dition in which each cell takes up substantially more space.
These quantitative results were further confirmed by the VE-
cadherin staining of the cell–cell junctions in Fig. 1e where
smaller, less spread cells with visible gaps between cell junc-
tions were observed in the standard condition versus the
homogeneous cobblestone monolayer of larger cells with clear
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cell boundaries achieved from the improved condition. Thus,
throughout this work these two conditions were utilized to
assess ultrasound-guided cavitation within unstable endo-

thelial monolayers (standard) as a negative control and stable
monolayers (improved) as the experimental group. In addition,
acellular hydrogels perfusion cultured analogously to the cellu-

Fig. 1 Improved endothelialization of hydrogel vascular model. (a) The 3D rendering of a hydrogel consisting of 3.25% PEGDA and 10% GelMA with
a 700 µm serpentine vascular channel used herein. (b) A representative fluorescence image of the vascular channel endothelialized with 30m cells
per mL GFP HUVECs and perfused with endothelial cell media at 5 µL min−1 for six days (arrow indicates direction of flow); scale bar, 1000 µm.
Representative images of endothelialized serpentine hydrogels (c; scale bar 1000 µm) and insets of the center channel of the endothelialized ser-
pentine hydrogels (d; scale bar 100 µm) after six days of perfusion under different media conditions: standard endothelial media containing VEGF for
all six days of perfusion and an improved perfusion media formulation in which VEGF was removed from the standard endothelial media on day 3 of
perfusion culture. The dashed box represents the region of the center channel that was used to quantify percent coverage, cell area, and cell
density. (e) An inset of the center channel after fixing the gel on day 6 and immunostaining for VE-cadherin (mOrange2) and Hoechst (DAPI) for the
standard and the improved conditions; scale bar, 50 µm. The inset on the upper left shows the whole bottom surface of the center channel.
Quantification of endothelial cell monolayer and morphology of the ROI within the vascular channel (shown in d) for both standard and improved
conditions consisting of (f ) percent coverage, (g) cell area, and (h) cell density. Data shows mean ± standard deviation, significance determined
using an unpaired t-test (**p < 0.01, ****p < 0.0001) between the standard (n = 10) and improved (n = 12) groups.
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lar groups were utilized to establish a baseline for permeability
of the hydrogel matrix both before and after ultrasound
application.

Experimental set-up of ultrasound perfusion-based
permeability assay

Ultrasound in combination with intraluminal microbubble
administration has been shown as a promising route for
enhancing the delivery of therapeutics across a cellular
barrier.32,50,51,59–62 After achieving an endothelialized vascular
model with improved barrier function, the next step was to
incorporate the application of ultrasound to study the trans-
port of a fluorescent molecular tracer from the lumen, through
the endothelial barrier, and into the surrounding hydrogel
matrix. This work involved using a channel endothelialized
with GFP HUVECs and perfused with a solution of 70 kDa rho-
damine-dextran and microbubbles, as a molecular tracer and
an agent for sonoporation, respectively. During perfusion of
the solution, ultrasound was applied at 2.0 W cm−2, 1 MHz fre-
quency, and 50% duty cycle for five minutes; parameters
selected to closely align with those that have been demon-
strated to show ultrasound-induced vascular disruption in
in vivo,51,63,64 in vitro,65,66 and ex vivo studies.67,68 In combi-
nation with microbubbles, the application of ultrasound has
been reported to cause microbubble oscillation and micro-
streaming, which results in the disruption of endothelial cell–
cell junctions and a resulting increase in vascular permeability
(Fig. 2a).69–71

The experimental set-up for these ultrasound perfusion-
based permeability studies began with a syringe pump and
perfusate syringe containing the fluorescent marker and
microbubbles, provided at a constant flow rate of 100 µL
min−1 through tubing to the endothelialized hydrogel which
was imaged in real-time using an epifluorescent microscope.
The hydrogel was contained in a custom-built 3D printed
chamber that allowed for easy catheterization and perfusion.
Ultrasound conductive gel was placed directly on top of the
hydrogel, and the ultrasound transducer probe was lowered
until centered on the hydrogel and compressing the ultra-
sound conductive gel. The center channel of the serpentine
was used as the region of interest (ROI) to calculate per-
meability for each trial (Fig. 1c). The perfusate was directed
from the syringe and inlet tubing, through the endothelialized
hydrogel, to a waste outlet that was sitting at the same height
as the endothelialized gel, which was necessary for minimizing
channel diameter fluctuations in the compliant hydrogel
throughout the duration of the study. This set-up is shown
both as a schematic (Fig. 2b) and with photos (Fig. 2c) of the
experimental set-up. A representative time-lapse acquisition
from these studies is provided in the ESI videos (Movie S1†).

Assessing ultrasound-assisted transport with vascular
permeability GUI

To calculate the permeability coefficient, a custom Matlab GUI
was developed to analyze the permeability trials in a reproduci-
ble and high-throughput manner (Movie S2†). In this GUI, two

sets of high-resolution data, one from the cell channel (GFP,
GFP HUVEC) to monitor cell behavior, and one from the dye
channel (mCherry, rhodamine-dextran) to monitor diffusion
from the lumen into the surrounding space. Once these data
sets are imported, the GUI tracks the channel diameter over
time and quantifies the intensity of the fluorescent marker in
a region outside the channel to gain information on per-
meability and diffusion. After importing and running, the GUI
outputs include the permeability coefficient at specified times
(before and after ultrasound application), diffusion profiles of
the dye, and tracking of the channel diameter over time
(Fig. 3a). A representative image demonstrating the variables
obtained from image processing used to calculate the per-
meability coefficient is shown in Fig. 3b.

This endothelialized model was used to assess the effect of
ultrasound on vascular permeability for six groups: a set of
acellular, standard, and improved gels without microbubbles,
and a set of acellular standards, and improved gels with micro-
bubbles (Fig. 3c). One grouping of a circle (before permeability
value), arrow, and square (after permeability value) represents
one hydrogel and allows for visualization of the permeability
change induced by ultrasound.

The acellular control groups consist of blank hydrogels
without any cells that were perfused with endothelial cell
media for six days to match the standard and improved con-
ditions’ perfusion timelines. This acellular group was used to
assess the baseline permeability of the hydrogel matrix. In the
acellular no microbubbles group, the average before ultra-
sound permeability was 3.36 × 10−6 cm s−1, and the average
permeability after was 3.44 × 10−6 cm s−1 (percent change of
2.8%). In the acellular with microbubbles group, the average
before ultrasound permeability was 3.95 × 10−6 cm s−1, and
the average permeability after was 3.97 × 10−6 cm s−1 (percent
change of 1.1%). In both the no microbubbles and micro-
bubbles acellular groups, there was a very minimal change in
permeability of the hydrogel, indicating that the application of
ultrasound alone or in combination with the presence of
microbubbles does not have a substantial effect on the per-
meability of the hydrogel matrix itself. The slight differences
in acellular permeability before ultrasound for the two groups
is not statistically significant and may be attributed to
minimal variations in light intensity during the hydrogel
prints.

For the standard groups, only the standard group in the
presence of microbubbles showed a statistically significant
change in permeability in response to ultrasound. This shows
that the microbubbles play a role in facilitating the increase in
permeability for this group. It can be noted that the standard
groups have a slightly higher average before ultrasound value
compared to the acellular hydrogel groups. Since both groups
underwent identical perfusion timelines and flow rates, it is
hypothesized that the endothelial cells may be secreting
matrix degrading enzymes, such as matrix metalloproteinases
(MMPs), that could be softening and degrading the surround-
ing hydrogel environment, thus resulting in an increased
permeability.
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For both improved groups, there was a statistically signifi-
cant change in permeability coefficients after ultrasound appli-
cation. Notably, both improved groups with and without

microbubbles show a statistically similar increase in per-
meability coefficient. This was hypothesized to be attributed to
the presence of soluble gases within the perfusate which could

Fig. 2 Concept and experimental set-up for the ultrasound compatible perfusion-based permeability studies. (a) A schematic showing the concept
of ultrasound application coadministered with microbubbles to enhance vascular permeability. (b) The schematized experimental set-up displaying
the use of a syringe pump to flow a fluorescent perfusate through the endothelialized vascular model for the perfusion-based permeability studies
under the application of ultrasound. (c) Representative images of the bench-top experimental set-up shown in (b). Schematics created with
BioRender.com.
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nucleate into nanobubbles, thus enhancing vascular per-
meability in mechanisms similar to the microbubbles. This
change in permeability demonstrates that the improved media

condition has an endothelium responsive to external stimuli
(ultrasound) and that ultrasound can be used to enhance
transport of molecules across the cellular barrier in this

Fig. 3 Data processing workflow for permeability coefficients and permeability results using rhodamine-dextran (70 kDa) to evaluate endothelial
barrier function. (a) A flowchart demonstrating the data processing workflow importing GFP HUVEC and fluorescent marker images, calculating the
permeability coefficients, and providing permeability coefficient data. (b) Representative image processing to obtain the radius (r), the maximum
intensity (I0), edge detection, and the ROI at a fixed distance of 100 pixels away from the channel edge; scale bar, 200 µm. (c) Permeability coeffi-
cient calculated using the custom GUI before and after ultrasound was applied for 5 minutes at 2.0 W cm−2. Analyzed groups include acellular
without microbubbles (n = 3), standard without microbubbles (n = 6), improved without microbubbles (n = 6), acellular with microbubbles (n = 3),
standard with microbubbles (n = 6), and improved with microbubbles (n = 6). One grouping of a circle, arrow, and corresponding square represents
one endothelialized hydrogel and allows for visualization of how the permeability coefficient changes in response to ultrasound. Floating bars go
from the minimum to the maximum of the data set with a line at the mean. Significance was determined by analyzing the before and after per-
meability values of the same group using a paired t-test (*p < 0.05, **p < 0.01, ***p < 0.001). (d) Percent change of the permeability coefficients for
each group. Significance was determined using an unpaired t-test (*p < 0.05). Permeability coefficients were plotted against the monolayer quantifi-
cation data provided in Fig. 1, including (e) cell coverage, (f ) cell area and (g) cell density with asterisks denoting average values for each condition
(standard = blue, improved = green).
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model, as has been seen in other studies using different
models with ultrasound. This shows promise that moving
forward, delivery of therapeutic molecules across an endothe-
lialized barrier can be studied and optimized within this
dynamic, perfusable model.

When assessing the permeability coefficient values before
ultrasound, the values for this model system, ranging from 1.3
× 10−6 cm s−1 to 4.4 × 10−6 cm s−1 were found to be the similar
and within the same order of magnitude as other in vitro
sources.65,72 When factoring in ultrasound application, while
it would be ideal to have a head-to-head comparison for the
post sonopermeation groups, in vitro and in vivo, this compari-
son is highly dependent on the ultrasound dose delivered, the
model compounds, the microbubbles’ attributes, and other
contributing factors, thus these values could not be obtained
to enable such a comparison.

The percent change of the permeability coefficient in
response to the application of ultrasound for the six groups is
shown in Fig. 3d. In the no microbubbles group, there is a stat-
istically significant difference between the standard and
improved groups, showing that the permeability and endo-
thelial barrier of the improved group is more responsive to the
application of ultrasound due to the lower initial permeability,
and thus the better barrier function of the improved group. In
the microbubbles group, the same trend is seen where the
improved group shows a statistically significant difference in
the change in permeability coefficient compared to the stan-
dard group.

Correlations between the permeability coefficient before the
application of ultrasound and the metrics used to quantify the
monolayer (cell coverage, cell area, and cell density) are shown
in Fig. 3e–g. For cell coverage, the improved group displayed
higher coverage and a resulting lower permeability. For the
improved group, the average cell coverage and permeability
was 81.7% and 2.32 × 10−6 cm s−1, respectively, compared to
that of the standard group which was 67.2% and 3.96 × 10−6

cm s−1. When analyzed with a linear regression (Fig. S3†), the
slope was −0.05 and the r2 value was 0.38. The negative slope
of the linear regression and r2 value indicates a trend where an
increased cell coverage correlates with a decreased per-
meability. Higher cell coverage is generally more indicative of a
more complete and confluent monolayer, which would be
associated with a lower permeability coefficient and thus
enhanced barrier function.

For cell area, the cells of the improved group (average:
723 µm2) were larger than those of the standard group
(average: 579 µm2). When analyzed using linear regression, the
slope was −0.008 and the r2 value was 0.43. The negative slope
and r2 values indicate that larger cells are associated with a
lower permeability coefficient. In the improved condition, the
cells displayed a larger and more cobblestone morphology
compared to the smaller and more spindle-like morphology
that is seen with the standard group. These larger, more cob-
blestone cells of the improved group form a more mature
endothelium that is associated with a lower permeability
coefficient and improved barrier function.

For cell density, the density of the improved group (average:
6.47 × 104 cells per cm2) was less than that of the standard
group (average: 7.66 × 104 cells per cm2). When analyzed using
linear regression, the slope was 0.25 the r2 value was 0.07. For
this metric, it is seen that cell density is weakly correlated with
permeability coefficient, but there is a slight trend where lower
cell density is associated with a lower permeability coefficient.
The improved condition displayed a lower cell density than the
standard group, which is likely attributed to the size of the
cells. For the improved condition, the cell area was larger,
which resulted in a lower number of cells in the ROI analyzed,
and thus a lower cell density when compared to the standard
group. These three metrics show that the morphologies associ-
ated with the improved group correlate with a lower per-
meability coefficient, indicative of a more restrictive and
mature endothelial barrier.

Live imaging of endothelial cell–cell junctions under
ultrasound transduction

After demonstrating that this model endothelialized with GFP
HUVECs displays a quantitative response to ultrasound, the
next step was to assess the mechanism of enhanced per-
meability using VE-cadherin-GFP HUVECs. The fluorescence
signal within GFP HUVECs is located within each cell’s cyto-
plasm, while for the VE-cadherin-GFP HUVECs, the signal is
expressed at the cell perimeters where VE-cadherin is present.
The use of VE-cadherin-GFP HUVECs enables real-time visual-
ization of the endothelial cell–cell junction dynamics under
the application of ultrasound. The cell–cell junctions were
monitored for the improved condition with and without micro-
bubbles, while the standard condition was not assessed due to
it having a less mature monolayer where VE-cadherin was still
intracellular and not yet localized to the perimeter at day six.
To the best of the authors’ knowledge, this cell type has not
been used in a 3D perfusable in vitro model under the appli-
cation of ultrasound before, thus providing some of the first
video acquisitions of the response of endothelial cell–cell junc-
tions and VE-cadherin rearrangement within a dynamic vessel
to ultrasound in real-time (Movies S3 and S4†). Representative
images from these time-lapse videos from before, during and
after ultrasound transduction are shown in Fig. 4 to demon-
strate the change in cell–cell junctions over time. The appli-
cation of ultrasound in the absence of microbubbles resulted
in no observable changes in VE-cadherin expression over the
5 min transduction period. In contrast, the presence of micro-
bubbles had a substantial effect on VE-cadherin localization as
seen by the notable disruption of multiple cell junctions, indi-
cated with red arrowheads (Fig. 4), as well as the overall
rearrangement of the cells.

For both improved groups of no microbubbles and micro-
bubbles, the cell area of eight selected cells was tracked over
time under the application of ultrasound. The eight cells were
selected under the following criteria: being located within the
ROI of the center of the channel with no cell boundaries
touching the edge of the ROI and staying in focus for the
entirety of the acquisition. Cell area was used as a metric to
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quantify rearrangement of cells within the endothelial mono-
layer and assess the dynamic nature of the endothelial cells in
response to ultrasound and microbubbles. For the no micro-
bubbles condition, the cell–cell junctions look relatively
unchanged between the images before and after ultrasound,
and it is easy to quickly identify the boundaries of the eight
cells tracked (Fig. S4a†). Additionally, the cell area of each
selected cell stayed relatively constant throughout the entire
time-lapse, even under the application of ultrasound. In the
period where ultrasound was applied, the cell area in the no
microbubbles condition changed an average of 46 µm2

(Fig. S4c†). In comparison, for the microbubbles condition, the
cell–cell junctions were noticeably disrupted after the appli-
cation of ultrasound. Junctions that were most visibly altered
are indicated with red arrowheads (Fig. 4 and S4b†). For the cell
area in the microbubbles condition, the area of the cells stayed
relatively constant in the periods before and after ultrasound.
However, when ultrasound was applied almost all of the cells
began to rearrange and shift. In this period, the cell area
changed an average of 345 µm2 (Fig. S4d†). The rearrangement
of the endothelial monolayer and repositioning of the cells in
the presence of microbubbles was anticipated, as the volumetric
oscillation of microbubbles under the application of ultrasound
is known to disrupt endothelial cell–cell junctions.

Discussion

The main goal of this work was to establish a reproducible
method to assess changes in barrier function of an endothelial
monolayer under physiologic flow when exposed to ultra-

sound. Herein, SLA 3D bioprinting technology was used to
develop an in vitro vascular model that enabled long-term
perfusion culture of endothelialized hydrogel channels. The
heated vat on the Lumen-α Bioprinter supported the printing
of natural, gelatin-based hydrogels that are known to be
highly cytocompatible and promote cell adhesion. This prehy-
drogel solution containing both PEG-DA and GelMA had
been previously optimized by the Miller lab, balancing the
high print fidelity of PEG-DA with the enhanced endothelial
adhesion of GelMA.22 Furthermore, the serpentine design
chosen for these studies provided multiple regions to analyze
permeability along the three main straights of the serpentine
channel while retaining the simplicity of a single inlet/outlet
to obtain high reproducibility. By designing the serpentine
channel 500 µm from the base of the hydrogel, images can be
acquired at the multicellular level; however, higher magnifi-
cation imaging is inhibited due to limits in objective working
distances. More broadly, this hydrogel model enables rapid
design changes and facile fabrication towards high through-
put screening. Additionally, the greatest advantage of a 3D
printable hydrogel is the vast design freedoms afforded by
recent advances in SLA bioprinting. For example, vessel dia-
meters of 100s to 1000s µm could be formed within the same
architecture permitting multiplexing within each model or
other more complex designs such as interwoven and/or
branching vessels as well as empty chambers for casting of
secondary materials or additional cell types.22 Thus, this
hydrogel vascular model has the potential to be used in
numerous applications including assessing therapeutic deliv-
ery, evaluating effects of exogenous factors, and investigating
the influence of co-cultures.

Fig. 4 VE-cadherin-GFP HUVECs enable the visualization of cell–cell junction (VE-cadherin) dynamics in living cells under the application of ultra-
sound. VE-cadherin-GFP HUVECs were seeded at 30m per mL within the vascular hydrogel model and underwent perfusion culture at 5 µL min−1

(improved condition, VEGF removed). During the study, perfusate (top row: no microbubbles, bottom row: with microbubbles) was perfused
through the endothelialized channel at 100 µL min−1. Representative images on the left show the endothelial cell–cell junctions across the whole
region of interest before applying ultrasound at 2.0 W cm−2 for 5 minutes (same conditions used with GFP HUVEC studies). Insets of the center of
these ROIs (denoted by white dashed box) were shown over time at 0 s (prior to ultrasound), 100 s, 200 s, and 300 s (after ultrasound) with red
arrowheads indicating disrupted junctions, scale bars, 100 µm and 10 µm (insets).
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In this study, the effect of exogenous VEGF on monolayer
morphology and function was examined to determine the
culture conditions required to form a healthy endothelium
with stable cell–cell junctions to obtain barrier function. This
stepwise method of an initial growth period utilizing VEGF-
containing media followed by a stabilization period in which
VEGF is removed from the media cocktail led to endothelial
monolayers with high cell coverage and mature cell–cell junc-
tions that exhibited significantly lower permeability than those
cultured with VEGF for the entire duration of perfusion
culture. Notably, this finding could be impactful for the field
of vascular tissue engineering as it has the potential to be
highly translatable to other 3D endothelial perfusion cultures,
including microfluidic or other 3D printed vessels.
Furthermore, in this work, the standard culture condition pro-
vided a secondary negative control alongside the acellular
hydrogels to address any variances in permeability due to the
presence of cells on a cell-degradable hydrogel matrix.

In addition to establishing a method for achieving endo-
thelial barrier function, a custom Matlab GUI was developed to
reproducibly assess endothelial permeability. One feature that
the GUI implemented was automated edge detection, which
enables tracking of the channel edges and the diameter
throughout the course of the acquisition. This is beneficial if
there was any minimal shifting or contracting/expanding of
the channel during the time-lapse and ensured that the
correct radius of the channel diameter was used in the calcu-
lation at those specific time points. Additionally, the region
that was analyzed for the change in fluorescent dye intensity
was a fixed area, at a set distance from the channel edge,
ensuring the same region was analyzed in each calculation.
This reduces the variability in calculation of the change in
fluorescence intensity compared to manual measurement,
where a user is responsible for manually selecting an ROI,
which may result in slight differences in the size of ROI or
region of the surroundings selected. This GUI is provided
through GitHub and could be utilized to assess permeability
in any straight channel that contains at least two fluorescent
markers: one for the tracer molecule and the other denoting
the channel edges (either cells lining the vessel or any mole-
cule too large to diffuse into the bulk matrix).

In this work, the permeability GUI was used to investigate
the effect of ultrasound on endothelial barrier function as well
as the expected enhancement by a microbubble contrast agent.
However, when comparing the no microbubble and micro-
bubble groups, there was no statistical significance indicating
that the contrast agent did not improve ultrasound-guided
cavitation in our model. One possible explanation could be the
presence of soluble gases in the perfusate that could nucleate
into nanobubbles and thus, similarly enhance endothelial per-
meability via mechanisms seen in microbubbles.73,74 Due to
the inability to completely degas the perfusate and hydrogel
while applying ultrasound to the open system, this was not
able to be confirmed. Another hypothesis as to why there was
not a substantial difference in permeability between the no
microbubbles and microbubbles groups while the timelapse of

VE-cadherin-GFP HUVECs showed substantial changes in cell
junctions only when microbubbles were present relates to the
orientation of the permeability calculation and ultrasound
wave transduction. During the image acquisition, permeability
was calculated out of the vessel sides (above and below the
channel on the representative image). It has been shown that
the mechanical impact of microbubble cavitation occurs most
drastically on the side of the vessel distal to the transducer,75

which would be the bottom of the endothelialized channel in
this model. Thus, the side that permeability was being calcu-
lated was not the side that may be subjected to the most
drastic impact of the microbubbles, which could result in a
less drastic difference seen between the no microbubbles and
microbubbles group. This hypothesis was further supported by
our investigations using VE-cadherin-GFP HUVECs, in which
live imaging of the bottom surface of the channel during ultra-
sound treatment demonstrated substantial disruption and
rearrangement of cell junctions in the presence of micro-
bubbles. However, in the absence of microbubbles little to no
difference in the cell junctions or cell area were observed after
the application of ultrasound. In the future, a method to also
image perpendicular to the direction of ultrasound transduc-
tion would provide further confirmation as to which side of
the channel was most affected by comparing the permeability
coefficients from multiple regions outside of the vessel.

In the field, it has been shown that F-actin cytoskeletal
rearrangement within endothelial cells occurs under the appli-
cation of ultrasound. This biological phenomena has been
studied with terminal immunostaining,76 as well as with real-
time imaging during ultrasound application.12 The VE-cad-
herin complex consists of the transmembrane protein VE-cad-
herin, and the intracellular proteins that link VE-cadherin to
the F-actin cytoskeleton,77 which implies that rearrangement
of the F-actin cytoskeleton will also affect barrier function and
the organization of VE-cadherin. Thus, efforts have been
underway to assess the effects of ultrasound on VE-cadherin
morphology. VE-cadherin organization in response to ultra-
sound has been examined recently by other groups using term-
inal immunostaining.78,79 This paper builds off current work
in the field by providing, to the best of the authors’ knowledge,
the first real-time acquisitions of VE-cadherin junctional
dynamics under the application of ultrasound.

Although this model provides significant advancements
towards the evaluation of endothelial barrier function, such as
the influence of physiologic shear stress and the real-time per-
meability and morphological evaluation, there is opportunity
for further improvement. One aspect of this model that could
be investigated further is the influence of each ultrasound
parameter on enhancing permeability. For this study, the ultra-
sound settings used, 2.0 W cm−2, 1 MHz, 50% duty cycle, with
a 5 minutes application, were selected to closely align with
parameters that have been demonstrated to show ultrasound-
induced vascular disruption in in vivo,51,63,64 in vitro,65,66 and
ex vivo studies.67 In future studies, these parameters could be
individually adjusted to determine the optimal settings to
achieve ultrasound-induced permeability.
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Additionally, this platform could be adapted to a variety of
natural hydrogel materials with varying reflection, scattering,
refraction, and attenuation properties. While the current
gelatin-based formulation is more representative of the base-
ment membrane than the polycarbonate membranes of trans-
wells, the addition of key basement membrane proteins such
as collagen IV and laminin could further enhance cell
adhesion. Recent literature has shown that the basement
membrane composition can have a significant influence on
endothelial cell adhesion and barrier function.80

Furthermore, the work for these studies was carried out
using human umbilical vein endothelial cells (HUVECs). This
cell type is commonly used for in vitro vascular modeling, as it
is readily available, easy to culture, and highly proliferative.
However, over the past few years, there has been an increasing
interest in utilizing alternative endothelial cell types, such as
iPSC-derived endothelial cells and blood-derived endothelial
cells as sources that may provide more insight for precision
medicine applications.81–83 Future studies will be conducted
incorporating these cells with greater therapeutic relevance
into this vascular model.

Finally, this model lacks other environmental cues found
in vivo, including associated pericytes and other nearby sup-
porting cells, endogenous cytokines and chemokines produced
by these cells, recirculating endothelial cells and other soluble
factors present in whole blood. In future work, one or many of
the aforementioned adaptations could be incorporated into
the current, more simplified model to better mimic physio-
logic conditions. These differences in our model from native
vasculature may account for the inability to achieve recovery of
the endothelial monolayer function post-ultrasound treatment.
In reported in vivo studies and clinical trials, recovery typically
occurs within ∼4–24 h of ultrasound application, where stabi-
lization and localization of most of the tight junction proteins,
as well as barrier function is restored by 4–8 h,84–86 and where
full closure and recovery is observed by 24 h.84,86–88 We hypoth-
esize that either the insufficiency of adhesion sites on the
GelMA matrix in comparison to native ECM or the shortage of
other noted endogenous cues may hinder the ability of the
endothelial cells to reform junctions and regain barrier func-
tion after ultrasound disruption.

Although our model did not demonstrate physiologic recov-
ery, additional insights on the development of a functional
endothelium in vitro and the effects of microbubbles on sono-
poration were revealed. Additionally, this model provided some
of the first live image acquisitions of changes in endothelial
cell–cell junction morphology in real-time during the appli-
cation of ultrasound in a 3D perfusable system. The ability to
customize not only the vessel architecture, but also the arrange-
ment and types of cells, and media formulations within this
tissue model could provide limitless opportunities to assess
endothelial barrier function in a variety of healthy or diseased
tissues. Furthermore, this model could enable the transport
and delivery of target molecules across various cellular barriers
to investigate therapeutic outcomes, thus providing a valuable
tool for streamlining the therapeutic discovery pipeline.

Conclusion

In summary, a 3D printable hydrogel vascular model was
developed for evaluating endothelial permeability under con-
trolled flow conditions. In comparison to the standard trans-
well assays, this method more closely mimics physiologic con-
ditions through the added component of shear stress, a major
factor in endothelial barrier function. Additionally, this in vitro
model helps bridge the gap between current static in vitro
models and more complex as well as costly ex vivo or in vivo
studies. In contrast with other dynamic in vitro models, this
model provides flexibility in architecture, cell type and
arrangement, and is composed entirely of a cell-degradable
material, thus enabling a more tunable system to more accu-
rately models the tissue of interest. With this model, the per-
meability of a molecular tracer can be monitored continuously
during perfusion using time-lapsed imaging while optionally
interrogating the endothelialized gel with external stimuli.
Additionally, live imaging of VE-cadherin-GFP expressing
HUVECs provided real-time observation of cell junction dis-
ruption and rearrangement during ultrasound treatment. Thus
far, these 3D printable hydrogels have demonstrated exciting
potential as a new platform for investigating numerous aspects
of the endothelial barrier function, including the effects of
shear stress, exogenous growth factors, and ultrasound-guided
cavitation.
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