RICE UNIVERSITY
Engineered tissues supported by convection and diffusion through dendritic vascular
networks

By
Ian S. Kinstlinger

A THESIS SUBMITTED
IN PARTIAL FULFILLMENT OF THE
REQUIREMENTS FOR THE DEGREE

Doctor of Philosophy
APPROVED, THESIS COMMITTEE

Jordan Miller
Committee chair
Assistant Professor of Bioengineering

K. Jane Grande-Allen
Isabel C. Cameron Professor of
Bioengineering

Sibani Lisa Biswal
Professor of Chemical and Biomolecular
Engineering

HOUSTON, TEXAS
August 2020

ABSTRACT

Engineered tissues supported by convection and diffusion through dendritic vascular networks

by

Ian S. Kinstlinger

Metabolic function in mammalian tissues is sustained by the delivery of oxygen and nutrients
as well as the removal of waste through complex, three-dimensional (3D) networks of hierarchically
organized blood vessels. However, fabrication of such 3D vascular networks within soft hydrogels
remains one of the greatest challenges in tissue engineering. Sacrificial templates have proven
useful for patterning perfusable vascular networks in engineered tissues, but such templates have
been constrained in architectural complexity by limitations in the techniques which have been used
to fabricate them. We hypothesized that these architectural limitations could be overcome by
creating sacrificial vascular templates via selective laser sintering (SLS), an additive manufacturing
process which uses a laser to fabricate solid structures from powdered raw materials. We developed
an open-source SLS system and demonstrated its capacity to pattern biomimetic scale models of
vascular topology. To adapt SLS fabrication for biocompatible and water-soluble materials which
could be used sacrificially in the presence of cells, we identified carbohydrate powders formulations
which are compatible with SLS and demonstrated laser sintering of carbohydrates into elaborate
branched structures, including algorithmically-generated biomimetic branching networks which we
term dendritic networks. Laser sintered carbohydrate templates were used to pattern perfusable
vascular networks in a range of materials including natural and synthetically-derived biocompatible
hydrogels, which can support cells in both the lumenal and parenchymal spaces. We leveraged this
methodology to establish a complete pipeline encompassing generative vascular design, additive
fabrication, perfusion culture, and volumetric spatial analysis of tissue performance. We identify
heterogeneous zones of metabolic activity that emerge in perfused cell-laden hydrogels and we
demonstrate that dendritic vascular networks can sustain cell metabolism deep within model tissues

greater than 1 cm thick. We also seed endothelial cells, characterize convective transport through
dendritic networks, and explore strategies to modulate the dynamics of changing cell densities
within perfused gels. Finally, we demonstrate that perfusion culture through dendritic networks can
support the survival and function of primary hepatocyte cultures. This approach for rapid design
and biofabrication of engineered volumetric tissues offers an experimental strategy for interrogating
the relationship between vascular network architecture, metabolite transport, and tissue function.
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Chapter 1
Introduction
Portions of this chapter have been published in Ref. 1
The networks of blood vessels that comprise the circulatory system have enthralled scientists
for hundreds of years with their exceptional intricacy. The elegant branching patterns of the vasculature, optimized to meet the needs of neighboring tissues, showcase the conserved architectural
features observed throughout nature where fluid transport is required (Fig. 1.1). In particular,
hierarchical vascular networks are ubiquitous in biology because they maximize surface area for diffusion of metabolites while minimizing resistance to fluid convection.2 Moreover, the transport of
materials through these architectures provides the unifying theoretical basis underlying allometric
scaling relationships in cardiovascular physiology3 as well as the trajectory of ontogenetic growth.4
Vascular systems were evolutionarily essential for the emergence of complex multi-cellular organisms.5 Until similar fluid-carrying networks can be fabricated within soft, biocompatible materials,
engineered tissues will not recapitulate the functions of their native counterparts.
In this chapter, we discuss contemporary fabrication approaches towards the generation of
perfusable vascular networks within soft, biocompatible materials. We further elaborate a foundational framework for describing oxygen transport from vessels into tissue and examine strategies
for designing architectural blueprints for artificial vascular networks.

1.1

3D printed fluidic networks as vasculature for engineered tissue

Investigation of tissue transport in vitro has become dramatically more feasible in the past decade
due to the advent of techniques to fabricate perfusable channels within hydrogels. In the past,
landmark studies elucidating the role of flow in biological pattern formation were conducted in
more primitive experimental models, e.g. parallel-plate flow chambers7 or homogeneous hydrogels.8
However, hydrogels with perfusable channels serve as more sophisticated models to probe the
influence of flow on biology in 3D and to generate more complex transport phenomena, as we will
discuss below. In this section, we provide a thorough overview of microfluidic and 3D printing
(3DP) techniques which are enabling fabrication of these fluidic materials.
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Figure 1.1 : The multiscale, topologically complex nature of the vasculature. Native
blood vessels span several orders of magnitude in diameter and are organized hierarchically in
complex branching configurations. Because perfusable vascular networks provide vital nutrient
and oxygen transport to tissue, success in building complex, large-scale engineered tissues will
ultimately hinge on techniques to construct fluidic networks in biomaterial matrices, such as 3D
printing. Porcine heart corrosion cast was prepared and photographed by Dr. Christoph von Horst
(www.plastinate.com); capillary photograph (mouse heart; red = Rho-lectin, blue = Angiosense680) is modified from Ref. 6. Figure originally published in Ref. 1.
1.1.1

Length scales in the vasculature

Native vasculature follows a characteristic hierarchical branching motif, with parent vessels branching into successively smaller daughter vessels and capillaries. Blood vessels thus span several orders
of magnitude in their diameters from capillaries (5-20 µm) to large arteries and veins (4-30 mm)
(Fig. 1.1). In our discussion, we classify vessels into three groups based on luminal diameter (✤):

microvessels (✤< 50 µm), millimeter-sized vessels (✤> 1 mm), and meso-scale vessels (50 µm <

✤< 1mm).

The wide range of physiologically relevant vessel sizes has historically required sepa-

rate approaches aimed at creating vessels in each size range in vitro. However, through emerging
methods such as 3DP, it may be possible to unify fabrication across length scales with a single
technology.
Millimeter-sized vessels, typically in the form of synthetic vascular grafts, have been fabricated
using traditional tissue engineering strategies such as polymer scaffolds,9 electrospinning,10,11 cellsheet engineering,12 and culture in bioreactors,13,14 as well as through 3DP.15,16 At this length
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scale, vessels can be created and manipulated by hand: for example, by casting a tubular hydrogel in a mold,14 by sewing a polymer mesh into a tube,9,17 or by rolling up an engineered cell
sheet.12 In contrast, constructing microvasculature typically requires self-assembly of endothelial
and supporting cell populations. Thus, efforts to engineer microvasculature have relied heavily on
controlling cell populations and extracellular matrix (ECM).18–20 Fabrication of meso-scale vessels
presents a unique set of engineering challenges because meso-scale vessels are too large to form via
self-assembly of relevant cell types or by lithographic methods such as SU-8 photolithography, yet
too small to be formed via rolled cell sheets or meshes. Furthermore, vasculature at the mesoscale consists not of isolated vessels (akin to millimeter-sized vascular grafts), but of connected,
branching vessel networks embedded within a bulk ECM.
In this thesis, we focus on fabricating fluid networks at the meso-scale. The two most prominent
strategies in this area are based on soft lithography and 3DP. These approaches are ideally suited
for fabricating vessels at this length scale because of their intrinsic spatial resolution. We discuss
benefits and limitations of soft lithographic approaches in the following section and propose that
3DP-based fluidic networks are an especially promising strategy for fabrication of meso-scale vessels
with physiologic complexity in vitro.
1.1.2

Controlling fluid convection in engineered tissues

The end goal of perfusable vascular networks in engineered tissue is to provide convective transport of nutrients and oxygen to the tissue core. However, some notable efforts to introduce fluid
convection forego vessel-like channels in favor of a macroporous tissue architecture. For example,
macroporous hepatocyte-laden hydrogels have been created by Tsang and colleagues and by Neiman
and colleagues using additive photopatterning techniques.21,22 While macroporous engineered tissues effectively facilitate nutrient transport via fluid convection, this approach is problematic in the
context of clinical translation of engineered tissue. The difficulty of endothelializing highly tortuous interconnected pores compromises the hemocompatibility of macroporous engineered tissues.
Furthermore, because connected porous networks have no defined inlets or outlets, such tissues
cannot readily be integrated with host vascular supply. The lack of directional fluid convection also
means that fluid mechanical cues which contribute to native tissue function may be absent from
these constructs.
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The limitations of macroporous scaffold architectures have shifted focus towards biomaterials
with living cells containing precisely patterned fluidic channel networks. Uniaxial meso-scale networks can be created through needle-molding techniques as well as through soft lithography. In
needle-molding techniques, pioneered by Tien’s group, hydrogels are cast around one or more steel
needles; careful removal of the needles yields perfusable channels (75-150 µm) in the hydrogel
(Fig. 1.2a).23,24 The simplicity of this approach is striking, as is its compatibility with virtually
all natural and synthetic polymeric biomaterials. Needle-molding is limited, however, to arrays of
uniaxial channels, requiring alternate approaches as the field works towards therapeutic vascular
tissue replacements and physiologically relevant models of native branching vasculature.
Soft lithographic approaches offer similar versatility to needle-molding approaches with the
potential for more complex channel arrangements and higher throughput. Typically, a master
is used to mold troughs in a hydrogel or elastomer (e.g. collagen or PDMS), and the troughcontaining slab is bonded to a second slab to create closed channels (25 µm to hundreds of microns;
Fig. 1.2b).30,31 Fluidic networks in soft lithography are typically etched in Cartesian coordinates
following straight x - and y-vectors to yield rectilinear channel architectures with uniform channel
dimensions, unlike the 3D branching structures characteristic of native vasculature. While multiple
iterations of bonding hydrogel slabs can effectively yield 3D fluidic networks,32,33 alignment issues
between layers hamper the practicality of this approach.
3DP-based approaches have the potential to overcome the limitations associated with needlemolding and soft lithographic techniques. 3DP enables freeform fabrication of structures in 3D
space, opening the door for complex 3D fluidic networks. The resolution of most 3D printers
is on the order of hundreds of microns, making this strategy suitable for fabricating meso-scale
vasculature. It is worth noting that several 3DP techniques have been developed with an opensource philosophy, making these biofabrication tools highly accessible to the community and, in
some cases, surprisingly inexpensive.34,35 In the following section, we provide a thorough review
of 3D-printed fluidic networks encompassing the diverse approaches that have been introduced in
recent years.
1.1.3

3D Printing techniques for fabricating vascular networks

3DP of fluidic networks for tissue engineering has relied primarily on extrusion-based printing
and stereolithography. Extrusion-based 3DP additively creates geometry by dispensing material
through an extruder while a computer-controlled 3-axis gantry moves the extruder to the appropri-
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Figure 1.2 : Uniaxial channel arrays fabricated by needle molding, soft lithography,
and 3DP. a) A simple needle-molding technique (top schematic) creates fluidic channels in hydrogels, which can be subsequently endothelialized (bottom left). Molding channels with needles in
different planes gives disconnected channels, such at the illustrated orthogonal un-lined drainage
channel (bottom right).25 b) In soft lithography, fluidic hydrogels are fabricated by molding with
a PDMS stamp followed by a bonding process (top schematic). This workflow is compatible with
complex rectilinear networks, yielding patent, perfusable vessels (bottom left). c) Gelatin extruded
alongside a bulk ECM (collagen) is subsequently removed and the resulting open channel is perfused and endothelialized. The endothelial layer is stable under flow and showed mature cell-cell
interactions.26,27 d) PEG hydrogels containing vertical perfusable channels were fabricated by
stereolithography (SLA) (encapsulated fluorescent beads for visualization).28 e) Projection µSLA
patterns hydrogels with <5 µm feature resolution (left). Patterned channels with diameter <100
µm are also fabricated (right bottom); their increased surface area offers improved diffusion kinetics
out of the gel compared to a slab control (right top).29 Figure originally published in Ref. 1.

ate position in 3D space. A fundamental challenge in direct extrusion printing of fluidic networks
is the tendency of small-diameter channels to fold or collapse under their own weight, particularly
in the case of overhanging channels. Thus, extrusion printing is often not truly freeform in all three
dimensions. This hurdle can be overcome by printing in the presence of a support material, which
is separated from the print structure once printing finishes. Fluidic networks can also be fabricated
using extruded sacrificial templates. In sacrificial templating, the template structure is fabricated
in a temporary material and encased in a second bulk material. Selective removal of the temporary
material yields a fluidic network in the bulk material which retains the architecture of the original
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template.
The literature related to extrusion-based 3DP of fluidic networks is complemented by a growing
body of work which utilizes light as a patterning tool for additive fabrication. Generally referred
to as stereolithography (SLA), light-based 3DP additively creates structures by solidifying a liquid
material layer-by-layer in a photochemical reaction. The resolution of SLA, determined by the
laser spot size or projector pixel size, is generally higher than that of extrusion-based methods,
and potential cell injury/death due to high shear stress during extrusion is avoided. Conversely,
photopatterning is limited to photopolymerizable materials (e.g. poly(ethylene glycol) (PEG) acrylates), and printing protocols must be designed to minimize phototoxicity or excessive exposure to
photoinitiator.36
Fabricating planar fluidic networks
The simplest 3D-printed fluidic networks are arrays of uniaxial channels, similar to the channels
produced through needle molding or soft lithography, as discussed above. The Dai group has
constructed uniaxial meso-scale fluidic channels in hydrogels using gelatin sacrificial templates.
Collagen and gelatin were co-extruded such that a fiber of gelatin (∼1 mm) was encased in a
bulk collagen matrix (Fig. 1.2c).26,27 Removal of the sacrificial gelatin template was facilitated
by the phase transition from solid to liquid gelatin above 37 ◦ C, and the resulting open fluidic
channel supported flow perfusion. Arcaute, Mann, and Wicker used laser-based SLA to pattern an
array of uniaxial channels in PEG-dimethacrylate (PEG-DMA) hydrogels in an early example of
photopatterned hydrogels (Fig. 1.2d).37 Similar work by Suri and colleagues used projection SLA
to fabricate vertical channels in a modified hyaluronic acid matrix.38 Finally, Raman and colleagues
recently introduced a projection microstereolithography (µSLA) technique using greyscale projected
patterns to 3D print positive and negative features in PEG with feature resolution <10 µm (<30 µm
after equilibrium PEG swelling), as well as open fluidic channels with 100 µm diameter (Fig. 1.2e).
Rectilinear lattices represent a step up in complexity from uniaxial channels arrays because they
enable fluid transport along multiple axes and can include junctions between channels. Intervessel
junctions are the basis for vascular architectures which terminate in a single inlet and outlet, making
these lattice geometries relevant for studying flow patterns at branch points. In one paradigm
for direct extrusion of lattice networks, coaxial extrusion nozzles are employed to produce freestanding fluidic channels (Fig. 1.3a). The outer nozzle contains an uncrosslinked biopolymer (e.g.
alginate or chitosan) while the inner nozzle contains the corresponding crosslinker (e.g. calcium
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chloride or sodium hydroxide). Local crosslinking at the interface between polymer and crosslinker
creates freestanding crosslinked channels, where extrusion rates control channel dimensions. This
technique has been used by Ozbolat’s group to create channels with inner diameter <200 µm and
outer diameter <500 µm.39 The freestanding alginate channels can be printed in a rectangular grid,
allowing fluid transport along two axes, then encapsulated within bulk hydrogels. Importantly, the
encapsulation step is material agnostic – essentially any natural or synthetic extracellular matrix
(ECM) can be used.
In a different implementation of coaxial nozzle extrusion, Colosi and colleagues printed a grid
of solid alginate/methacrylated gelatin (GelMA) fibers by extruding alginate/GelMA pre-polymer
through the inner nozzle and calcium chloride through the outer.40 Covalent photocrosslinking
of the GelMA reinforced the fibers following printing. Over the course of 5 days, however, the
ionically crosslinked alginate disintegrated to leave hollow fluidic channels with interconnected
filaments (Fig. 1.3b). Furthermore, endothelial cells (EC) suspended in the fibers migrated to the
edges of the fibers, forming an endothelial monolayer (possibly encouraged by the disintegration of
the alginate component). Thus, it is possible to pre-fabricate an endothelialized fluidic network,
then subsequently cast a bulk tissue around this network. We introduced a method for sacrificially
templating meso-scale fluidic lattices using extruded carbohydrate glass.35 The size of the glass
filaments can be directly controlled by the lateral nozzle speed to yield filaments in the 150-750 µm
range. Lattices composed of these filaments are free-standing and can be encased in various natural
and synthetic ECM materials (Fig. 1.3c). Subsequent removal of the sugar glass is accomplished
simply by dissolving in water, then flowing out the dissolved glass. Carbohydrate glass templates
are sufficiently stiff to be self-supporting, such that the bulk matrix does not need to be printed
alongside the template, but can be cast around it afterwards; thus, this technique is not limited
by the feasibility of printing a particular ECM material. We further found that fluidic networks
fabricated via carbohydrate glass templating were stable under applied pulsatile flow, were amenable
to endothelialization, and improved cell viability in 3D fibrin gels compared to slab gel controls.
Diverse planar lattice networks have been formed with this method including curved filaments;
however, the technique is not as successful at freeform printing in all three dimensions.
Fabricating 3D branching fluidic networks
Branching networks exhibit the highest level of complexity achieved so far for fluidic networks
within biomaterials. Hierarchical branching is the architectural signature of native vasculature and
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Figure 1.3 : 3D-printed perfusable lattices. a) Co-axially extruded alginate forms a contiguous, free-standing fluidic channel (left) which can be printed in a rectilinear network prior to embedding in a bulk ECM (right).39 b) Extrusion of alginate/GelMA fibers, followed by degradation
of the alginate, yields a connected grid of open channels (left) covered with a mature endothelium
(right).40 c) Carbohydrate glass is extruded into lattice architectures with smooth interfilament
junctions and variable filament sizes (left, side view scale bars = 200 µm). Encasing the glass in
ECM then dissolving it away yields perfusable channels. Through this technique, independent cell
populations can be seeded in the bulk ECM and lining the channels (right).35 Figure originally
published in Ref. 1.
central to the efficient transport of oxygen and nutrients. The ubiquity of branching networks
is attributed to the fact that this architecture minimizes the resistance to flow.41,42 Thus, the
early examples of branching networks discussed here represent the closest efforts yet to mimic
the complexity that pervades tissues in the body. For example, Christensen and colleagues 3Dprinted bifurcating fluidic networks by inkjet deposition of alginate droplets into a supporting bath
of calcium chloride (Fig. 1.4a).43 The calcium chloride bath serves as an ionic crosslinker for
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the alginate and the buoyant force exerted on the alginate droplets (due to density differences)
supports the formation of complex overhangs and spanning regions. A multi-photon variant of
SLA was employed by Meyer and colleagues to pattern extremely small-diameter fluidic tubes and
bifurcating channels. The especially high resolution of multi-photon stereolithography enabled the
fabrication of branched tube structures with 18 µm luminal diameter and wall thickness <5 µm,
using a polytetrahydrofuranether-diacrylate (Fig. 1.4b).44 Also using SLA, Arcaute and colleagues
printed branching channels with defined inlet/outlet within a bulk PEG-DMA gel, highlighting the
potential for SLA-based methods to produce branched fluidic network architectures without the
need for a sacrificial template or support material (Fig. 1.4c.37
Direct extrusion 3DP has been used to print complex branching networks within a supporting
slurry of hydrogel microparticles. Rheologically, this slurry behaves as a Bingham plastic, fluidizing from its solid resting state when applied shear stress crosses a threshold.45 Shear-induced
fluidization of a granular slurry can be exploited for extrusion 3D printing: the extrusion nozzle is
free to move through the slurry as its motion exerts fluidizing shear on the granules, but deposited
material is locked into place as the slurry solidifies in the wake of the nozzle. Bhattacharjee and colleagues extruded PDMS, photoreactive poly(vinyl alcohol) (PVA), and collagen structures within
a slurry of Carbopol particles. Highly complex structures were printed using this system, including
hierarchically branching networks (Fig. 1.4d). Concentrically nested objects were also printed,
highlighting the potential for this technique to produce biological structures with heterogeneous
internal structure. Hinton and colleagues introduced a similar approach using a support bath of
gelatin hydrogel microparticles, which the authors refer to as Freeform Reversible Embedding of
Suspended Hydrogels (FRESH).34 The gelatin slurry can be liquefied with an increase in temperature to 37 C, thereby liberating the embedded printed hydrogel. FRESH printing was used to
produce physiologically relevant structures with highly complex architecture, including a branching
arterial tree (Fig. 1.4e) and a 3D-scanned embryonic chick heart with internal trabeculae.
Sacrificial agarose templating was demonstrated for fabrication of meso-scale branching networks by Bertassoni and colleagues. Gelled agarose fibers were extruded in the pattern of desired
fluidic networks, then encased in naturally derived (GelMA) or synthetic (various PEG) hydrogels.46 The authors found that the agarose fibers could be readily removed under light vacuum
to yield open, perfusable channels spanning 250-1000 µm diameter (Fig. 1.4f ). Branching fluidic channels were formed by depositing separate fibers for each branch which converge at the
branch point. A similar sacrificial templating method was introduced by Kolesky and colleagues,
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Figure 1.4 : Branched and complex 3D channel architectures. a) Inkjet deposition of alginate into a calcium chloride bath allowed horizontal (left) and horizontal/vertical (right) branching
free-standing fluidic channels to be printed (inset, model geometry).43 b) The same stereolithographic technique used to produce uniaxial channels (Fig. 1.2e) can also be used to create branched
channels with channels in non-vertical orientations.37 c) A multiphoton variant of SLA was used
to create exceptionally high-resolution bifurcating fluidic channels.44 d) Extrusion into a granular
gel slurry allows complex fluidic networks to be fabricated, such as these hierarchically branching
networks. Printed structures can be easily removed from the granular gel, as demonstrated by the
right-hand model freely floating in water.45 e) FRESH printing was used to deposit alginate into a
gelatin slurry (left) to form the architecture of the human right coronary arterial tree. Dye perfusion through the network showed flow through all regions and bifurcations of the gel with no leaks
(right).34 f ) 3D-printed agarose fibers printed in a branching architecture (left) were extracted from
within a GelMA hydrogel to obtain the corresponding branched fluidic network.46 g) Pluronic F127
ink extruded in a 3D branched zigzag (left) was evacuated from inside GelMA hydrogels, leaving
the corresponding perfusable 3D channel network. A heterogeneous cell-laden construct was obtained by printing patterns of Pluronic ink, cell-laden inks, and supporting GelMA, resulting in a
3D pattern of open endothelialized channels (HUVEC), 10T1/2 fibroblasts, and human neonatal
dermal fibroblasts (HDNF) (right). Inset for the right-hand image shows the intended pattern of
HUVEC, 10T1/2, and HDNF cells.47 Figure originally published in Ref. 1.

11
where a temporary (fugitive) template for fluidic channels is printed in Pluronic F127 alongside
cell-laden ECM.47 Pluronic was printed in various architectures including rectilinear lattices, bifurcating branches, and tortuous planar channels,48 then liquefied and removed in each case to yield
a perfusable fluidic network (Fig. 1.4e, channel diameters 100-1000 µm). In practice, Pluronic is
typically deposited alongside the cell-laden ECM, which acts as a support material.49
In a 2016 study utilizing sacrificial Pluronic inks, MSCs survived and underwent osteogenic
differentiation deep within a gelatin/fibrin construct over 6 weeks, enabled by convective oxygen,
nutrient, and bioactive factor transport through the templated vascular networks.49 Separately,
Kang and colleagues extruded Pluronic alongside two cell inks (also gelatin/fibrinogen-based) as
well as polycaprolactone, which served as a mechanical support. Bone, cartilage, and skeletal
muscle tissues, with architectures derived from clinical imaging data, were all printed using this
co-extrusion system. The authors demonstrated that fluidic channels formed by sacrificial Plurionic templating enhanced cell survival and tissue formation by overcoming transport limitations
associated with diffusion.50
State-of-the-art biofabrication approaches
In the past year, breakthrough advances in extrusion and stereolithography enabled the production
of centimeter-scale tissues with unprecedented vascular complexity. As mentioned above, FRESH
printing leverages a thermoreversible support bath to enable extrusion of complex architecture
using soft hydrogels. Refinement to the original support bath formulation and hardware (“FRESH
2.0”) has since enabled the generation of high-resolution features, including perfusable networks
of vessels, in materials including collagen (Fig. 1.5a).51 The strategy of extrusion into a yielding
supportive bath was also adapted for extrusion of sacrificial Pluronic ink directly into a slurry of cell
aggregates (“SWIFT” printing). Complex architectures of Pluronic ink can be deposited with good
fidelity into the cell-based support bath, then removed to yield a perfusable network (Fig. 1.5).52
At this time, the resolution of this methodology is limited by the size of the organoids which
comprise the support bath.
Finally, our lab has developed a stereolithography appoach using digital light projection (DLP)
to produce hydrogels containing heterogeneous 3D fluidic architectures. The inclusion of an lightabsorbing additive in the pre-polymer attenuates photopolymerization in out-of-focus layers to
enable precise layer-by layer hydrogel fabrication. This system (“SLATE”) enables fabrication of
branched and entangled multivascular networks, which can recapitulate interpenetrating fluidic
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Figure 1.5 : 3D printing approaches enabling complex vascular biofabrication. a) The
latest iteration of FRESH printing can achieve 3D networks of perfusable channels (✤<500 µm) in
collagen. b) Cell organoids (e.g. embryoid bodies) can be formulated into a yield-stress material
which can serve as a biological support bath for extrusion of sacrificial Pluronic ink. Chanel
resolution is limited by organoid size (✤>400 µm). c) Biocompatible photoabsorbers empower
stereolithographic fabrication of perfusable networks in monolithic hydrogels, including entangled
multivascular networks (✤∼300 µm). Figures modified from Refs. 51, 52, and 53.
networks such as the lung airway and vascular networks (Fig. 1.5).53 Here the hydrogel is printed
in PEGDA, but the technique is compatible with other photoreactive polymers as well such as
methacrylated gelatin or hyaluronic acid. In its current implementation, the technique is not
compatible with natural materials like fibrin or collagen.
The approaches highlighted in Fig. 1.5 showcase an unprecedented level of architectural fidelity
for soft hydrogel and tissue fabrication. Yet, it is important to note some key limitations for each
method. FRESH printing yields high resolution prints and has been made compatible with several
useful bioinks, but is quite low-throughput since each voxel of patterned material must be addressed
individually. SWIFT printing achieves better throughput than FRESH, but is limited in resolution
by the size of the organoids in the cell-based support bath; moreover, the universality of this
approach with cells not pre-cultivated as organoids is not yet known. Finally, stereolithography
offer significant design freedoms and high-resolution, and the throughput is higher than extrusion
since an entire layer is polymerized at once. However, the selection of materials is limited to
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photocrosslinkable chemistries.

1.2
1.2.1

Mass transport in tissue: diffusion of metabolites and tissue response
The Krogh cylinder model

For nearly a century, scientists have sought to analyze the diffusion of oxygen into tissue from the
vasculature and to construct mathematical models for this mass transport. August Krogh was
responsible for the first effort to quantify capillary density and relate the architecture of tissue to
its mass transport needs; while primitive, his model is still the foundation for most mathematical
descriptions of oxygen distribution that have emerged in the decades since.54 Krogh theorized
that each capillary supplies oxygen to a surrounding cylinder of tissue with a characteristic radius
(Fig. 1.6a), which is referred to hereafter as the Krogh radius, RK . A mathematical relationship was obtained for the oxygen concentration (i.e. partial pressure) surrounding each capillary
by solving a steady-state mass balance for radial diffusion with a reaction term representing oxygen consumption. The governing equation is Eq. 1.1 and its solution subject to the appropriate
boundary conditions is Eq. 1.2 (derived in Appendix A).
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where c represents oxygen concentration, c0 is the constant oxygen concentration within the
vessel, Rv and RK are the vessel and Krogh radii, χ is the consumption term, and D is the diffusion
constant.
A normalized plot of this radial solution is shown in Fig. 1.6b. Importantly, Krogh’s original
model is one-dimensional and makes no attempt to consider the axial concentration profile. The
easiest way to incorporate changes in oxygen concentration along the length of the vessel (due
to depletion) is to treat c0 in Eq. 1.2 as c0 (z), where z is the axial coordinate. Thus, the axial
concentration profile may be independently specified and the radial concentration profile at any
point in space may be computed as a decay function whose maximum is the capillary oxygen
concentration at the corresponding axial distance. The simplest treatment of the axial concentration
profile assumes the blood is a continuum and neglects any kinetics of oxygen dissociation from
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Figure 1.6 : Schematic and results of the classical Krogh tissue cylinder model. a)
Schematic of the Krogh model, encompassing aligned tissue cylinders of radius RK , each of which
is oxygenated by a central capillary. Adapted from Ref. 55. b) Radial oxygen concentration
profile resulting from Krogh model. Here, Φ is used as a dimensionless reaction rate (i.e. χ in
Eqs. 1.1 and 1.2). The logarithmic profile is evident from this plot, adapted from Ref. 56. c) 3D
representation of the oxygen concentration profile in the Krogh model, showing the lowest oxygen
levels far from the capillary at the venous end. The decreasing axial concentration was not part of
Krogh’s original model, and has been the subject of extended models, discussed below. Adapted
from Ref. 57.
hemoglobin – this assumption yields a linear decrease in CO2 along z:56
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where vz is the axial blood velocity. Intuitively, as the axial velocity rises, the capillary oxygen
concentration becomes closer to constant.
Experimental data, however, contradicts the linear decay in axial oxygen concentration. Instead, the axial concentration gradient

∂c
∂z

decreases over the length of the capillary, leading to

an approximately exponential decay profile.55 The corresponding three-dimensional concentration
profile is depicted in Fig. 1.6c. This axial concentration profile can be derived mathematically if
one adopts a more sophisticated model accounting for blood pH and oxygen solubility and carrying
capacity in blood.55 The resulting partial differential equation lacks a straightforward analytical
solution, but its solution (computed numerically) is shown in Fig. 1.7.
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Figure 1.7 : Axial oxygen concentrations along vessel length. Left: Predicted oxygen
concentration along axial distance for various entering concentrations of oxygen. Note the y-axis
represents oxygen concentration as partial pressure. Adapted from Ref. 58. Right: The decreased
oxygen carrying capacity of plasma alone gives a very sharp decline in axial oxygen concentration.
Adapted from Ref. 55.
1.2.2

The Krogh model in tissue engineering: design criteria for vascular proximity

Design of vascular networks for engineered tissue is influenced macroscopically by both convection
and diffusion. For tissues with complex heterogeneous vascular architecture, it is difficult to decouple mass and fluid transport in formulating design criteria. Thus, the optimal placement of each
vessel is a function of both classes of transport. However, for simple model architectures (e.g. an
array of parallel channels), it is straightforward to directly apply a mathematical model for oxygen
diffusion as a design rule. The logical interpretation of the Krogh model as a design rule is that an
efficient vascular network should place channels at intervals of RK or less so that the entire tissue
is oxygenated, but regions of tissue being supplied by two vessels (i.e. an oxygenation redundancy)
are minimized.30
A computational study by Truslow and Tien expanded upon this work to evaluate a model where
oxygen transport due to diffusion, luminal advection, and interstitial advection were considered
together. A hexagonally-packed array of vessels was considered, and one of the parameters studied
for optimization was the vessel spacing, which arose mostly due to Kroghian oxygen diffusion (with
minor contributions from interstitial advection). In this case, the authors suggest that optimal
channel spacing (e.g. Krogh radius) is 50-150 µm depending on other parameters.59 Perhaps
because the models described above are relatively simple, there has been relatively little discussion
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Figure 1.8 : Engineered vessel spacing based on Krogh model. The spacing between
vessels (λc ) should be set to equal the Krogh radius, or half the Krogh diameter (λK ) Adapted
from Ref. 30.
of their application towards vascular networks, whose complexity is primarily influenced by the
requirements of luminal convection.
The relatively straightforward interpretation of the Krogh radius as a design specification for
vascular spacing becomes considerably more complicated in instances where the tissue’s per-volume
oxygen consumption changes over time. We examine such a scenario in detail in Ch. 5.

1.3

Architecture of native mammalian vascular networks

The increasing sophistication of bioprinting methodology raises an important question: what should
we be printing? It is not yet clear what fluidic networks should be printed within engineered
tissue and how much complexity is needed. One possibility is direct mimicry of native vessel
architecture. Using high-resolution imaging techniques such as microcomputed tomography (µCT),
the architecture of organ vasculature can be scanned and reconstructed with the aid of appropriate
software. For example, demonstrations of FRESH printing have utilized vascular architectures
extracted from medical imaging data, including a coronary artery (Fig. 1.4e)34 and a multi-scale
vascular network from the left ventricle (Fig. 1.5a).51
While this is the most direct way to recapitulate native vascular architecture, this approach
may produce vascular network geometries that are difficult to print and more complex than necessary. Furthermore, the resolution and accuracy of the imaging and reconstruction process impose
limitations on the design fidelity. Lastly, the computational representations of these architectures
are typically difficult to modify to improve efficacy or study the resulting transport properties.
An alternate option is printing parametric architectures designed in CAD software or through
space-filling or fractal algorithms. This option overcomes the limitations associated with data-
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derived networks, but requires some a priori knowledge of vascular network design principles.
1.3.1

Murray’s Law and vessel radii

The most pervasive architectural feature of mammalian vascular networks is hierarchical bifurcation
(a property also observed in myriad non-mammalian systems).60 A critical observation in such
networks is that when a parent vessel undergoes symmetric bifurcation, the daughter vessels shrink
by a consistent and predictable factor. This empirical observation can also be derived theoretically
by determining the configuration of parent and daughter vessels which minimizes the work required
to achieve flow.41,42 The resulting equation is Murray’s Law, which states that the cubed radius of
a parent vessel should equal the sum of cubed radii of its daughter branches; that is, for a parent
vessel that branches into n daughter vessels:
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This law has been widely validated in mammalian42 as well as plant61 fluidic networks, although more recent studies considering non-laminar flow and non-Newtonian fluid dynamics have
concluded that the Murray’s Law exponent is actually below 3.0.62–64 Indeed, for large arteries,
P 2
2
an area-preservation law (rparent
= n0 rdaughter
) better recapitulates experimental measurements
than the work-minimization law (Eq. 1.4).42 Clinically, it has been demonstrated that abnormal

vessel bifurcation angles are associated with increased occurrence of peripheral vascular disease,65
ischemia,66 and atherosclerosis.67 Specifically, bifurcations with atypical branching angles not consistent with Murray’s Law experience regions of low wall shear stress, which become sites for
development of atherosclerotic plaques.68,69 Thus, in the interest of mimicking the stable hemodynamics of native tissue, it seems prudent to design vascular networks in accordance with Murray’s
Law.
1.3.2

Global design of vascular networks

Computational design of vascular systems has been an active area of study for years, but has focused
almost entirely on algorithms for growing one-sided vascular trees.70–74 One family of approaches
utilizes the paradigm of constrained optimization, wherein new vessels are added one at a time to
the root of the tree in optimal configurations based on a global design criteria, such as minimizing
vascular volume (Fig. 1.9a).72 Another school of thought begins with a homogeneous network of
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vessels, then “evolves” the network over time, pruning and expanding branches over time based
on local adaptation rules (Fig. 1.9b).75 Both approaches can produce biomimetic networks, but
the networks have little utility for regenerative medicine because of their many terminal branches,
which are not compatible with perfusion culture.

Figure 1.9 : Computational design of vascular networks. a) In constrained optimization approaches, a vascular tree is constructed from its root by adding one vessel bifurcation at
a time in an optimal configuration. b) In adaptation-based schemes, an initial network undergoes local adaptation to produce a globally optimal flow system. c) Very few examples exist of
computationally-constructed vascular systems specifically designed for tissue engineering. In this
example, all of the networks are two-sided, but there exist non-physiologic intersections at the
smallest branching level. Figures adapted from Refs. 72, 75, and 76.
The growing need for vascular network blueprints for regenerative medicine has stimulated
some efforts to computationally construct networks which satisfy the earlier criteria, but are also
3D printable and perfusable.76 So far, such networks are in many ways non-physiologic as they
feature anastomoses at the smallest branching level between networks which ought to be fluidically
independent (Fig. 1.9c). Moreover, individual vessel segments are not smooth and the networks
have not been physically produces.
Finally, at this time, we are not aware of any coupling between mass and fluid transport in treegrowth algorithms. That is, the physical principles employed to construct networks computationally
pertain only to the fluid flow (e.g. shear stress thresholds and Murray’s Law), and do not account
for vessel spacing needs imposed by metabolite diffusion (e.g. Krogh-radius spacing). There is
thus a pressing need for computational approaches which emphasize two-sided networks (i.e. with
a single inlet and single outlet) rather than one-sided trees, and which integrate mass and fluid
transport coupling.
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Chapter 2
Open-source selective laser sintering (SLS) of thermoplastic
powders and biocompatible carbohydrates
Portions of this chapter have been published in Refs. 77 and 78
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2.1

Introduction

As discussed in Ch. 1, the ongoing effort to recapitulate the anatomy and physiology of complex
human tissues and organs in vitro will hinge on the incorporation of vascular networks within
engineered model tissues.79 To embed perfusable channels in volumetric engineered tissues, investigators have gravitated towards sacrificial templating, wherein a temporary sacrificial material in
the shape of the desired vascular network is encased in, then selectively removed from, a surrounding matrix material. Precisely demonstrated using sacrificial molded gelatin,33 this approach has
gained renewed enthusiasm with the emergence of methodologies to 3D print sacrificial templates.
We and others have previously extruded sacrificial carbohydrate glass templates into connected,
multilayered lattices and 3D networks,35,80,81 and extruded Pluronic inks have been used sacrificially to fabricate tortuous channels47,48 and extensive rectilinear networks.49 Viscous inks have also
been used sacrificially after extrusion into a self-healing surrounding matrix.82,83 Still, the architectural features and complexity of sacrificially templated vascular networks have been constrained
by limitations of extrusion-based fabrication.
Most liquid-phase materials deposited via extrusion are subject to deformation or collapse under their own weight, and their viscosity and surface tension make precise dispensing of small
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volumes quite challenging. These intrinsic rheological limitations have precluded the extrusion
of many architectural hallmarks of the mammalian vasculature, such as extensive 3D branching,
which manifest as unsupported overhangs and underhangs when 3D printed. Printing with support
materials may mitigate these hurdles to some extent,84 at the expense of longer print times and
additional post-processing steps, which become increasingly difficult with increasing vascular complexity. Additionally, the 90◦ channel junctions in typical extruded rectilinear networks give rise to
markedly different fluid dynamics than are found in nature, which has important implications for
hemodynamics, shear stresses experienced by endothelial cells, and the overall fluidic resistance of
the network.
In this chapter, we explore the development of a selective laser sintering platform as an means
of fabricating complex and physiologically relevant architectures which are inaccessible using extrusion. Selective laser sintering (SLS) is a versatile additive manufacturing process that creates solid
parts by tracing a laser beam, focused onto a thin layer of powder, in a 2D pattern. The powder is
heated and fused into a solid pattern as it absorbs the electromagnetic radiation emitted from the
laser. 3D structures are fabricated by repeating this process layer-by-layer as new layers of power
are laid over the previously fused layers (Fig. 2.1a). A key advantage of SLS is the ability to
construct overhanging regions which are either inaccessible using other processes or possible only
with appropriate support materials. In SLS, unfused powder lying outside of the fused pattern
remains within the build volume and acts as support material for subsequent layers, enabling the
formation of dramatic overhangs and bifurcations.85
SLS has gained attention in the bioengineering community in recent years as a platform for the
fabrication of scaffolds for bone tissue engineering, with an emphasis on bioactive and bioresorbable
materials.86 Scaffolds have been fabricated using SLS-based workflows from poly(lactic acid),87
poly(3-hydroxybutyrate),88 polycaprolactone (PCL),89–94 hydroxyapatite,95 and bioactive glasses
and ceramics.96,97 Outside of bone tissue engineering, PCL was recently laser sintered into patientspecific airway splints which were implanted in pediatric patients 3-16 months old to prevent airway
collapse.98,99 We sought to utilize SLS for fabrication using biomaterials, but found that SLS
machines have remained at industrial scales and price points, due in part to the challenges of
controlling process parameters as well as the need for a high energy laser source. Entry-level
commercial SLS systems cost upwards of ✩400,000 and high-end systems range from ✩800,000 to
✩1 million.

Here, we describe the development of a low-cost, open-source SLS system (OpenSLS), which
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makes SLS available to scientists as a highly customizable fabrication platform. We demonstrate
the capabilities and limitations of this technology and discuss several possible applications for
parts created using OpenSLS. We begin by discussing the design and construction of OpenSLS,
which harnesses the features of a commercial laser cutter alongside a simple, custom-built powder
distribution module. We first establish fabrication of structures with sub-millimeter features and
overhanging regions in nylon, a commonly used material in commercial SLS systems. Subsequently,
we build up from standard plastic materials towards novel biocompatible carbohydrate mixtures,
and describe how these carbohydrates can be post-processed into sacrificial templates.

2.2
2.2.1

Development and validation of open-source SLS hardware
Results and discussion

The lack of accessible laser sintering technology for a laboratory setting motivated the construction of an inexpensive open-source Selective Laser Sintering (OpenSLS) system repurposed from
a commercial laser cutter. The native functionality of the laser cutter, in combination with a
custom-designed powder handling module, creates the fundamental hardware necessary for SLS
(schematized in Fig. 2.1a). SLS requires a laser to pattern desired geometries in powdered materials, a build platform where this patterning occurs, a reservoir to hold the powdered substrate,
and a distributor to carry powder from the reservoir to the build platform. Laser cutters are
widely available and affordable laser patterning tools common in laboratories, machine shops, and
makerspaces. Thus, our laser source is a repurposed a CO2 laser cutter, which uses the same wavelength laser (10.6 µm) as commercial SLS systems and is capable of positioning a fine laser spot
(approximately 375 µm in our system) with similar spatial precision. While conventional systems
use galvo mirrors to raster scan a laser beam across the powder bed, the positioning mirrors in
OpenSLS are physically translated along a toolpath corresponding to the geometry being sintered.
The powder-handling module (Fig. 2.1b,c) consists largely of laser-cut parts, allowing it to
be fabricated using the same laser cutter that will serve as the laser patterning tool in OpenSLS.
3D-printed parts are also used extensively and all other hardware is readily available. The cost to
build OpenSLS was approximately ✩2,000 plus the cost of the laser cutter. An online repository
contains design files for the parts which we designed for OpenSLS, as well as the Bill of Materials (github.com/MillerLabFTW/OpenSLS). The powder handling module is structured around
two rectangular pistons: a build platform and a powder reservoir. These pistons translate verti-
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Figure 2.1 : Custom Open-source Selective Laser Sintering (OpenSLS) hardware. a)
Schematic of the SLS process illustrates the sintering of powdered materials into 3D parts using
a laser. b) Rendering of our custom powder handling module. c) A photograph of the assembled
powder module that was used throughout this study, which was integrated into a commercial laser
cutter. d) After mounting the powder module in the laser cutter, we successfully implemented SLS
and fabricated structures such as the illustrated gear. The gear is shown just after sintering and
powder removal as well as after cleaning with compressed air (inset). Figure originally published
in Ref. 77.
cally, allowing the powder reservoir to expose powder for distribution and the build platform to
lower within the build volume to accommodate the next powder layer. Powder is moved from the
reservoir to the build platform by a curved metal spatula mounted on a 3D-printed distributor.
The electronics and firmware which control OpenSLS were developed using an existing open-source
electronics motherboard with open-source firmware, which is described in detail in the supplementary information to Ref. 77. After developing the OpenSLS powder module, integrating it with a
laser cutter, and implementing control via open-source electronics and firmware, we were able to
fabricate simple geometries using thermoplastic powders (Fig. 2.1d).
We laser sintered powdered nylon to validate the ability of OpenSLS to consistently produce
solid parts with high resolution and to evaluate the system’s performance. A diamond lattice model
and a diagrid model were chosen as representative geometries for sintering and we successfully fabricated them in nylon (Fig. 2.2a). Inexpensive desktop 3D printers could fabricate these geometries
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at their original scale; however, we scaled down the models to highlight the capacity of OpenSLS
to fabricate features at the sub-millimeter scale.

Figure 2.2 : Complex geometries fabricated in nylon with OpenSLS. a) Two models were
sintered in nylon with 150 µm layer height, resulting in reproduction of the features and dimensions
of the original geometry (scale bars = 1 cm). b) SEM imaging showed a smooth surface, partially
covered by unfused nylon particles (scale bars = 100 µm). c) Microcomputed tomography (µCT)
scans reveal that the interiors of sintered nylon filaments have small, irregular cavities (white arrows)
dispersed within a predominantly fused core (scale bars = 3 mm). d-g) Here we demonstrate the
ability to fabricate complex structures extracted from biological data. The architecture of the
arterial vascular tree was extracted from a µCT scan of a mouse liver (d,e) and this raw data was
retopologized to make the model sinterable (f ). Black arrows in (e) indicate regions of disconnected
(non-manifold) geometry that were removed through the retopology process. 2D mouse liver scans
were courtesy of Chris Chen and Sangeeta Bhatia, additional research available via Ref. 100.
The liver vasculature was scaled up in size and sintered in nylon (g), illustrating the capacity of
OpenSLS to fabricate geometries with extreme overhanging regions (scale bar = 1 cm). Figure
originally published in Ref. 77.
The parameter space within OpenSLS includes the material, powder layer height, laser speed,
and laser power. Optimizing the last two parameters was the primary challenge in achieving
consistent sintering with high feature resolution. When the power is too high, over-sintering may
occur such that material lying outside of the laser toolpath is fused along with the intended pattern.
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Alternatively, when the power is too low or the laser speed is too fast, the material may not form
a continuously fused feature. These circumstances are one cause of the balling defect in SLS: when
insufficiently melted, some powdered materials tend to ball up into disconnected spheres instead of
contiguous filaments.101,102 While print time may be lowered by printing with fast laser speed and
compensating with high power, we found that higher print quality was obtained by reducing laser
speed (10-30 mm/s) at lower power (30-60 W cm−2 in nylon). Power and speed settings, as well
as the layer height, need to be independently optimized for different materials.
From gross examination, nylon appeared to sinter with smooth exterior surfaces. Under SEM
examination, we observed a smooth core of fused nylon, with a partial layer of unfused particles
loosely attached (Fig. 2.2b). This surface morphology is consistent with nylon parts sintered on
commercial SLS systems.103 The thickness of the partial outside layer is dictated by the particle size
of the powdered material – about 60 µm for nylon. To study the interior of the fused core regions,
we captured microcomputed tomography (µCT) scans of the diamond lattice and diagrid. Virtual
cross-sections through the scans provide additional evidence that the sintered nylon struts consist
primarily of a solid fused core, disrupted occasionally by small, irregular cavities (Fig. 2.2c). Such
defects in the otherwise smooth core are likely a consequence of steep thermal gradients induced
by rapid, localized heating from the laser, which are known to introduce stress and deformation in
fabricated structures.104 For this reason, commercial systems typically pre-heat the powder just
below its melting point so that minimal energy must be added from the laser and thermal stress is
reduced during sintering.
We also sought to illustrate a scheme for reproducing physiologic structures obtained through
medical imaging and identified the architecture of liver vasculature as a model geometry. Liver
vasculature contains dramatic overhanging regions as well as highly branching features that are well
suited for SLS fabrication. The raw biological data, extracted from µCT angiography of a mouse
liver,100 contained artifacts including uneven surfaces and geometry detached from the primary
contiguous structure (Fig. 2.2e). Computational retopology of the model resulted in the removal
of disconnected features and irregular surfaces to create a manifold geometry for SLS (Fig. 2.2f ).
Some structural detail is lost during the retopology process such that the original biological structure
is approximately but not precisely preserved in the retopologized model. Successful laser sintering
of the retopologized vasculature in nylon demonstrates the potential for OpenSLS to fabricate
branching, overhanging structures originating from medical imaging data (Fig. 2.2g).
Following our successful demonstration of SLS with nylon, the most common commercial poly-
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mer for SLS fabrication, we hypothesized that our customizable hardware and software would
enable us to sinter a variety of materials. Following the many studies that used commercial SLS
systems to fabricate macroporous polycaprolactone (PCL) structures,89–94,105,106 we explored the
possibility of sintering PCL with OpenSLS. We purchased PCL with the finest grain size available
and measured the average size of a PCL particle to be 517 ± 172 µm In SLS, the resolution of
sintered parts is limited by either the spot size of the laser (375 µm in our system) or the size of
the starting powder grains, whichever is larger. Because PCL has a much larger particle size than
typical powders used in SLS, it exhibits considerably lower resolution when sintered. Indeed, a
diamond lattice model sintered in PCL displayed a high degree of surface roughness upon gross examination (Fig. 2.3b). Despite attempts to cryogenically mill and grind the PCL powder, we were
unable to noticeably reduce its grain size to improve the resolution of PCL surfaces. Previously,
a PCL blend with average particle size <150 µm was available (CAPA 6501, Perstorp), however,
this product has been discontinued. Larger PCL grains, such as the CAPA 6506 used in this study,
require advanced jet milling to be effectively reduced to this size.99
In lieu of powder size reduction, we developed a surface smoothing technique which uses
dichloromethane (DCM) vapor to reduce the surface roughness of sintered PCL (Fig. 2.3c). The
DCM vapor solvates PCL crystals protruding from the sintered structure; the surface is smoothed
as the solvated PCL minimizes its exposed surface area under surface tension. When exposed to
DCM vapor, the surfaces of sintered PCL typically became smooth and glossy in 3-5 minutes. This
approach is similar to one used by 3DP enthusiasts who smooth parts made of acrylonitrile butadiene styrene (ABS) using acetone vapor or parts made of poly(lactic acid) (PLA) using DCM.107
Analysis of PCL lattices via SEM revealed that the surface of sintered PCL is composed of discrete
particles with irregular shape consistent with the powdered PCL (Fig. 2.3d). In contrast, vaporsmoothing imparts a uniformly smooth surface devoid of any unfused particles (Fig. 2.3e). Scans
of PCL diamond lattices using µCT indicated that the vapor-smoothing process does not disturb
the interiors of sintered filaments, which are completely fused except for small sporadic cavities
(Fig. 2.3g,h).
OpenSLS was evaluated as a manufacturing process through dimensional characterization of
sintered parts as well as by mechanical testing. As discussed above, the laser spot size determines
the resolution (and therefore the dimensional accuracy) of sintered parts when small particles such
as nylon (∼50 µm, Fig. 2.4) are used. Therefore, the dimensional accuracy and precision of nylon
(Table 2.1) approach the maximum accuracy and precision for the entire OpenSLS system. Nylon
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Figure 2.3 : Surface and volumetric analysis of sintered and vapor-smoothed polycaprolactone (PCL) structures. a-c) A reduced diamond lattice model (a) was sintered in
PCL with 300 µm layer height. Sintered PCL lattices (b; scale bar = 1 cm) were exposed to a
vapor bath of DCM resulting in a smooth surface finish (c; scale bar = 1 cm). d,e) SEM images
of struts cut away from unsmoothed (d) and vapor-smoothed (e) lattices demonstrate that while
sintered PCL exhibits a rough surface composed of discrete, irregular PCL particles, vapor smoothing results in a smooth, uniform surface devoid of any unfused PCL (scale bars = 1 mm). f-h)
A virtual cross-section through µCT scans (schematized in (f )) shows that the surface of sintered
PCL (g) is dominated by loosely attached, unfused particles surrounding a fused core containing
some irregular cavities. The scan after vapor smoothing (h) confirms that the fused core is undisturbed by the vapor smoothing process (scale bars = 5 mm). Inset for (g,h): full µCT virtual
cross-section, white box indicates the magnified region. Figure originally published in Ref. 77.
dimensions were accurate within <100 µm in the X and Y directions for centimeter-scale nominal
dimensions, reflecting the intrinsic accuracy of the XY positioning system of the laser cutter. These
results are consistent with the accuracy and precision found for nylon sintering on commercial SLS
systems (250 µm).108,109 Z-dimensions were somewhat less accurate (< 500 µm), but this could
be simply improved by rescaling the nominal part dimensions as part of the 3D model preparation
workflow. Unsurprisingly, accuracy was slightly poorer for millimeter-scale nominal dimensions;
however, the precision (indicated by the standard deviation) was comparable. Overall, the accuracy
and reproducibility of OpenSLS are sufficient to produce nylon parts at or below the millimeter
scale with sub-millimeter tolerance.
The measured dimensions of PCL are less reflective of the accuracy and precision of OpenSLS
because the large particle size (∼500 µm, Fig. 2.4) limits the resolution. PCL measured dimensions
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Nylon
Sintered
PCL
Smoothed
PCL

10 mm nominal dimension
Measured x-y
Measured z
dimension (mm) dimension (mm)
10.03 ± 0.06
10.31 ± 0.15

1 mm nominal dimension
Measured x-y
Measured z
dimension (mm) dimension (mm)
1.14 ± 0.08
1.07 ± 0.09

11.95 ± 0.22

11.08 ± 0.25

2.33 ± 0.23

2.09 ± 0.20

11.81 ± 0.26

10.86 ± 0.28

2.29 ± 0.22

2.10 ± 0.18

Table 2.1 : Dimensional accuracy and precision of OpenSLS Measurements are reported
as mean ± SD. Data originally published in Ref. 77.
consistently exceeded their nominal length by 1-2 mm for both centimeter- and millimeter-scale
features, which is consistent with our observation that large PCL particles become partially fused
at the edges of sintered structures and protrude beyond the nominal dimensions. These results
demonstrate poor accuracy compared to previous studies which used more finely milled PCL93 and
highlight the contribution of the raw material size to the accuracy of the resulting sintered part.
Vapor-smoothing slightly improves the accuracy of PCL sintering since protruding grains of PCL
are solvated and pulled towards the surface. However, this effect was not statistically significant
and the smoothed parts exhibited lower precision than their unsmoothed counterparts.
To analyze how accurately complex geometries are reproduced in OpenSLS, we performed a
dimensional fidelity analysis of nylon and PCL diamond lattices. For nylon, a representative slice
shows that a µCT virtual cross-section through the sintered part closely reflects the geometry of the
original CAD model (Fig. 2.5a). A heatmap of the deviations between model and µCT scan show
substantial overlap, with minor protrusions and gaps in the sintered part (Fig. 2.5c). Extending
this analysis to 150 slices through 3 nylon lattices showed that >60% of all pixels containing scanned
or model geometry were overlapping. Out of the pixels that did not overlap, <5% of all overprint
and underprint extended past 200 µm (Fig. 2.5d).
For PCL diamond lattices, representative cross-sections highlight the major overprinting that
occurs due to PCL grain size (Fig. 2.5e,f,i,j). The edges of individual PCL grains are visible
protruding from filament cross-sections in sintered PCL (Fig. 2.5f ). For smoothed PCL, the degree
of overprint appears similar, but individual PCL particles are no longer distinguishable (Fig. 2.5j).
Deviation heatmaps for sintered and vapor-smoothed PCL indicate that the scans may be off-center
with respect to the model geometry (Fig. 2.5g,k). This is probably due to imperfect alignment
of scan and model STL files, which is challenging due to the complexity of the geometries. It is
important to note that alignment is performed on the entire 3D structure, such that the overall
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Figure 2.4 : Characterization and sizing of powdered nylon and polycaprolactone. a,c)
SEM micrographs of nylon and PCL powder demonstrate that the respective raw materials differ
in size by approximately an entire order of magnitude. b,d) High-magnification SEM micrographs
of nylon and PCL show that both particles have rough surfaces at this scale, but nylon particles
are more spherical and less irregular (scale bars = 50 µm). e) Particle size distributions were
determined for nylon using SEM (n=1007) and for PCL using optical images (n=1168).

optimal alignment may not be ideal for a particular slice. Slight differences are observed in the
deviation histograms of sintered and vapor-smoothed PCL, indicating that vapor-smoothed PCL
has less overlap and more >1 mm deviations than sintered, unsmoothed PCL (Fig. 2.5h,l). Based
on the asymmetry of deviations in the heatmap, we propose that these differences may be attributed
to imperfect alignment.
We extended our characterization of sintered Nylon and PCL by measuring the mechanical
properties and surface quality of sintered lattice structures and by validating that sintered PCL
was compatible with the adhesion and subsequent osteogenic differentiation of mesenchymal stem
cells. We further demonstrated the feasibility of sacrificially templating fluidic networks in PDMS
using sintered PCL. We also analyzed the fabrication efficiency and print time requirements for the
models depicted above. The results of these studies are included as Appendix B.
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Figure 2.5 : Dimensional fidelity of sintered nylon and PCL µCT scans of sintered diamond
lattices were compared slice-by-slice to their corresponding CAD models to quantify the fidelity of
OpenSLS. a,e,i) Left: CAD rendering of full (a) and reduced (e,i) diamond lattices with a representative slice indicated in blue. Right: Cross-section view of the selected slice. b,f,j) Corresponding
slices through µCT scans of sintered diamond lattices indicate that nylon (b) falls closely within
the area of its original model, while both unsmoothed (f ) and smoothed (j) PCL substantially
exceed the print area of their original models. c,g,k) Heatmaps of the deviation between scans
and models show that for nylon, there are regions of both under- and over-printing, on the order of
hundreds of microns (c, scale bars = 2 mm). For PCL, there is essentially no under-printing, but
over-printing occurs on the order of millimters (g,k). The dramatic over-printing is attributed to
the large PCL particle size, and shows little difference between smoothed and unsmoothed PCL.
Deviation histograms quantify the deviation between scan and model for 160 slices through 3 lattices (nylon, d) and 460 slices through 4 lattices (PCL; h,l). For nylon, >60% of scanned points
overlap the model and <5% of scanned points differ from the model by >200 µm. In contrast, only
∼20% of scanned PCL points can overlap the reduced diamond lattice model, with nearly 50% of
points falling between 1-3 mm away from the model. Figure originally published in Ref. 77.
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2.2.2

Methods

Materials
Selective Laser Sintering was investigated using nylon, a common industrial SLS substrate, and
polycaprolactone (PCL). Nylon-12 (PA 650; Advanced Laser Materials) has a melting point of
181 ◦ C, melt-flow index 50 g/10 min, and reported mean particle size 55 µm. PCL (CAPA 6506;
Perstorp; mean molecular weight 50 kDa) has a melting point of 58-60 ◦ C, melt-flow index 5.2-11.3
g/10 min, and reported particle size below 600 µm. Materials were used as received from the
suppliers.
Development of OpenSLS
A CO2 laser cutter with 60 × 90 cm bed (SeeMeCNC) was selected as the base of the OpenSLS
system due to its high power range, modular electronics, and large working envelope. A RepRap
Arduino Mega Board (RAMBo; Ultimachine), an integrated 3D printer motherboard, was chosen
to control OpenSLS due its 5 stepper motor axes, Pulse Width Modulation (PWM) output pins,
and compatibility with the widely used open-source Marlin firmware. The laser cutter’s native
stepper motors and microstepping drivers were retained for driving its XY gantry, but the motor
control lines were re-mapped to motor extension pins on the RAMBo. While the included 80 W
laser tube was compatible with the OpenSLS electronics, the beam did not fire below 2.5 W; thus, it
was replaced with a 40 W tube (Automation Technologies) and corresponding 40 W power supply
(Lightobject) that provided higher power resolution at lower power settings. Laser control was
mapped onto the RAMBo board by locating the enable and control pins on the laser power supply
and reconnecting them to PWM pins on the RAMBo board. We designed the powder handling
module and fabricated the majority of its components from laser-cut acrylic and 3D printed parts.
Details of the components used in the powder module are provided in the Bill of Materials and on
the OpenSLS github repository (github.com/MillerLabFTW/OpenSLS).
OpenSLS runs on firmware modified from the open-source Marlin Arduino firmware which is
widely used in the hobbyist maker community. Marlin (github.com/MarlinFirmware) is designed for
extrusion printing, not SLS, so melt extrusion functionalities that are meaningless in an SLS system
were removed (e.g. extruder heating, fan control, etc.). Then, G-code commands were assigned for
functionalities unique to SLS (e.g. laser firing, powder distribution, etc.). The customized Marlin
firmware for OpenSLS may be downloaded from the OpenSLS github repository.
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3D model design and fabrication
3D model files were designed and prepared for OpenSLS using a toolchain of open-source software
applications developed within the hobbyist maker community. 3D model stereolithography (STL)
files were created using OpenSCAD software (openscad.org) or downloaded from an online collection of 3D models (thingiverse.com). Models were sliced into 2D layers as machine-interpretable
G-code using Slic3r (slic3r.org). The resulting G-code files are incompatible with the motor axis
assignments used in OpenSLS, so a custom script was developed to modify the G-code appropriately for SLS. Prints were initiated and monitored through the Printrun Pronterface console
(github.com/kliment/Printrun) and laser power settings were set by the user through the Pronterface console. Nylon prints typically used approximately 60 W cm−2 (first 1-3 layers) and 30 W
cm−2 (subsequent layers) while PCL prints used approximately 150 W cm−2 (first 1-3 layers) and
100 W cm−2 (subsequent layers). Higher power settings for the initial layers helped to ensure adhesion between the print and a layer of painter’s tape which covered the build platform; this adhesion
prevented warping throughout fabrication process. The initial powder layer was set by manually
creating the thinnest possible uniform coating of powder on the build platform while subsequent
layers were created automatically by the powder distributor. Following fabrication, excess powder
was removed from sintered parts with compressed air or by tapping the part against the benchtop.
Analysis of powdered materials and sintered structures
Scanning electron microscopy (SEM) was used to analyze nylon particle size distribution (prior
to sintering) as well as for surface analysis of sintered nylon and PCL structures. For particle
sizing, sparsely arranged nylon particles were sputter coated with approximately 10 nm gold (Desk
V Sputter Coater; Denton Vacuum) and imaged on an FEI Quanta 400 Environmental Scanning
Electron Microscope (FEI). PCL particles were too large to be efficiently sized via SEM and were
instead sized using an optical stereo microscope (SteREO Discovery.V8; Zeiss) after validating that
the sizing was consistent with SEM. For analysis of sintered structures, a representative section
was cut away from the structure, sputter coated (∼10 nm gold) and imaged. Average surface
roughness of sintered PCL (before and after vapor-smoothing) was quantified using SEM images.
Images were thresholded in FIJI ImageJ (NIH, Fiji.sc) and MATLAB (MathWorks) was used to
extract the profile of each edge from the thresholded image. The average surface roughness (Ra )
RL
was calculated using the formula Ra = L1 0 |Z(x)|dx, where Z(x) is the edge profile extracted in
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MATLAB and L is the length of the edge.
Microcomputed tomography (µCT) was used to analyze the internal structure of sintered parts.
Samples were scanned in 0.5 degree steps at 20 µm resolution on a SkyScan 1272 X-ray microCT
scanner (Bruker) equipped with 11 megapixel detector. The X-ray source was set to 50 kV and 200
µA with an exposure duration of 424 ms. Image reconstruction was performed in nRecon software
(Bruker) and volumetric visualization was performed in CTVox software (Bruker). µCT data is
presented as virtual cross-sections through the volumetric scan, performed in CTVox software.
Vapor-smoothing of PCL
Sintered PCL structures were suspended from the rubber stopper of a 4 L filter flask. Dichloromethane
(DCM; Sigma-Aldrich) was added to a round-bottom flask with stopcock and the stopcock was connected to the vacuum adapter on the filter flask. DCM was heated until boiling, then the stopcock
was opened to allow DCM vapor to diffuse into the filter flask. The suspended PCL structure was
monitored and removed after it appeared sufficiently smoothed (3-5 minutes, typically). Overexposure to DCM vapor led to deformation of PCL structures due to gravity. Segregation of the liquid
DCM in a separate chamber from the specimen was critical for achieving uniform smoothing of
exterior and interior surfaces.
Dimensional accuracy and precision
Two geometries were used to assess dimensional accuracy and precision of nylon and PCL structures.
The first was a 10×10 mm cube with 1×1 mm rectangular studs on each face. The 10 mm
and 1 mm features were measured with calipers for 10 samples produced over 3 sintering runs.
The second geometry was the full (nylon) or reduced (PCL) diamond lattice model. Lattices
were µCT scanned as described above, reconstructed, and exported as STL files. 3D scans were
aligned with their corresponding models using Blender (blender.org) and Geomagic Control (3D
Systems). Aligned scans and models were divided into corresponding 100 µm slices using Creation
Workshop (envisionlabs.net). A custom MATLAB script was used to quantify overlapping and
non-overlapping pixels in each slice for each scan/model pair.

33

2.3
2.3.1

Adaptation of SLS methodology for fabrication with carbohydrates
Results and discussion

Based on our experience fabricating scale models of vascular topology from stiff plastics using our
open-source selective laser sintering (SLS) system, we hypothesized that extending SLS methodology into sacrificial materials that could be utilized within a biological context would allow us to
readily pattern perfusable vascular networks in hydrogels and in the presence of fragile mammalian
cells. In early experiments, we found that SLS of sucrose yielded severe balling defects (wherein
the melted powder coalesces into small spherical balls) instead of contiguous filaments (Fig. 2.6a).
Dextrans performed marginally better and could be sintered into simple filament lattices; however,
burning, ablation, and warping were rampant and the print quality and resolution were deemed
insufficient (Fig. 2.6b-d). We ultimately discovered that isomalt, a sugar alcohol commonly used
in sugar-free lozenges and for making decorative edible sculptures, is compatible with SLS and
undergoes a stable melting transition to form contiguously fused solid filaments.

Figure 2.6 : SLS of sucrose and dextran. a) Sucrose undergoes carmelization and balling
during sintering (photo by Andreas Bastian). b) 2D dextran structures could be sintered stably,
but c,d) addition of corn starch was required to access 3D architectures.
Based on this finding, we devised a workflow for fully automated fabrication of 3D structures
from isomalt powder (Fig. 2.7a). While a single layer of pure isomalt could be laser sintered, strong
powder cohesion and relatively poor flowability made it poorly suited for spreading into smooth
thin layers as required for SLS. Nylon, an extremely free-flowing powder used in conventional
polymer SLS processes, has a relatively small, smooth and regular morphology. In contrast, isomalt
powder is irregular, polydisperse, and jagged, leading to higher powder cohesion and relatively
poor flowability (Fig. 2.8). We therefore screened a panel of biocompatible anti-caking additives

34

Figure 2.7 : Open-source selective laser sintering (SLS) of carbohydrates. a) We
introduce a workflow for additive fabrication with powdered carbohydrate materials. Modified
open-source toolchains enable manipulation of 3D meshes and generation of machine instructions
(G-code) capable of encoding myriad physical architectures. Carbohydrate SLS is performed layerby-layer with two alternating cycles: powder dispensing, wherein carbohydrate powder is dispensed
into the build volume by a shaking sieve reservoir, and laser patterning, wherein a focused laser
beam selectively melts regions of powder, fusing the powder grains into a contiguous solid part.
b,c) Carbohydrate structures were fabricated with smooth curvature, hierarchical branching, and
unsupported overhangs, all of which are architectural motifs of the mammalian vasculature. Scale
bars = 10 mm. d) Isomalt powder granules are much more cohesive than standard SLS materials
such as nylon, which manifests in poor powder distribution and uneven layers. This powder manipulation challenge was mitigated through the addition of anti-caking agents such as cornstarch
(30% by mass), which significantly enhances isomalt flowability. Data are mean±s.d.; * p<0.05
(p=0.012, t-test, n=3 powder samples). e) Rendering of open-source powder handling module
designed with a shaking powder dispenser and multi-modal powder distributor to accommodate
the flow properties of powdered carbohydrates. Figure originally published in Ref. 78.
including various mixtures of silicon dioxide, cornstarch, and xanthan gum and we determined that
cornstarch effectively augmented powder flow while preserving sintering quality (Fig. 2.7d). The
small, smooth cornstarch particles are hypothesized to intercalate between the large, jagged isomalt
grains to reduce friction and resistance to flow. The final powder formulation used in this work is
a 7:3 mixture of isomalt:cornstarch by mass.
Even with the improved flow properties imparted by the addition of an anti-caking agent,
we found that carbohydrate powders loaded into a reservoir piston (the conventional mechanism
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Figure 2.8 : Morphology of carbohydrate powders. Scanning electron micrographs illustrate
powder morphology and help to explain differences in powder flowability. Cornstarch significantly
improves the flowability of powdered isomalt. Data originally published in Ref. 78.
for powder dispensing in SLS) became too compacted to effectively settle onto the build platform
during spreading. To fully mitigate the issues with powder spreading, we designed and implemented
a multi-mode powder distributor and a shaking sieve reservoir (Fig. 2.9) which evenly sprinkles
fresh powder onto the build area, thereby preventing excessive powder compaction. For each layer
of a print, solid geometry is patterned by selectively melting the carbohydrate powder with a
laser. Following this patterning step, fresh powder is added for the subsequent layer by shaking
a sieve reservoir suspended above the build volume. The shaking motion dislodges powder into
a heap on the build platform while aerating it and preventing compaction. Importantly, this
differs from the conventional mechanism of creating new layers by sweeping powder onto the build
platform from an adjacent reservoir piston (used in our previous SLS hardware77 and in virtually
all commercial systems). We found that carbohydrate powders could not be reliably distributed
using that mechanism because the powder became overly compacted and did not settle into an
even layer on the build platform. Following the dispensing of fresh powder from the suspended
reservoir, the heap of powder is spread into an even layer by a counter-rotating roller. Finally, excess
powder is removed by a plow mechanism and collected below the powder handling module. Once
this mechanism was implemented, we successfully fabricated carbohydrate structures exhibiting
heterogeneous 3D branching, smooth curvature, and unsupported geometry (Fig. 2.7b,c).
We developed a new iteration of OpenSLS hardware and firmware to incorporate the necessary
features for carbohydrate SLS (Fig. 2.7e, Appendix C) as well as an updated software toolchain
used to prepare 3D models for carbohydrate SLS. In brief, the workflow begins with an STL file
containing the geometry to be printed, represented as a series of points. The STL file is converted
to machine-interpretable G-code by software called a slicer; we make use of a popular open-source
slicer, Slic3r. However, Slic3r, as well as all other open-source slicers, is designed to generate Gcode for melt extrusion printers, not SLS, and therefore is unable to encode laser power parameters
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Figure 2.9 : Detailed overview of carbohydrate SLS process. Schematics and photographs
illustrate our newly introduced workflow and hardware for carbohydrate SLS. Figure originally
published in Ref. 78.
for different regions of geometry. We overcame this issue by encoding power settings into an
otherwise unused parameter within Slic3r: extruder number. Slic3r supports multiple extruders
for melt extrusion printing, which has no meaning for SLS. Thus, we can divide up an STL file
into subcomponents and assign each subcomponent to a “virtual extruder” which represents a
particular power setting (Fig. 2.10). We also introduced a parameter called MIN EXTRUDE
which eliminates sequences of melt extrusion G-code with very small extrusion distances, which
otherwise lead to irregular surface artifacts if munged into laser patterning moves.
The process for assigning laser parameters to different regions of a model begins by exporting
each distinct region as a separate STL file (Fig. 2.10). These files are recombined by importing
them as parts of the same object in Slic3r. Different parameters are encoded by assigning each part
to a different extruder (which we term “virtual extruders”). Within Slic3r, the virtual extruder’s
nozzle size can be modified to adjust the laser toolpath for that region. Exporting the composited
object as G-code yields melt extrusion G-code including tool change moves representing transitions
between the virtual extruders (and the different regions of the model). Finally, inputting the desired
speed, power, and MIN EXTRUDE parameters for each region in our munge script will transform
the tool change commands in the melt extrusion G-code into changes in the specified parameters
in the resulting OpenSLS G-code. Thus, by manipulating the multi-extruder capabilities of opensource slicing software designed for extrusion 3D printers, we are able to encode region-specific
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Figure 2.10 : Encoding SLS parameters in G-code. OpenSLS uses a modified version of
Marlin firmware (designed for melt extrusion printers) and accepts modified G-code from standard
open-source slicers designed for extrusion hardware. Here, we post-processed melt extrusion G-code
into OpenSLS G-code by incorporating a workflow to encode different laser settings (for example,
the laser speed and power) into different regions of a 3D model. This is useful for creating various
filament sizes, quickly printing a sturdy bounding box, or using different infill settings to strengthen
fragile regions of a model.

sintering parameters to tune the final geometry, quality, and print speed of designated regions
within a 3D model.
2.3.2

Methods

Upgrades to open-source SLS hardware or carbohydrate sintering
In this work, we extended our previously described OpenSLS platform (Section 2.2) for compatibility with carbohydrate materials. An updated powder handling module (see Appendix C) was
designed with an 11×13×9 cm build volume and was fabricated primarily using laser cut acrylic and
3D printed poly(lactic acid) (PLA; Ultimachine) filament. Unlike previous iterations of OpenSLS,
the powder handling module does not include a powder reservoir piston; instead, fresh powder is
deposited onto the build platform by sieving through a grate at the bottom of a hopper suspended
above the powder handling module. Detailed designs for the powder handling module components
are available at the OpenSLS repository (github.com/MillerLabFTW/OpenSLS) along with the
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bill of materials, wiring diagrams, and custom firmware.
Preparation and laser sintering of carbohydrates
Isomalt (Decomalt, Paris Gourmet) was ground in a blade coffee grinder (Krups F203), then
strained through No. 35 and 60 mesh sieves (60 mesh = 250 µm grid spacing). Sieved isomalt
powder was mixed at a 7:3 ratio by mass with food-grade cornstarch (Argo), put on a lyophilizer
(Labconco) as a precaution against ambient moisture, and stored at room temperature in an airtight container. For fabrication, a thin layer of the powdered carbohydrate mixture was manually
spread across the build platform on top of a layer of painter’s tape. The appropriate G-code file was
initiated in Pronterface to begin layer-by-layer fabrication. Typical prints used laser translation
speeds of 1000-2000 mm min−1 (16-32 mm sec−1 ) and power densities of 40-60 W mm−2 from
a 40 W laser tube (Lightobject). All carbohydrate structures were fabricated with 150 µm layer
height except those shown in Fig. 2.7b,c, which were fabricated with 250 µm layer height. During
fabrication, nitrogen gas was gently flowed through the laser nosepiece to prevent accumulation of
carbohydrate residue on the laser optics and the laser cutter was continually flushed with a steady
stream of nitrogen. After fabrication, excess loose powder was removed with a brush or compressed
air and individual filaments were cleaned with a needle.
Powder rheology
Flow properties of powdered carbohydrates were investigated using a powder rheometer (FT4,
Freeman Technology; Stability and Variable Flow Rate testing protocol). Pure isomalt powder
was compared to our isomalt + cornstarch print formulation as well as to commercial nylon powder (PA650, Advanced Laser Materials). After powder pre-conditioning using the manufacturer’s
recommended protocol, the resistance to flow was measured across seven cycles in an unconfined
geometry with a blade tip speed of 100 mm/s, yielding measurements of Specific Energy.110 To compare flow properties between materials, Specific Energy ([mJ/g]) was multiplied by each powder’s
Conditioned Bulk Density ([g/mL]) and reported as [mJ/mL].
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2.4
2.4.1

Sintered carbohydrate post-processing and characterization
Results and discussion

We observed that the surfaces of sintered carbohydrate structures were initially composed of a
rough patchwork of loosely attached granules, recognized as a hallmark of SLS. To remove these
particles and obtain consistent filament diameters, we experimented with various saturated aqueous
carbohydrate-based treatments and coatings, including maple syrup, liquid cane sugar, and various
solutions of isomalt and dextrans. While all were effective to some extent, treating sintered carbohydrates with a concentrated isomalt solution quickly produced smooth filaments without affecting
the overall architecture or bridging across filaments (Fig. 2.11a). Post-processing reduces surface
roughness nearly two-fold and reduces filament widths by ∼100 µm while increasing their mass
(Fig. 2.11b-d). We attribute these results to the concomitant removal of loosely attached powder
granules and deposition of an outer carbohydrate coating.
We next assessed carbohydrate sintering fidelity and characterized how laser parameters affect
the resulting geometry. For a given powder, filament width is a function of laser power and translation speed (Fig. 2.12a). We found an approximately linear relationship between translation speed
and filament diameter in a regime spanning 400-800 µm at a fixed power density of 45 W mm−2
(Fig. 2.12b). Taken together, the fabrication of structures with features spanning from centimeters (Fig. 2.7b,c) to hundreds of microns (Fig. 2.12g) demonstrates the capacity of carbohydrate
sintering to pattern multiscale architectures with smooth transitions between length scales. While
this OpenSLS implementation allowed us to fabricate carbohydrate filaments with diameters as low
as 300 µm, higher quality optical components and more finely ground carbohydrate powders are
expected to improve printing resolution.
Finally, uniaxial compression testing demonstrated that sintered carbohydrates were stiff and
brittle, with elastic modulus on the same order of magnitude as extruded carbohydrate glass35
(Fig. 2.12c). Sintered templates thus are robust enough support their own weight, endure multiple
post-processing steps, and be shipped between labs.
There remains room to improve upon our implementation of carbohydrate SLS in terms of
the minimum achievable filament diameter. Commercial SLS systems operated using finely milled
raw materials routinely achieve minimum feature sizes around 150 µm; adopting higher precision
optics and more advanced powder milling would be expected to further improve the resolution of
sintered carbohydrate templates. On the other hand, our methodology joins the ranks of previous
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Figure 2.11 : Post-processing improves surface quality of sintered carbohydrates. a)
The surfaces of sintered carbohydrates are initially decorated with partially fused powder granules,
resulting in a rough surface topography. Solution-phase carbohydrate treatment removes the loosely
attached granules and imparts a smooth finish. Scale bars: 200 µm (magnified view) and 1 mm
(inset). b-d) Post-processing reduces surface roughness (Ra ) nearly two-fold (b) and reduces
filament widths (c) while increasing their mass (d). We attribute these results to the concomitant
removal of loosely attached powder granules and deposition of an outer carbohydrate coating.
Data are mean±s.d.; n=9 structures (b), n=24 structures (c), n=7 structures(d); ** p<0.01, ***
p<0.001 (paired t-test). Data originally published in Ref. 78.
low-cost, open-source hardware systems34,35,53 which have made biofabrication more accessible to
the scientific community. Our OpenSLS system can be assembled using our provided hardware
designs for a fraction of the cost of typical commercially available bioprinters or SLS machinery.
2.4.2

Methods

Carbohydrate post-processing and characterization
Sintered carbohydrates were post-processed by treating with a concentrated isomalt solution. Isomalt was dissolved in boiling deionized water (60 g isomalt in 100 mL water), cooled to room
temperature, filtered (Steriflip, 0.22 µm polyethersulfone), and stored at room temperature. Sintered carbohydrates were submerged in and out of this solution for 10-20 seconds, then excess liquid
was removed with a stream of pressurized nitrogen gas or by wicking with a Kimwipe.
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Figure 2.12 : Fidelity and mechanics of sintered carbohydrates. a,b) Tuning laser power
and translation speed permits control of filament dimensions. At a fixed power density of 45 W
mm−2 , increasing the translation speed from 500 to 2750 mm min−1 yields filament diameters
spanning from 800 to 400 µm (scale bar = 1 mm). Data are mean±s.d.; n=5 print runs. c)
Sintered carbohydrates are stiff and brittle under compression, making them self-supporting and
amenable to extensive handling, multiple coating steps, and casting inside viscous pre-polymer
solutions. n=11 solid cylinders and 9 cylindrical lattices fabricated across three independent print
runs. Data originally published in Ref. 78.
Scanning electron microscopy (SEM) was performed to analyze the morphology of powdered
materials and characterize the surface properties of sintered parts. Powder grains or pieces of
sintered parts were sputter coated with 10 nm gold (Desk V Sputter Coater; Denton Vacuum) and
imaged on a Quanta 400 ESEM (FEI). To measure the surface roughness of sintered carbohydrates,
SEM micrographs were thresholded and a custom MATLAB function was used to extract the profile
RL
of each edge. Average surface roughness (Ra ) was computed using the formula Ra = L1 0 |Z(x)|dx,

where Z(x) is the edge profile and L is the length of the edge. The width of sintered filaments was
measured in Fiji ImageJ (NIH; fiji.sc) using photographs acquired on a stereoscopic microscope
(SteREO Discovery.V8, Zeiss) equipped with a DSLR camera (EOS 5DSR, Canon).
Uniaxial compression testing was conducted in accordance with a modified version of ASTM
standard D695-02a. We tested solid carbohydrate cylinders as well as macroporous cylinders with
architecture described by Eshraghi and Das.94 Samples were subjected to compressive loading on an

mechanical testing system (858 Mini Bionix, MTS), equipped with a 10 kN load cell. Samples were
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compressed along their long axes with a cross-head rate of 0.5 mm min−1 following application
of a 25 N preload. Elastic modulus was measured as the slope of the stress-strain curve in the
linear region, yield stress was measured as the peak stress value before failure, and yield strain was
measured as the corresponding strain.

43

Chapter 3
Sacrificial templating and endothelialization of dendritic vascular
networks
Portions of this chapter have been published in Ref. 78
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3.1

Introduction

As we have detailed in the introduction, fabrication of biocompatible hydrogels containing heterogeneous patterns of fluidic channels is a major hurdle towards the creation of vascularized tissue
equivalents. We previously reported a sacrificial templating technique for creating perfusable channels wherein liquid carbohydrate glass was extruded above its glass transition temperature into rigid
arrangements of filaments (Fig. 3.1a,b).35,111 These filaments then serve as a sacrificial template
for channels in the corresponding architecture; a pre-polymer solution is solidified around the template, then the template is dissolved away in aqueous solution to yield open channels (Fig. 3.1c,d).
Of particular interest, this technique is material agnostic: essentially any material or mixture can
serve as the bulk matrix within which the channels are templated (Fig. 3.1e).
The extrusion of carbohydrate glass suffers from several key limitations. In terms of architecture, diverse 2D filament array can be patterned. However, printing of most heterogeneous
3D architectures is unsuccessful with this technique because the sugar tends to deform under its
own weight. Support material, commonly used to print overhanging structures using commercial
plastics, is not a viable strategy with this material. Deformations of the sugar glass also limit
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Figure 3.1 : Carbohydrate glass extrusion. a) Heated pneumatic extruder in the process of
printing a sugar-glass lattice. b) Extruded carbohydrate glass lattice. The red line is the outer edge
of the structure, which is later filled in with the desired matrix material. At this stage, unwanted
sugar glass can be removed with a heated soldering iron. c) Schematized workflow for sacrificial
templating of vascular networks using carbohydrate glass. d) Once the template is removed, a
perfusable channel remains within the bulk matrix (here, blood is being perfused over time). e)
An advantage of this technique is compatibility with many matrix materials. Adapted from Refs.
35,111.
the reproducibility of extruded templates. It is difficult to print multiple identical copies of the
same intended geometry, making experiments designed to evaluate different vascular architectures
challenging to execute with consistent samples.
As described in Ch. 2, we developed carbohydrate SLS as an alternative fabrication technique
which offers an expanded capacity for fabricating complex physiologic structures using biocompatible and water-soluble materiaks. In this chapter, we examine how such laser sintered carbohydrate
structures can be utilized sacrificially to generate networks of perfusable channels in biocompatible and cell-laden hydrogels. We introduce algorithmically-generated branching network topologies
and characterize flow through these networks. Finally, we evaluate the attachment and monolayer
formation of endothelial cells seeded into these patterned hydrogels.
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3.2
3.2.1

Sacrificial templating using laser sintered carbohydrates
Results and discussion

We began our investigation of sacrificial templating (Selectively Laser Sintered-Carbohydrate
Sacrificial Templating; SLS-CaST) by validating a workflow for patterning a simple branched
architecture (Fig. 3.2a). We cast a series of elastomers, stiff plastics, and hydrogels around postprocessed carbohydrates, then sacrificed the original template by dissolving in water or phosphate
buffered saline (PBS). For some materials, it is also helpful or necessary to apply to the template a
thin polymeric layer that is hydrophobic in order to preserve the carbohydrate architecture during
aqueous casting; see Methods for details. In each case, perfusion through the patterned channel
network demonstrated channel patency and connectivity of branched filaments.

Figure 3.2 : Sacrificial templating of perfusable networks in diverse bulk materials. a)
Once post-processed, carbohydrate templates are encased in an orthogonal bulk material. Following
solidification of the bulk material, the templates are sacrificed by dissolving in aqueous media to
yield perfusable channels retaining the template architecture in the bulk material. b) Patterning of
planar branching channels in PDMS and polycaprolactone (PCL) foam demonstrates compatibility
of carbohydrate templates with stiff elastomers and plastics. c) Sacrificial templating of branched
channels in monolithic hydrogels of varying stiffness and crosslinking mechanism highlights the
versatility of this approach for patterning vascular networks in a range of biomaterials without use
of cytotoxic reagents or conditions. Scale bars = 1 mm. Figure originally published in Ref. 78.
Channels patterned in silicone may be useful as imaging phantoms112 or microfluidic devices.113
Perfusable foams made from polycaprolactone or other stiff biocompatible polymers offer an intriguing avenue for exploring heterogeneous patterns of stiffness and fluid perfusion observed in native
bone tissue.114 Patterning of channels in an array of natural and synthetically derived hydrogels
(Fig. 3.2c) highlights the versatility of SLS-CaST for fabricating perfusable model tissues with a
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wide range of crosslinking mechanisms, mechanical properties (approximate elastic moduli given
in parenthesis), and cell-matrix interactions. Despite the opacity of sintered carbohydrates, photopolymerization was successful when gels (PEGDA, 6 kDa, 20 wt%, ∼100 kPa)114 were exposed
to incident light from various angles. The enzymatic polymerization of silk fibroin scaffolds (3-10
kPa)115 and fibrin gels (1-10 kPa)116,117 are difficult to control using extrusion, but fully compatible
with SLS-CaST, as are thermally crosslinked gels like agarose (200-400 kPa).118
The many advantages of sacrificial templating we previously observed with extruded carbohydrate glass35 are retained in SLS-CaST: one-step casting of the entire extracellular matrix (ECM)
obviates the need for time-intensive cell/ECM printing, yields robust monolithic tissues, and may
facilitate experiments with a range of materials, cells, aggregates, and organoids where vascular
architecture can be held constant. Indeed, we expect that cells which are intolerant of extrusion
or which benefit from culture in aggregates could be successfully incorporated into vascularized
model tissues using this approach. Moreover, our strategy decouples fabrication of vascular architecture from experimental design and offers the experimentalist unconstrained access to the entire
remarkable palette of biomaterials developed over the past several decades.
We next sought to pattern more complex channel configurations encompassing the salient architectural motifs of native vascular networks. Axial tapering of channels is non-trivial for extrusionbased printing, but could be readily incorporated in sintered carbohydrate templates and therefore
downstream within patterned hydrogels (Fig. 3.3a). With extruded sacrificial templates, filament
intersections require depositing one filament atop another in separate planes, requiring redundant
material dispensing. Intervessel junctions patterned with these templates retain this stacked “log
cabin” morphology, which is markedly different from native intervessel junctions. Significant innovation in extrusion technology and filament extrusion planning can provide smooth bifurcations,49,81
but the extrusion nozzle itself physically and ultimately constrains the architectures that can be
fabricated. In contrast, laser sintered templates offer seamless branching transitions even for junctions with many adjoining channels (Fig. 3.3b) albeit currently at a poorer resolution than is
possible with extrusion-based 3D printing.
Most critically, SLS-CaST allowed us to produce hydrogels with hierarchical channel branching in all three dimensions (Fig. 3.3c,d). The carbohydrate templates for these architectures are
replete with unsupported overhangs and underhangs as well as bifurcations and curved channels
oriented obliquely to the (x,y,z) axes of the print. Finally, we demonstrate the capacity to fabricate entangled multivascular networks using sintered carbohydrate templates (Fig. 3.3e). Such
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interpenetrating fluidic networks are ubiquitous across length scales in many native tissues (e.g.
lymphatic vessels alongside blood vessels; hepatic biliary tree alongside sinusoids), but are difficult to fabricate using extrusion methodology wherein the extruder nozzle would be required to
physically move through one network in order to pattern the other. Recently demonstrated via
projection stereolithography,53 here we bring multivascular network topologies to a larger family of
non-photopolymerized naturally-derived extracellular matrices.
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Figure 3.3 : Sacrificial templating of hierarchically branched and entangled multivascular networks. a) Tapered channels with smooth curvature. Cross-sections from indicated
planes of gel show channels with circular profiles becoming smaller in diameter approaching the
center of the gel. Scale bars = 5 mm (top view) and 1 mm (cross-section). b) 3D network demonstrates smooth transition from a single inlet and outlet to four daughter branches. Scale bar = 5
mm (perspective and top view), 1 mm (cross-section) c) 3D hierarchical network highlights multiple branching iterations and suspended overhanging geometry which cannot readily be produced
through extrusion printing. d) Twisted 3D hierarchical network illustrates smooth heterogeneous
branch tapering across all three dimensions and represents a higher degree of channel tortuosity
compared to (c). e) Fluidically independent branched channels are interwoven in an entangled
configuration. Such entangled networks are a hallmark of native tissues, but are largely inaccessible with extrusion methodology. Scale bars = 5 mm in (d-f ). Figure originally published in Ref.
78.
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The paradigm of sacrificial templating decouples 3D printing from cell handling and permits
cell seeding in both the lumenal (that is, along the interior surface of a vessel) and parenchymal
(that is, outside the vessel, comprising the bulk of the tissue) compartments of hydrogels. We will
discuss endothelial cell seeding at length in Section 3.4.1. Parenchymal cells can be incorporated
homogeneously into sacrificially templated gels simply by mixing the cells into the pre-hydrogel
solution. We will examine initially homogeneous cell populations throughout Section 5.2. Additionally, healthy and diseased tissues in the body are characterized by spatially defined zones of
cells and extracellular matrix (ECM). For example, the musculoskeletal system contains interfaces
between bone, cartilage, and tendon;119 injured tissues may have regions of fibrous scar tissue;120
and tumors within tissues have distinctive microenvironments of cells and ECM.121 In addition to
seeding cells homogeneously in the parenchymal zone, we show here that through strategic sequential gel polymerizations, discrete cell populations and matrix materials may be combined into a
single spatially patterned monolithic construct (Fig. 3.4). Thus, the advantages of sacrificial templating may be unified with applications which benefit from spatially heterogeneous configurations
of cells and materials, such as interfacial tissue engineering or screening assays performed under
perfusion culture.
The high throughput and flexibility inherent to SLS-CaST does incur some cost in terms of
spatial control within the parenchymal compartment. In particular, the presence of the sacrificial
carbohydrate template constrains spatial patterning of cells around complex dendritic networks. In
spite of this limitation, SLS-CaST provides some simple but impactful opportunities to incorporate
spatial patterning, as we demonstrated by patterning distinct zones of cells and matrix materials
along a single vascular template. More broadly, the importance and utility of initially configuring
cells in defined spatial patterns remains an open question within biomaterials and biofabrication.
For vascularization, there is strong evidence that geometric patterning of endothelial cells affects
function and host integration.122–124 For parenchymal tissue, however, there exists a fundamental
mismatch in length scales between the patterning resolution of most bioprinters and the exquisitely
structured regions within tissues which comprise multiple cell types. For example, nephrons within
the kidney,125 islets within the pancreas,126 and blood and lymphatic capillaries in connective tissues127 exhibit cell and matrix heterogeneity on the order of 10-50 µm. In contrast, most bioprinting
systems have patterning resolution on the order of 200 µm.1,128
Several recent examples from the biofabrication literature also raise questions about the functional importance of spatial cell patterning. In 2016, Kolesky and colleagues spatially patterned
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Figure 3.4 : Spatially patterned gels containing fluorescent beads and living cells. a)
Experiments with fluorescent beads encapsulated in transitioning zones of varying gel composition
were used to demonstrate the potential to fabricate spatially patterned tissues within the paradigm
of sacrificial templating. Scale bar = 2 mm. b) Transitioning zones of extravascular tissue were
cast along a shared vascular network to form a monolithic and perfusable construct. Control over
spatial tissue patterning was demonstrated by seeding a bottom zone containing cancer aggregates
(344SQ (H2B-mVenus)); 15,000 aggregates mL−1 ) with fibroblasts (IMR-90 (H2B-mOrange2); 5e6
mL−1 ) in photopolymerized GelMA (10 wt%), a middle zone containing fibroblasts (10e6 mL−1 )
alongside endothelial cells (HUVEC (GFP); 5e6 mL−1 ) in GelMA (7.5 wt%) mixed with fibrin (10
mg mL−1 ), and a top zone containing endothelial cells (15e6 mL−1 ) with supporting fibroblasts (5e6
mL−1 ) in enzymatically polymerized fibrin (20 mg mL−1 ). Images of the individual fluorescence
channels show well-defined interfaces between zones and multi-day perfusion through the branched
vascular network indicated channel patency and robust lamination between layers. Scale bar = 2
mm. Figure originally published in Ref. 78.
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hMSCs alongside sacrificial filaments, then cast a fibroblast-containing matrix to fill the remaining
volume.49 The authors found that over long-term culture, both hMSCs and fibroblasts migrated
between the distinctly patterned regions, which suggests that perhaps there was no functional benefit conferred by the initial patterning. Similarly, Kang and colleagues spatially patterned stem cells
or chondrocytes alongside sacrificial filaments and plastic support struts to recapitulate bone and
cartilage tissues, respectively.50 Histologic evaluation of these constructs after long-term culture
reveals ostensibly homogeneous cell populations in spite of the fact that the cells were spatially
patterned.
On the other hand, the field of transplant surgery offers several examples where functional
recovery is achieved in the absence of any defined spatial arrangement of cells. Intraportal transplantation of allogeneic islets (that is, injection of pancreatic islets directly into the portal vein
of the liver) has successfully allowed diabetic patients to attain sustained insulin independence.129
Similarly, in the absence of an available donor for a whole liver transplant, intrasplenic hepatocyte
transplantation (that is, injection of hepatocytes into the spleen) has emerged as a bridge therapy
to treat liver disease.130,131 The ongoing clinical success of these transplant procedures, wherein
cells have no prescribed spatial arrangement, suggests that cells can provide therapeutic function
even outside of their precise spatial niche in native tissue.
3.2.2

Methods

Carbohydrate sacrificial templating
In typical sacrificial templating experiments, pre-polymer was dispensed via pipette around a carbohydrate template after post-processing as described above. Poly(dimethylsiloxane) (PDMS; Sylgard
184, Dow Corning) was prepared by dispensing a 10:1 base:catalyst mixture around a carbohydrate
template and curing for 48 hrs. PCL foams were prepared by forming a slurry of sodium chloride
crystals in PCL solution (40 wt% in chloroform), then dispensing this slurry around a carbohydrate
template and allowing overnight solvent evaporation.132 Photopolymerized poly(ethylene glycol)
diacrylate (PEGDA) and gelatin methacrylate (GelMA) hydrogels were prepared by dispensing a
mixture of PEGDA (6 kDa, 20 wt%; synthesized as previously reported)133 or GelMA (10 wt%;
synthesized as previously reported)53 and photoinitiator (Irgacure 2959, 0.05 wt%; Ciba) around
a carbohydrate template and photopolymerizing for 30-60 seconds (100 mW cm−2 , 320-500 nm;
Omnicure S2000). Agarose hydrogels were prepared by dispensing a solution of low-melt agarose
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(2 wt%; Gold Biotechnology), heated to 60 ◦ C then cooled to 37-42 ◦ C, around a carbohydrate
template, then cooling to 4 ◦ C. Silk fibroin hydrogels were prepared by mixing aqueous silk solution
(4-8 wt%; a kind gift from Dr. David Kaplan, prepared as previously reported)134 with 10 U mL−1
horseradish peroxidase and 10 µL mL−1 hydrogen peroxide (165 mM; BDH), dispensing around a
carbohydrate template, and polymerizing for 10 min at 37 ◦ C.115 Fibrin hydrogels were prepared
by dispensing a mixture of fibrinogen (20 mg mL−1 ; Sigma) and thrombin (50 U mL−1 ; Sigma)
around a carbohydrate template and polymerizing for 10 min at 37 ◦ C. For all bulk materials,
carbohydrate templates were sacrificed (dissolved away) by incubation in deionized water or PBS,
assisted by gently flushing through the channels with a syringe. PCL foams were subsequently
frozen and lyophilized.
Sacrificially templated channels were visualized by perfusion either with Microfil silicone injection compound or colloidal ink suspended in a gel. Microfil (Flow Tech Inc.) was prepared by
mixing color base, diluent, and curing agent (4, 5, and 0.45 mL, respectively), pre-curing for 30
minutes, then perfusing through channels over a period of 10 minutes using a syringe pump until
sufficiently cured. Ink suspension was formed by mixing india ink (10-100 µL mL−1 ) with PEGDA
(3.4 kDa, 20 wt%) and photoinitiator (Irgacure 2959; 0.05 wt%) or with agarose (2 wt%). This
suspension was perfused through channels via syringe and photopolymerized (60-120 seconds at various rotation angles, 100 mW cm−2 ) or cooled while inside the channels. Carbohydrate templates
and sacrificially templated materials were photographed using a DSLR camera, with hydrogels
submerged in water for photography.
Casting of spatially patterned gels
Human Umbilical Vein Endothelial Cells (HUVEC; GFP-labeled; Angio-Proteomie; passage 4-7)
were grown in complete Vasculife media (Lifeline Cell Technologies) supplemented with 1% penicillin/streptomycin. IMR-90 lung fibroblasts (ATCC) were grown in F-12K media (ATCC) supplemented with 10% FBS and 1% penicillin/streptomycin. 344SQ murine metastatic lung adenocarcinoma cells135 were grown in RPMI 1640 media (Corning) supplemented with 10% FBS and 1%
penicillin/streptomycin. IMR-90 and 344SQ were stably transduced with plasmids encoding H2BmOrange2 and H2B-mVenus, respectively, using second-generation lentivirus in accordance with
Rice University Institutional Biosafety Committee oversight on Protocol 662023. 344SQ aggregates
were formed as described previously;136 briefly, laser-ablated PDMS microwells were passivated with
a Pluronic F-127 solution (5 wt%) and seeded with 200 cells well−1 using gentle centrifugation (200
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× g). After overnight aggregation at 37 ◦ C, aggregates were harvested with gentle pipetting and
loose cells were discarded by filtering through a 40 µm cell strainer. Carbohydrate templates were
prepared for casting of spatially patterned gels by adhering one open face to a glass slide and
stretching Parafilm over the opposite open face, leaving a small gap through which pre-polymers
could be pipetted. The appropriate combinations of cells or beads (10 µm green, red, and blue fluorescent polystyrene beads; Magsphere) were suspended in the appropriate hydrogel pre-polymers
and pipetted sequentially into the volume of the carbohydrate template. GelMA-containing gel
regions were partially photopolymerized (5 second light exposure) immediately after pipetting and
photopolymerization was completed (30 second exposure each side) after the full construct was
cast. Following photopolymerization, gels were incubated at 37 ◦ C to completely crosslink fibrin
gels. Gels were catheterized in perfusion chambers as described above and perfused with complete
Vasculife media (5 µL min−1 ).
Fluorescence imaging
Wide-field fluorescence imaging of spatially patterned gels was performed on a Ti-E inverted microscope (Nikon) equipped with Zyla 4.2 sCMOS camera (Andor), using a motorized stage to acquire
large area scans. Blind spectral unmixing was used for unbiased separation of partially overlapping
GFP and mVenus signal in Fig. 3.4.

3.3
3.3.1

Fluid convection through computationally designed dendritic networks
Results and discussion

To fully leverage the newfound design freedoms of SLS-CaST, we needed to introduce a new family
of vascular network designs which could densely and tunably fill the volume of large tissue constructs
with 3D branching networks of vessels. Furthermore, if we hope to design tissue substitutes that
can integrate with the body, we must consider blueprints for vascular architecture which could
connect to a single artery and vein, in analogy to an organ transplant. To design biomimetic
vascular networks with tunable vessel topologies, we adapted a mathematical model of leaf venation
to computationally grow branched vascular topologies which comprise an inlet, an outlet, and a
rich 3D network of connecting daughter branches in an algorithm that we hereby term mutual
tree attraction. A major hypothesis for the development of leaf venation in plants is the auxin
canalization theory,137,138 which describes the formation of veins as a feedback loop between flow
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of the hormone auxin and the differentiation of veins. Space colonization algorithms inspired by
auxin canalization have been previously developed for parametric tree growth;74 here, we extended
this modeling framework to generate branched networks with a single inlet and outlet (Fig. 3.5).

Figure 3.5 : Mutual tree attraction algorithm for generating dendritic networks. a-d)
Our mutual tree attraction algorithm for growing dendritic vascular networks is schematized in 2D.
Two seed points within an elliptical growth domain progressively extend (a) through an attractive
field of virtual hormone sources (a inset, blue circles), forming a tree structure. Branch points form
as nodes are attracted differentially to their respective local hormone sources. To form a closed
architecture, the actively growing branch tips of each tree behave as additional hormone sources
which only attract branches of the opposite tree (b). The set of nodes and edges representing the
closed vascular network (c) are assigned vessel diameters, resulting in a 3D model of the architecture
(d) compatible with digital fabrication toolchains. Figure originally published in Ref. 78.
In our mutual tree attraction algorithm, virtual hormone sources stochastically placed within
a 2D or 3D growth domain influence the growth path and branching behavior of a series of nodes
originating at prescribed seed points (Fig. 3.5a). Through a series of discrete time steps, each
seed point, representing an inlet or outlet, becomes the root of a branched tree of nodes which
fills the growth domain; see Ref. 74 for a complete description of this process. Macroscopic
branching morphology can be tuned by adjusting the hormone source density and the attractive
influence of a hormone source, which decays with distance. The advancing tips of each node
tree behave as additional hormone sources for the opposite node tree so that as the two growing
trees approach the center of the growth domain, their terminal branches are mutually attracted
(Fig. 3.5b) and converge to form a closed network (Fig. 3.5c). While hormone sources dispersed
throughout the growth domain influence both advancing trees, tip hormone sources only influence
the opposite tree (that is, self-attraction is prohibited within a tree). Vessel thicknesses are assigned
independently from the network growth step (Fig. 3.5d) and can be derived from Murray’s Law41
or other mathematical relations. We refer to the completed architectures as dendritic networks in
recognition of their tree-like morphology, which is reminiscent of natural flow systems ubiquitous
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in biology and beyond.60
Theoretical and empirical evaluations of fluid convection through dendritic networks demonstrate that these networks can effectively distribute flow across all of the channel segments (Fig. 3.6a)
across a range of flow rates (Q). Fluid streams which bifurcate exhibit lower velocity in the daughter branches, while converging streams gain velocity as they merge (Fig. 3.6b). We observed
parabolic velocity profiles which increased in direct proportion to the applied flow rate, as expected
for laminar flow of a Newtonian fluid (Fig. 3.6c).

Figure 3.6 : Fluid convection through generatively designed dendritic vascular networks. a) Maximum intensity projection through 400 rapidly acquired images (24.6 ms exposure
time) shows streamlines representing fluorescent bead flow trajectories. Perfusion of a planar dendritic network sacrificially templated in an agarose gel yields fluid flow through all of the branches.
Scale bar = 2 mm. b) Quantitative particle image velocimetry (PIV) demonstrates parabolic velocity profiles and expected changes in velocity magnitude as channels bifurcate and later converge.
Scale bar = 1 mm. c) The maximum velocities and wall shear stresses are consistent across channels at the same axial distance (lineplot location marked in (f )), indicating evenly distributed fluid
flow throughout the network. Dashed lines demarcate channel walls. d) Standard computational
fluid dynamics simulations accurately recapitulate the spatial velocity profiles which were observed
in particle tracking experiments. Note that both (f ) and (h) utilize a non-linear (quadratic) color
scale to aid visualization of velocity gradients. e,f ) Replicate PIV experiments in three independent
gels demonstrate reproducible fluid convection (maximum velocity magnitude (vmax ); i) and wall
shear stress (j) and follow the theoretically predicted direct proportionality with flow rate. Values
were determined for the region annotated in (b,d). Figure originally published in Ref. 78.
Moreover, simulating convection through this network using standard computational fluid dynamics recapitulated the experimentally observed velocity profiles at the same order of magnitude
(Fig. 3.6d), indicating that such simulations can offer meaningful predictive insights into the ve-
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locity profiles and magnitudes which will develop in dendritic architectures. Examining the results
of three individual particle image velocimetry (PIV) experiments, we find that independent gel
replicates exhibit reproducible velocity magnitudes and wall shear stresses (Fig. 3.6e,f ), which increase as expected in direct proportion to the applied flow rate (Q = 21 πR2 vmax . Computationally
predicted values follow the same trend with somewhat larger magnitudes than experimental values,
which may be explained by frictional losses in the microbore tubing used in the experiment. The
relatively larger deviation between shear stress values versus velocity values may be explained by
the fact that the shear stress values are computed at the channel edges, where the physical particles
are more sparse and more prone to quantification artifacts. Furthermore, the volumetric flow rate
(and thus the velocity profile) through a particular segment of the network is sharply dependent
on the local radius (Q = (π∆P R4 )/(8µL)), implying that small differences in the original carbohydrate templates may be amplified when recording the velocity in templated networks. Finally,
we note that while we present here a regime of relatively low flow rates where PIV is tractable,
these networks can withstand (likely depending on the material) much higher flow rates on the
order of tens or hundreds of milliliters per minute. For example, a flow rate of 120 mL min−1 was
well-tolerated by this architecture, which corresponds theoretically to vmax = 1.3 × 106 µL min−1
and wall shear stress = 148 dyne cm−2 for the region studied in Fig. 3.6e,f. The monolithic nature
of these rapidly cast gels may be directly related to this observed capacity to withstand high flow
rates because there are no individual layers or extruded filaments of gel which can shear apart or
delaminate.
3.3.2

Methods

Particle image velocimetry (PIV) and computational fluid dynamics modeling
2 wt% agarose gels were prepared and catheterized in perfusion chambers as described above.
For low-magnification imaging of the whole gel, a 1:400 dilution of green fluorescent beads (10
µm, Magsphere) in 10% glycerol was perfused through the gel and imaged on a stereoscopic microscope (SteREO Discovery.V8; Zeiss) equipped with Zyla 4.2 sCMOS camera (Andor). For
high-magnification imaging, a 1:100 dilution of red fluorescent beads (10 µm, Magsphere) in 10%
glycerol, supplemented with 1 mg mL−1 FITC-dextran (150 kDa; Sigma, included to define boundaries of the network), was perfused through the gel and imaged on a Ti-E inverted microscope
(Nikon) equipped with Zyla 4.2 sCMOS camera (Andor). In both experiments, beads were per-
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fused at 10, 20, 50, and 100 µL min−1 using a high-precision syringe pump (Harvard Apparatus).
After equilibration to each flow rate, 400 frames of bead flow were captured (24.6 ms exposure) for
analysis.
Imaging data was pre-processed for PIV analysis by taking a minimum intensity projection for
each dataset and subtracting it from each frame; this operation filters out beads which get stuck
to the channel walls and otherwise can cause quantification artifacts. PIV analysis was performed
with PIVlab (version 2.02) for MATLAB (version R2018a; Mathworks).139–141 Bead flow images
were contrast-enhanced and masked using a thresholded image of FITC-dextran in the network,
then quantified with two passes of PIVlab’s fast Fourier transform algorithm for cross-correlation.
Final velocity profiles were obtained by rejecting velocity values more than five standard deviations
from the mean, interpolating missing values in the velocity field, and averaging over the velocity
field determined for each pairwise image correlation. Shear stress values were estimated by fitting
a parabola to the velocity profile, then evaluating its derivative at the wall and multiplying by the
viscosity.
Computational fluid dynamics simulations were performed in COMSOL Multiphysics (version
5.3a; COMSOL) using the single-phase laminar flow module. Manifold, non-self-intersecting STL
files were generated in Blender by applying the Metaball skinner modifier (blendermarket.com/
products/metaball-skinner, custom modified to incorporate axial tapering) to the vessel centerline
profiles generated through mutual tree attraction. These files were imported into COMSOL, where
a Boolean union operation was performed to add primitive cylinders for the inlet and outlet.
Simulations used values of ρ = 1078 kg m−3 and µ = 1.85 × 10−3 N s m−2 , no-slip condition on
all walls, defined mass flow rate at the inlet, and 1 atm pressure at the outlet.142,143 Shear stresses
were calculated using the procedure described above for PIV data.

3.4

Endothelialization of dendritic networks

The fabrication of increasingly complex vascular networks within hydrogels has proceeded in lockstep with the seeding of endothelial cells (ECs) in these structures. Because of the crucial barrier
function provided by ECs,27,144,145 as well as their demonstrated capacity to self-assemble new vasculature at the capillary scale,18,19,146,147 there is immense interest in studying endothelial function
and morphogenesis in soft, degradable gels with tunable fluid shear. Performing such experiments
requires initially establishing an endothelial monolayer within the patterned vascular network.
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3.4.1

Results and discussion

Channels can be seeded with endothelial cells (such as human umbilical vein endothelial cells; HUVEC) by injecting a dense HUVEC suspension (30×106 mL−1 ) into the network and rotating the
gel to coat all surfaces. HUVECs adhered to the lumenal surfaces of gelatin methacrylate (GelMA)
gels and formed a monolayer across a series of bifurcating channels in a planar dendritic network
(Fig. 3.7a). Following 11 days of perfusion culture (with ramped flow rate, see Methods), the
endothelial layer was well-maintained and showed formation of putative sprouts into the fibroblastladen parenchymal compartment (Fig. 3.7b). Parenchymal fibroblast culture alongside lumenal
endothelial cells is a relevant model in our field because of the crucial role played by such stromal
cells in stabilizing the self-assembly of endothelial cells into higher-order structures, such as a putative capillary network.19,148 Further evaluation of endothelialized channels demonstrates uniform
coverage of endothelial cells across the various branches of the network (Fig. 3.7c,d) and around
the full circumference of the channels (Fig. 3.7e). It has been observed for decades that endothelial
cells typically adopt a characteristic alignment along the direction of applied flow.149 We observed
some local HUVEC alignment within distinct regions, but the overall population of endothelial cells
did not adopt a uniformly aligned orientation, particularly at bifurcation points. We postulate that
this incompletely aligned morphology is explained by the relatively low shear stresses we applied,
several orders of magnitude below the regimes typically studied for endothelial alignment. Future
experiments with elevated flow rates and shear stresses are hypothesized to promote more robust
HUVEC alignment.
The prevailing approach to seeding ECs along the surface of a patterned vascular channel
has been to inject a high-density suspension of ECs (in cell culture media) into the network,
as described above and in Section 4.3. Various studies employing this strategy have reported
successful seeding of patterned vascular channels with good coverage and characteristic endothelial
cell morphology.27,35,47,53 However, the approach described here is quite time-consuming: published
reports describe multiple hours of incubation to successfully adhere endothelial cells and in our own
experiments, we have observed optimal cell adhesion using incubation times exceeding four hours
(see Fig. 4.3). Moreover, the lengthy incubation step may require frequent intervention to rotate
the construct as needed, or custom equipment to automate this process (e.g. Section 4.3.2). The
time-intensive nature of this process is limiting not only in terms of the duration of the experiment,
but also in terms of how extensively this process can be scaled up. Finally, though we have
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Figure 3.7 : Seeding cells in the lumenal and parenchymal compartments of sacrificially
templated gels. a) Independent seeding of lumenal (HUVEC (GFP)) and parenchymal (IMR90 fibroblast (H2B-mOrange2), 2.5e6 mL−1 ) cell populations was demonstrated for a dendritic
network patterned within a gelatin methacrylate (GelMA; 10 wt%) gel. Scale bar = 1 mm. b)
Partial confocal z-stack of a physical slice taken from the gel in (a) demonstrates uniform interstitial
seeding of IMR-90 fibroblasts and presence of a stable endothelial layer after 11 days in perfusion
culture, as well as formation of putative endothelial sprouts (arrowheads). Scale bar = 200 µm.
c-e Partial confocal z-stacks further demonstrating HUVEC seeding across a series of channel
bifurcations in the dendritic network. HUVECs are well-distributed across the central channels
of the network (c) and around the circumference of individual channels (e). Bifurcations exhibit
good coverage of HUVECs in a flattened morphology (d. Scale bars = 1 mm. Figure originally
published in Ref. 78.
demonstrated here the seeding of a planar dendritic network with ECs, it may be non-trivial to
scale this seeding workflow up to arbitrary 3D branching networks.
An an alternative to seeding ECs directly onto the surfaces of patterned channels, we also
explored an approach harnessing spatially controlled hydrogel polymerization to entrap ECs in a
thin layer of a gel along the channel surface. (schematized in Fig. 3.8). In this approach, ECs
are injected into the network in a pre-hydrogel solution (“carrier material”), which can crosslink
to form a gel in the presence of a crosslinking agent. To confine polymerization to the channel
interface, the crosslinking agent is introduced prior to the cell suspension and allowed to diffuse
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into the gel beyond the channels. After excess crosslinking agent is flushed out and replaced by
the EC suspension in the carrier material, the crosslinker which had diffused into the gel reacts
with the carrier material solution along the channel wall, leading to a local polymerization reaction
which entraps the ECs. Because the crosslinker comes into contact with the carrier material only at
the channel interface, the reaction is confined to this region. To prevent complete polymerization
of the carrier material (which would occlude the channel), the crosslinking reaction is timed and
excess carrier material is flushed out before it can be polymerized.

Figure 3.8 : Interfacial polymerization-based endothelialization of vascular channels.
Schematic overview of an interfacial polymeriztion strategy for seeding ECs in patterned vascular
networks. Within the scope of this thesis, we use fibrin gels as the target material, thrombin as the
crosslinker, and HUVECs in fibrinogen solution as the interfacially polymerized material.
We initially prototyped this workflow using A549 epithelial-like cells as a proxy for ECs. We
found that 5 min crosslinking of the cell-laden fibrinogen was sufficient to entrap a uniform layer
of cells around the circumference of the channels in a planar serpentine architecture. Addition of
xanthan to the cell-laden fibrinogen increases the density of the suspension to prevent cell settling
and inhomogeneous distribution of entrapped cells. Presence of cells along the lumenal surfaces
was observed to be dependent on the presence of crosslinker (Fig. 3.9), implying that the vast
majority of cells lining the channels are entrapped in the polymerized layer and not adhered on the
surface of the underlying channel.
Establishing a layer of cells along the surface of a channel is necessary but not sufficient for the
maturation of a monolayer endothelium. The formation of a monolayer from the interfacially polymerized ECs requires that the ECs remodel the fibrinogen and migrate to form cell-cell junctions
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Figure 3.9 : Interfacial polymerization permits rapid entrapment of cells along
channnel lumen. Here we demonstrate the feasibility of seeding lumenal cells through interfacial polymerization using A549 cells (H2B-mOrange2). Gels are fibrinogen (20 mg mL−1 fibrinogen) crosslinked with thrombin (2.5 U mL−1 ). Thrombin was allowed to fully dissolve out of the
crosslinked gel before the experiment began and additional thrombin was either injected (15 min
incubation) or omitted in the negative control. A549 cells were injected in 10 mg mL−1 fibrinogen
at a density of 30×106 cell mL−1 and allowed to crosslink for 5 min before flushing through with
sterile PBS.
characteristic of native endothelium. Based on earlier studies of HUVEC morphogenesis in fibrin
gel droplets, we hypothesized that the requisite 3D migration would occur radidly enough to give
rise to an endothelial monolayer over a roughly weeklong time course.
We proceeded to longitudinally image HUVECs seeded in a perfused serpentine network following seeding through interfacial polymerization. A mixed population of GFP- and RFP-labeled
HUVECs were used to visualize more clearly the morphology of individual cells. As expected ECs
migrated from a rounded morphology upon initial interfacial seeding and spread extensively over
a week in culture (Fig. 3.10). Confocal imaging after a week of perfusion demonstrated uniform
coverage around the channel and showed that the ECs had formed a putative compacted monolayer
along the channel surface with close interdigitation of adjacent individual cells.
Current studies are underway to assess the effect of fibrinogen density and flow rate on morphogenesis of interfacially seeded ECs, as well as to characterize the patency of the monolayer in
terms of VE-cadherin and ZO-1 expression.
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Figure 3.10 : Endothelial cell morphogenesis following seeding through interfacial polymerization. Initially after interfacial polymerization, a population of human umbilical vein ECs
(HUVECs; mixture of red and green fluorescently labeled) have a rounded morphology reflective of
their suspended state within the pre-hydrogel. Over several days, however, the HUVECs adopt a
spread morphology and begin to migrate towards one another to form a putative monolayer. Confocal cross-sections through a seeded channel illustrate tightly packed HUVECs along the channel
wall in an apparent monolayer. Primary gel is 20 mg mL−1 fibrin, interfacially polymerized gel is
10 mg mL−1 fibrin.
3.4.2

Methods

Endothelialization by rotational seeding
Human Umbilical Vein Endothelial Cells (HUVEC; GFP-labeled; Angio-Proteomie; passage 4-7)
were grown in complete Vasculife media (Lifeline Cell Technologies) supplemented with 1% penicillin/streptomycin. IMR-90 lung fibroblasts (ATCC) were grown in F-12K media (ATCC) supplemented with 10% FBS and 1% penicillin/streptomycin. Sacrificially templated GelMA gels (10
wt%; planar dendritic architecture) were prepared with or without encapsulated IMR-90 fibroblasts (2.5e6 cells mL−1 ) and catheterized inside custom perfusion chambers (as described above)
prior to HUVEC injection. HUVECs were re-suspended to a density of 30e6 mL−1 for seeding and
slowly injected into the channel via the catheter. To encourage uniform HUVEC adhesion, gels
were seeded for six hours at 37 ◦ C and rotated 90 degrees every 15 minutes. After the seeding
period, gels were perfused with complete Vasculife media (HUVEC-only gels) or a 1:1 mixture of
Vasculife:F12-K media (HUVEC gels with IMR-90). The flow rate was set to 5 µL min−1 for the
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first 24 hrs, 10 µL min−1 for the next 24 hours, and 20 µL min−1 thereafter. More information on
this seeding protocol can be found in Section 3.4.1.
Endothelialization by interfacial polymerization
HUVECs were cultured as above and resuspended at 30×106 cell mL−1 in 5 or 10 mg mL−1
fibrinogen with .0625% xanthan. Fibrin gels (20 mg mL−1 ) were incubated with excess thrombin
(5U mL−1 ) for 15 min, then flushed with PBS prior to HUVEC injection. HUVEC suspension was
injected and allowed to polymerize for 5 min before flushing through with PBS. Interfacially seeded
gels were perfused at 5 µL min−1 with no media recirculation.
Fluorescence imaging
Wide-field fluorescence imaging was performed on a Ti-E inverted microscope (Nikon) equipped
with Zyla 4.2 sCMOS camera (Andor), using a motorized stage to acquire large area scans. Rolling
ball background subtraction was applied to the IMR-90 channel to improve visualization. Confocal
imaging was performed on an A1-Rsi laser scanning confocal microscope (Nikon), and volume
reconstruction of confocal z-stacks was performed in Imaris software (Bitplane).
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Chapter 4
Methods and open-source technologies for perfusion tissue culture
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4.1

Introduction

Diffusion of nutrients and oxygen from patterned vascular networks can sustain large tissues by
meeting their mass transport needs; however, active bulk fluid perfusion is required to replenish
these metabolites. Indeed, we53,78 and others51,150 have shown that in the absence of steady perfusion, even cells cultured in close proximity to a vessel become rapidly necrotic. Moreover, shear
stresses imparted by fluid flow are a key signaling cue for endothelial cells (ECs) lining the vasculature; low levels of shear are required for maintenance of healthy monolayer morphology and
elevated shear is a potent inducer of EC morphogenesis13–15. Thus, strategies to control fluid
flow through patterned vascular networks are becoming crucial aspects of experimental design for
regenerative medicine.
The need for fluid perfusion through patterned vascular networks in model tissues is superficially similar to the need in the microfluidics community to interface microfluidic channels with
external reagent sources.151 Poly(dimethylsiloxane) (PDMS)-based microfluidic devices (including
many organ-on-chip type microphysiologic systems152,153 ) can be connected by inserting tubing or
a blunt needle directly into a hole punched into the PDMS; the high static friction (“stiction”) and
hydrophobicity of the elastomer creates an effective seal which can withstand high pressure.154,155
While some perfusion tissue culture models have followed this paradigm,156 the more compliant
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mechanics of typical hydrogels and engineered tissues pose problems for direct cannulation; furthermore, perfusion culture of tissues which are even partially exposed to the environment raises
their susceptibility to contamination.
In light of these design requirements, investigators have begun to perform multi-day or multiweek perfusion culture by encasing their samples within a protective chamber which may also
help to secure needles or tubing into the inlet(s) and outlet(s) of the vascular network. As vascular biofabrication approaches have proliferated, such perfusion culture chambers have largely
been developed on an ad hoc basis to meet the needs of a specific experimental design. Some
existing designs utilize molded PDMS-based chambers,83,157,158 large-diameter silicone tubing,159
or machined polycarbonate27,52,160 or poly(methyl methacrylate),161 while others leverage silicone
elastomer extrusion to additively manufacture a flow chamber.48,49,52 While the perfusion chamber
designs highlighted above are undoubtedly effective, their fabrication may require costly equipment
and significant expertise, thereby presenting a barrier to entry for perfusion tissue culture.
As with perfusion chambers, protocols for endothelial cells (EC) seeding have been developed
independently by different research groups and are documented in varying levels of detail across
the literature. Similarly, perfusion culture components and assembly workflows are not completely
documented or standardized. Overall, the field has lacked a comprehensive set of published protocols to serve both as a guide for investigators new to endothelialization and perfusion workflows,
and as a reference point to improve standardization and reproducibility between research groups.
The use of perfusion culture models to study biology, physiology, and toxicology continues to
grow in both academic and commercial settings.162 In addition to the examples we have referenced already within regenerative medicine, perfusion models (primarily utilizing PDMS microfluidics) have been used to investigate cancer progression,163 healthy and diseased endothelial permeability,145 hemodynamics,164 drug discovery and preclinical testing,165,166 interactions between
tissues,167,168 fundamental biological pathways,144 transport of bioactive molecules,169 and many
organ-specific diseases. As these types of experiments continue to find new applications, and as
hydrogels containing perfusable vascular networks become more advanced and more accessible, we
believe that the resources presented here will help lower the barrier to entry for new researchers
while offering a starting point for greater standardization of methodology.
In the context of this thesis, this chapter presents a set of tools which were developed as a
coherent infrastructure for culturing engineered tissues under active, sterile fluid perfusion. These
resources were necessary for performing all of the perfusion experiments described in Ch. 3 and 5,
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and have also been adopted across projects in our research group.

4.2

Open-source, customizable perfusion chambers

To culture an engineered tissue construct under sterile fluid perfusion, the construct should be
isolated within an air-tight chamber with catheters inserted into the inlet and outlet of the vascular
channels. Chambers must be completely sealed to prevent contamination and to prevent the gel or
tissue construct from dehydrating. We approached the development of tissue perfusion chambers
with the following design criteria: 1) chambers should create an air-tight and sterile seal between
the tissue and outside environment; 2) the design should be easily modified so as to accommodate a
range of gel sizes and vascular network architectures; 3) chambers should be compatible with rapid
prototyping and made from easily sourced and inexpensive supplies; 4) chambers should permit
longitudinal optical imaging through the bottom of the gel; 5) chambers should be re-usable after
sterilization; and 6) chambers should permit sample recovery and end-point analyses following
perfusion culture.
Our solution (Fig. 4.1) uses an open-source script in the OpenSCAD language to generate 3D
printable models with user-defined parameters to describe the geometry and features needed for
a specific chamber design. Glass microscope slides form the top and (optionally) the bottom of
the 3D printed chamber to permit visual evaluation and optical imaging. Poly(dimethylsiloxane)
(PDMS) is cast to form a custom molded gasket which creates an air-tight seal between the 3D
printed chamber and the glass top. PDMS can also be cast into void spaces in the chamber body to
form additional elements such as needle gaskets, which help create a tight seal around the inserted
catheters, or anchors, which can improve the adhesion of a glass chamber bottom (both depicted
in Fig. 4.1b). The chamber is held together with standard metric nuts and bolts, which apply the
requisite pressure needed to create a fluidic seal.
The parametric design is compatible with a wide range of gel geometries and the open-source
script can be further extended to incorporate additional functionalities. We routinely produce
batches of ten or more chambers for experimental designs involving many gel replicates, and the
chambers can be repeatedly sterilized in 70% ethanol and re-used. With the exception of occasional
leaks or, very rarely, observed contamination, we have employed variations of these chambers to
successfully maintain sterile perfusion through hundreds of gels composed of a range of materials
and generated through distinct fabrication strategies.53,78 In Appendix D, we provide a stepwise
protocol for preparing these chambers, which follows the workflow schematized in Fig. 4.2.
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Figure 4.1 : Customizable open-source chambers for sterile perfusion culture. a) Our
open-source design for tissue perfusion chambers combines a 3D printed body and lid with glass
top and bottom surfaces, and employs a PDMS gasket to achieve an air-tight seal. Top-down view
illustrates that the 3D printed body helps to guide Luer tips into the inlet and outlet of the vascular
network. b) Assembly of a chamber with transparent glass bottom highlights optional chamber
features which can enhance functionality. Void spaces in the printed chamber form cavities for
casting PDMS needle gaskets as well as “anchor traps” for casting PDMS which helps to “anchor”
the glass bottom to the printed chamber. c-e) Overview of customizations available for chamber
designs. We highlight a chamber with a solid plastic bottom (c) for experiments not requiring
imaging through the bottom, and a chamber with multiple sets of catheters (d) which allows
perfusion of distinct media formulations through the vascular network and around the bulk gel.
Extra screws and integrated fins (e) are useful for perfusing relatively large gels and for vertically
orienting the chamber during perfusion. All scale bars = 20 mm.

4.3
4.3.1

Endothelialization and perfusion of engineered tissues
Endothelial cell seeding

For engineered vascular networks to be useful as physiologically relevant models of the mammalian
vasculature, they must be able to support a stable monolayer of endothelial cells (ECs). While
some fabrication strategies incorporate ECs by encapsulating them in a solid matrix,40,122,170 such
constructs are not immediately perfusable. Therefore, we consider here the introduction of ECs
into patterned networks of perfusable hollow channels.
For engineered tissues composed of cell-adhesive materials, ECs naturally settle and attach to
exposed surfaces. Our protocol is therefore based on the injection of a high-density EC suspension
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Figure 4.2 : Fabrication and assembly guide for custom perfusion chambers. This series
of schematics illustrates the steps described in our protocol for sterile gel perfusion. Chambers are
assembled using three 3D printed parts generated parametrically through an OpenSCAD script
The body in the schematized design contains cast PDMS anchor traps to improve the adhesion
of the glass slide, as well as cast PDMS needle gaskets to tighten the seal around the Luer tips.
Stepwise instructions for this assembly guide are included in Appendix D.
into the vascular network. As has been reported elsewhere,47,52,171 cylindrical vessels and networks
thereof can be seeded with a high degree of uniformity if ECs are allowed to settle onto all of the
lumenal surfaces, generally by rotating the construct repeatedly. The focus of this protocol has
been to make this process reproducible and scalable while minimizing potential for introduction
of air bubbles, which can disrupt EC adhesion, lodge within channels and alter fluid flow paths,

69
and/or impede longitudinal imaging of ECs.

Figure 4.3 : Achieving uniform, endothelialization in perfusable networks of cylindrical
vessels. a) We seed ECs by injecting a high density suspension (30×106 /mL) into the lumen of
the vascular network. With the syringe held in place at the inlet, the outlet is capped to contain
the cell suspension within the channel. To ensure coverage along the contours of the entire lumen,
cells are allowed to adhere in 15 minutes increments separated by 90◦ rotations. Rotational seeding
is performed while keeping the closed, sterile chamber in a standard tissue culture incubator. b)
To facilitate scale-up, we introduce automated gel flipping via an open-source Arduino-controlled
device which uses a stepper motor to rotate the gel through a user-defined angle at programmed
intervals. Our multiplexed flipper design (see Section 4.3.2) features reconfigurable gears which
can accommodate perfusion chambers in a variety of shapes, sizes, and numbers. c,d) The duration
of rotational incubation influences long-term endothelialization. Two hours of rotational seeding
led to relatively sparse human umbilical vein EC (HUVEC, GFP) coverage which decreased after
perfusion began (d). In contrast, four- and six-hour seeding durations led to uniform coverage
which increased from Day 0 to 2 and approached the estimated complete coverage (gray dashed
line). Gels were fabricated using 10 wt% gelatin methacrylate (GelMA) supplemented with 3.25
wt% poly(ethylene glycol) diacrylate (PEGDA, 3.4 kDa). HUVEC coverage was estimated with
a custom MATLAB script. Significance was determined by one-way ANOVA followed by Tukey’s
multiple comparisons test. *p<0.05, ***p<0.0001; scale bar = 1000 µm.
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The protocol as schematized in Fig. 4.3 has proven effective for seeding ECs as well as epitheliallike cells in engineered models of the lung airway.53 Indeed, given the cost and relative fragility of
many ECs, we have found it helpful to validate and practice these protocols using lower-cost and
hardier cell types, such as A549 epithelial-like cells. Moreover, we provide guidelines for EC seeding
duration based on our experience primarily with gelatin methacrylate (GelMA)-based gels, but we
suggest that efforts to endothelialize new material formulations begin with a study characterizing
cell adhesion as a function of seeding duration.
4.3.2

Initiation of perfusion culture

After initial endothelialization, sterile fluid perfusion must be applied through the vascular network in order to impart dynamic flow regimes to the shear-sensitive endothelium. Our protocol
(Appendix D) continues to emphasize precautions against contamination and air bubbles and
was developed with throughput and scale-up in mind. In particular, we designed the perfusion
apparatus with a high-precision multi-channel peristaltic pump and media reservoirs which can be
sterilely refilled. The multi-channel pump is much more space-efficient for perfusing multiple gels
than a set of syringe pumps, and the refillable media bags decrease the risk of contamination when
media is replenished during long-term perfusion. Additionally, the peristaltic pump is compatible
with recirculating flow loop perfusion (Section 4.4.1).
We include a list of components including all connectors and tubing needed for long-term
perfusion (Fig. 4.4) and we provide demonstrative images for effective priming and reduction of
air bubbles (Fig. 4.5). Moreover, we share suggestions for initiating perfusion without disrupting
EC adhesion. We believe that this perfusion system can be readily adopted and enable powerful
studies in vascular tissue engineering.
To characterize the attachment and subsequent spreading of ECs, we fabricated perfusable
serpentine vascular architectures with channel diameters of 500 µm using projection stereolithography.53 These vessels are embedded within cytocompatible GelMA/PEGDA composite hydrogels
composed of over 80% water that support robust endothelial cell attachment.53 We demonstrated
that after endothelializing such 3D printed vessels, we can establish a closed fluidic connection to
control perfusion.
Our data has consistently shown that rotational EC seeding duration influences the degree of
endothelial coverage, both in terms of immediate attachment as well as monolayer stability after
several days of perfusion. While ECs may settle and lightly attach to a cell-adhesive surface within
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Figure 4.4 : Assembly guide for connecting vascularized gels for sterile perfusion. This
component list and photograph set illustrate the connections between components as described in
Appendix D. Note that the stopcock is oriented to allow flow from the media bag to the pump
and to the gel. All tubing and Luer tips should be primed to expel air bubbles, see Fig. 4.5 for
details on connecting tubing to an endothelialized gel.
minutes, the ECs within perfusable vessels must adhere strongly enough to withstand the onset of
flow. Here, we evaluated a range of seeding durations (2, 4, and 6 hours) before subjecting the
vascular network to perfusion. Immediately after seeding, gels seeded for 2 hours appeared more
sparsely coated with human umbilical vein ECs (HUVECs) than those seeded for 4 or 6 hours
(Fig. 4.3c); quantification corroborated a significant difference between 2 and 6 hour seeding
conditions. The effects of seeding duration were also evident after 2 days of perfusion culture: 2
hour rotational seeding resulted in significantly lower GFP signal compared to 4 or 6 hour conditions
(Fig. 4.3d). In the 4 and 6 hour seeding conditions, HUVECs were stable and coated an increasing
portion of the lumenal surface over two days perfusion, while coverage decreased on average for
gels seeded for 2 hours.
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Figure 4.5 : Establishing a sterile fluidic connection for perfusion culture. a) Media bags
are filled via syringe through a sterile filter to prevent contamination within the tubing assembly.
b) The stopcock connector downstream of the media bag enables flow to be redirected temporarily
for media refilling. The sterile filter remains connected but capped throughout perfusion culture.
c) We leverage gravity-driven flow to prime the entire tubing assembly by elevating the media
bag and controlling flow with the stopcock. d) Air bubbles are prevented from entering the gel
by priming all connectors before perfusing through them. Excess media is pipetted into the gel
inlet Luer tip (top panel) and flowed through the tubing assembly. When the final tubing-to-gel
connection is made (inset), a liquid interface forms across the connectors and prohibits any air
bubble entrapment.
These results suggest that a minimum amount of time is needed for HUVECs to adhere to
the lumen substrate before the introduction of perfusion culture. Whereas a relatively short 2
hour seeding ultimately led to a loss of attached cells over time, longer-term rotation (4-6 hours)
appeared to permit HUVECs to adhere strongly enough to withstand the shear stress from perfusion
and to produce a putative endothelial monolayer over time. While we have thus identified a
specific, optimal time range for one hydrogel material, we encourage conducting a similar timing
optimization when exploring endothelialization of new materials.
Over the course of a more extended perfusion duration, we observed the formation of a stable
endothelial monolayer by ECs, presumably as a response of the ECs to shear stress. While initial
endothelialization resulted in rounded, yet adhered cells along the lumen walls (Fig. 4.6a), the
majority of the adhered cells began to flatten out and spread over the first three days. By day 3,
we observed the formation of a monolayer that was maintained over the course of the week, still
lining the entire lumenal surface of the vessel at day 6. Further, we noted that ECs appeared to
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Figure 4.6 : Endothelial cells form confluent monolayers within vascular networks
under perfusion. a) HUVECs (GFP) have an initially rounded morphology at Day 0, but adopt
a spread morphology attributed to the effects of fluid shear. As a result, the adhered cells converge
to form a confluent monolayer within the cylindrical lumen over time. Scale bars = 1 mm for
whole gel images, 200 µm for insets. b) A representative cross section (gel cut with razor blade)
demonstrates complete and homogeneous adhesion around the circumference of the cylindrical
lumen, maintaining patency throughout the duration of perfusion culture. Gels were fabricated
using 10 wt% GelMA supplemented with 3.25 wt% PEGDA (3.4 kDa) and perfused at 5 µl/min
imparting approximately 0.03 dyn cm−2 at the wall; scale bar = 1 mm.
orient along the axis of flow, a further indication of the endothelium’s sensitivity to mechanical
stimuli such as shear stress.144,172,173
We also show here that our protocols support the formation of monolayer endothelium which is
uniform around the circumference of a cylindrical vessel. In cross-section, the endothelial coverage
is visibly uniform and patent (Fig. 4.6b). Such endothelial homogeneity, as we have reproducibly
observed after following the procedures detailed above, is a hallmark of native endothelium and
thus a key element of any model aimed at recapitulating it.
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Open-source gel flipping system
To facilitate the automation and scale-up of EC seeding using this protocol, we introduced an
open-source gel flipping system which can be assembled using our digital design files and provided
instructions. The flipping system (Fig. 4.7) utilizes a modular configuration of interlocking gears
which hold the EC-injected tissue constructs and rotate in synchrony to provide the requisite
shift in orientation (Fig. 4.3b). Gear customization can make the flipper compatible with an
extensive range of gel perfusion chamber designs and gel sizes. The system is driven by a lowcost Arduino microcontroller circuit which can be assembled from provided schematics with basic
soldering equipment and knowledge.

Figure 4.7 : Open-source multiplexed gel flipping system. A customizable tool for automated endothelial cell seeding in patterned vascular networks.

4.4

Low-cost Arudino-based peristaltic pump

Fluid pumping equipment is a critical need for longitudinal perfusion experiments. As mentioned
in Section 4.3, peristaltic pumps have emerged as the preferred mechanism for pumping since
they do not require direct contact between the pump and the fluid, they occupy a smaller footprint
than most syringe pumps, and they can be connected to large fluid reservoirs including recirculating configurations (see Section 4.4.1). Many of our experimental designs utilized high-precision
commercial peristaltic pumps (as photographed in Fig. 4.4), but such pumps are best suited for a
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regime of low flow rates and are expensive to scale up.
We sought an open-source and low-cost solution to increase pumping capacity at high flow rates
for experiments in thick volumetric tissues. Published designs exist,174 but not all the parts can
be 3D printed and the design requires the pumps to be tethered to a separate controller unit. To
address this gap in available tools, we developed a standalone Arduino-controlled peristaltic pump
(Fig. 4.8).

Figure 4.8 : Open-source standalone peristaltic pump. a) Pump rendering highlights
elements of the controller and mechanical design. b) Photograph of an assembled pump with
peristaltic tubing. c) Calibration of the pump highlights a linear increase in measured flow rate
with increased pump speed.
The pump utilizes a NEMA17 stepper motor to provide torque to a set of 4 peristaltic rollers in
order to induce flow by deforming a tensioned length of silicone tubing. Speed control is achieved
with an Arduino controller in two modes of operation: a manual mode, where the user specifies
the pump speed by adjusting a potentiometer knob, and a pre-programmed mode where the pump
firmware is modified to specify the pump speed over a defined time course. The complete controller
is integrated into the device, so tethering to an external computer or microcontroller is required.
Flow rates ranging from tens of microliters to hundreds of milliliters per minute are achievable
depending on the tubing diameter and pump speed setting. Each standalone pump can be assembled
for ∼✩60 (2 channels of pumping), while a 12 channel high-precision pump costs about ✩5000; on a
per-channel basis, these pumps offer nearly a 10-fold cost savings while introducing a higher degree
of programmability and customization.
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4.4.1

Recirculating flow-loop apparatus

In large architectures where high flow rates are needed to effectively replenish oxygen throughout
the tissue volume, media recirculation is desirable to conserve media. Indeed, a gel perfused at 1
mL min−1 would require 10 L of media per week in the absence of recirculation, and much of the
nutrients in the media would not be metabolized. In contrast, recirculation allows the same gel to
be supported with 100-500 mL media per week, depending on the rate of media exchange.

Figure 4.9 : Flow-loop configuration with Arduino pump. Schematic of flow-loop apparatus
highlights the capacity to longitudinally sample recirculating media through the sampling valve,
and replenish from the hanging I.V. bag (left). Photo of the flow-loop assembly in the incubator
during a week-long primary hepatic gel perfusion experiment (right).
The flow loop design (Fig. 4.9) utilizes the standalone Arduino-based pump to circulate media
between the gel and a Pyrex reservoir bottle. Because nutrients in the media accumulate over
time, as do cellular metabolites which may be of interest for analysis, we include mechanisms
for sterilely removing media for sampling and sterilely adding fresh media. Media is removed by
suction with a syringe through a one-way Luer check valve after diverting the flow with a Luer
stopcock. Fresh media is added from a hanging IV bag which feeds into the return tubing from the
gel to the media reservoir. All connections between components remain throughout fluid removal
and addition to lower the risk of contamination. This design was used for the primary hepatic gel
perfusion experiments described in Section 5.4.
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Chapter 5
Mass transport and engineered tissue function
Portions of this chapter have been published in Ref. 78
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5.1

Introduction

With the recent development of techniques to create perfusable fluidic channels in hydrogels, it is
now possible to characterize transport phenomena that emerge in the surrounding gel volume. This
quantification represents both a fundamental study of the microenvironment experienced by cells in
the interstitial space, as well as an opportunity to develop design criteria for vascular architectures
in engineered tissues. We hypothesized that in perfused hydrogels, tissue oxygenation would be a
function of proximity to engineered vascular channels, and in part, the spatial distribution of cell
activity would conform to classical models of oxygen transport in tissue such as the Krogh model.
We begin this aim with a simple single-channel model reminiscent of the Krogh tissue cylinder
and build complexity in architecture (from single-channel to 3D dendritic network) and in physiologic relevance (from cell line to primary cell aggregate). We focus on quantitative spatial mapping
of metabolic function and probe how oxygen and nutrient gradients emanating from perfused vessels
give rise to patterns of heterogeneous function.
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5.2
5.2.1

Interplay between diffusion and proliferation in tissue metabolic output
Results and discussion

To investigate the mass transport requirements of engineered model tissues, we examined heterogeneous spatiotemporal patterns of cell metabolism which emerge in hydrogels fabricated using
SLS-CaST. Because the vasculature is responsible for sustaining metabolically active tissues, assessing the metabolic output of cell populations in the vicinity of patterned channels is a key step
towards elucidating design requirements for engineered vascular networks. Metabolic activity offers
a more functional readout than permeability-based live/dead stains, which have been the primary
metric of cellular activity in the context of heterogeneous mass transport.35,84,159,175 HepG2 liver
cells were identified as a model cell type for characterizing spatiotemporal changes in metabolic
activity owing to their high metabolic rate, rapid expansion in culture, and widespread use in
toxicology models. Inspired by previous visualizations of metabolic activity in 3D constructs,21
we began by validating a workflow for staining cell-laden hydrogels with the water-soluble tetrazolium compound MTT (3-(4,5-Dimethylthiazol-2-yl)-2,5-Diphenyltetrazolium Bromide), which is
reduced in metabolically active cells to a purple formazan precipitate. Metabolic activity in initially
homogeneous cell populations became confined within several hundred microns of the gel surface
over four days (Fig. 5.1). By extracting the intensity profiles of MTT gradients, we observed a
reproducible decay in MTT intensity extending from the gel surface towards the center.
To gain insight into the metabolic output of gels with high and low seeding densities, we
investigated spatial patterns of HepG2 activity in a perfused single-channel architecture fabricated
via SLS-CaST (Fig. 5.2a). At both low and high seeding densities, we found that an annular zone of
cells in close proximity to the perfused channel maintained their metabolic activity while metabolic
output elsewhere attenuated by day 3 (Fig. 5.2b,c). These trends are consistent with previous
viability data84 and mathematical models of oxygen diffusion and consumption,175 indicating that
the cells closest to the channel consume and deplete all of the oxygen, thereby leaving none for
those cells lying outside a characteristic radius (the Krogh radius).54
In gels seeded at low density (10×106 cell mL−1 ), we observed escalating gradients of metabolic
activity (Fig. 5.2d) and proliferation (Fig. 5.2e) beyond the channel wall at days 3 and 7. At this
density, cells proliferate at the channel interface and consume an increasing amount of oxygen and
nutrients, thereby further depleting the amount available to more distant cells and reducing the
size of the metabolically active zone of tissue. Similar escalating gradients have been predicted in
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Figure 5.1 : Quantitative spatial measurements of metabolic activity. A cell-laden gel
cube (10×106 cell mL−1 in 2 wt% agarose) illustrates the measurement of spatial gradients in cell
activity. MTT staining of live gel slices (a) shows that over four days, a homogeneous metabolically
active cell population develops spatially heterogeneous cell activity along the gradient of oxygen/nutrient diffusion (b). Negative controls showed essentially zero background reduction of MTT. Scale
bar = 1 mm. c) Spatial profiles of metabolic activity extracted from stained slices demonstrates
the sharp decline in metabolism over several hundred microns. Figure originally published in Ref.
78.
mathematical models examining the evolution of oxygen tensions and cell densities in proliferating
cell populations.176,177 In contrast, high density gels (initially 10×106 cell mL−1 ) showed lower
levels of proliferation in the first three days with monotonic decreases in metabolic output over all
seven days (Fig. 5.2c). Consequentially, the metabolically active radii at high and low cell densities
converge towards the same value over time (Fig. 5.2f ), as does the total metabolic output of the
entire gel (Fig. 5.2g). Dissolving the MTT formazan from stained gel slices and measuring optical
absorbance also allowed us to accurately assess total metabolic output (Appendix E).
These data demonstrate that at steady state, a static vascular network can support a fixed
amount of metabolic output from a given cell type, irrespective of the initial conditions. We
conclude that for highly metabolic and proliferative cell populations, engineered tissues should
be seeded at relatively low cell density; seeding at a high density amounts to a waste of cells
which will quickly die due to hypoxia. These findings also emphasize the need for methodology to
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Figure 5.2 : Assessment of metabolic activity in perfused model tissues. a-c) Cell-laden
gels perfused with media over a one-week period (a) develop a characteristic annular region of
highly active cells, beyond which occurs a sharp reduction in activity (b,c). Scale bars = 500 µm
(magnified view) and 1 mm (inset). Radial profiles of metabolic activity in gels seeded at 10×106
cells mL−1 show escalating gradients in metabolic activity and proliferation emanating outward
from the perfused channel, accompanied by attenuation of metabolism outside of an increasingly
narrow active zone. In contrast, gels seeded at 10×106 cell mL−1 do not exceed their initial
metabolic activity and reach a steady state in terms of their spatial profile after day 3. d,e)
Quantifying the average slope of the MTT and nuclear staining gradients in (b,c) demonstrates
the substantive escalation (that is, steepening) of the magnitude of these gradients over time,
especially in gels seeded at lower density (10×106 cell mL−1 ). f ) The functional metabolic radius
(measured by the inflection point of the MTT spatial profile, Appendix E) converges near 100
µm for gels seeded at 10×106 and 10×106 cell mL−1 . g) Total metabolic output of perfused gels
(normalized by gel volume) also converges towards the same value for both initial seeding densities,
underscoring that a static vascular architecture can support a fixed level of metabolic output from
a particular cell type. h) Design of a branched vascular network containing two parallel channels
spaced according to metabolic activity analysis. Because gels seeded at 10×106 cell mL−1 display
a 200 µm functional radius at day 3, gels with channels spaced at 400 µm apart (f, measured inner
edge to edge) exhibit homogeneous metabolic activity between the channels. In contrast, gels with
channels spaced at 800 µm apart (g) have a significant dead zone between the channels. Scale bars
= 300 µm. For (d-g), data are mean±s.d.; n= 3 gels (nuclear staining at 10×106 cell mL−1 ), 5
gels (MTT at 10×106 cell mL−1 ), or 6 gels (10×106 cell mL−1 gels); ns = not significant, * p <
0.05, ** p < 0.01, *** p < 0.001 (t-test). Figure originally published in Ref. 78.
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unify dynamic microscale vasculature (capillaries self-assembled by endothelial cells) with patterned
meso-scale vascular networks to create truly multiscale architectures capable of delivering oxygen
and nutrients to the entire volume of engineered tissues.
We next used the results of single-channel gel metabolic characterization to design branched
vascular networks. We hypothesized that by spacing parallel channels according to the metabolically
active (Krogh) radius, cell death would be prevented in the zone between them. As a corollary,
overspaced channels should display a significant dead zone. MTT staining of these architectures
confirmed this hypothesis (Fig. 5.2h) and served as a preliminary proof-of-concept demonstration
that spatiotemporal characterization of cell populations in simple architectures such as a cube or
single-channel gel can be used to elucidate design principles for more complex vascular networks.
5.2.2

Methods

Preparation and perfusion of cell-laden gels
HepG2 hepatoblastoma cells (ATCC) were grown in Dulbecco’s modified Eagle’s medium (DMEM,
4.5 g L−1 glucose; Corning) supplemented with 10% fetal bovine serum (FBS; Atlanta Biologicals),
1% penicillin/streptomycin (Life Technologies) and 1x non-essential amino acids (Caisson Labs).
Cell-laden agarose gels were prepared by resuspending the appropriate number of cells in complete
media to half the desired gel volume. This cell suspension was combined with an equal volume of
sterile low-melt agarose (4 wt% in PBS, heated to 60 ◦ C, then cooled to 37-42 ◦ C before mixing
with cells). The cell suspension and agarose were vigorously mixed for approximately 60 seconds
using a positive displacement pipettor (Microman E, Gilson) prior to dispensing around a carbohydrate template and cooling to 4 ◦ C for 5-10 minutes. The carbohydrate template was removed
by incubation in media for 10-15 minutes, assisted by gently flushing through the channels with
media via syringe.
Gels were prepared for multi-day perfusion culture by catheterization inside a custom designed
perfusion chamber cassette (Section 4.2). To prevent the catheters from damaging or slipping out
of the channels, the gel was immobilized by dispensing additional acellular agarose to fill the entire
perfusion chamber. After this additional agarose solidified, the perfusion cassette was assembled
by capping the chamber with a glass slide and tightening screws to secure the assembly.
Single-channel gels were connected in a straight flow path where complete media was pumped
from a syringe or media bag, through a sterile filter (0.22 µm polyethersulfone), through the
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gel, and into a waste container. The various components of the flow path were connected using
silicone microbore tubing (Tygon, Cole-Parmer). Media was pumped at a flow rate of 25 µL min−1
using either syringe pumps (NE-300; New Era Pump Systems) or a multichannel peristaltic pump
(Ismatec, Cole-Parmer).
Gel sectioning and measurement of metabolic activity
Prior to staining, gels were removed from culture and live sectioned into 200 (Fig. 5.1) or 300
(Fig. 5.2) µm slices on a vibrating microtome (VT1000S, Leica). For sectioning, gels were adhered
to a metal stage with cyanoacrylate glue and submerged in room temperature DMEM (sectioning
media: serum-free, phenol red-free, 1% penicillin/streptomycin). Immediately after sectioning, gel
slices were stained with MTT solution to measure metabolic output.
To prepare MTT stock solution, 3-(4,5-Dimethylthiazol-2-yl)-2,5-Diphenyltetrazolium Bromide
(MTT; Bio Basic Inc.) was dissolved in PBS (5 mg mL−1 ), sterile filtered, and stored at -20
◦ C.

MTT staining solution was prepared by mixing equal volumes of thawed stock solution with

sectioning media, then added to gel slices until they were entirely submerged. After 30 minutes,
MTT staining solution was aspirated and gel slices were fixed in paraformaldehyde (4%; Electron
Microscopy Sciences) for 30 minutes. After fixing, slices were incubated in nuclear stain (3 µL
mL−1 Nuclear Green LCS1; Abcam), then washed in PBS (3x, 30 minutes) before imaging.
Stained gel slices were imaged on a stereoscopic microscope (SteREO Discovery.V8; Zeiss)
equipped with a DSLR camera (EOS 5DSR; Canon). MTT formazan signal and nuclear stain were
imaged successively for each slice without disturbing the slice position. Spatial profiles of MTT
and nuclear staining intensity were extracted using custom MATLAB functions. Briefly, for each
slice, the nuclear stain image was thresholded and the edge profile of the channel was segmented
using functions in the MATLAB image processing toolbox. A distance transform was performed to
organize MTT and nuclear stain intensity values as a function of their distance from the channel.
For MTT spatial profiles, images were inverted so that more intense staining corresponds to a larger
grayscale intensity; the inverted greyscale intensities are reported directly. Nuclei spatial profiles
are reported in relative intensity after normalizing each image to points far from the perfused
channel.
Total MTT signal was measured from imaging data by summing the relevant pixel intensities
and independently by optical absorbance. Gel slices were incubated in acidified isopropanol (4
mM HCl) for 2-4 hrs at 37 ◦ C to dissolve the formazan product. Following centrifugation of
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the remaining gel material, the supernatant was transferred to a 96-well plate and absorbance was
measured at 590 nm on a plate reader (Tecan).178 When MTT formazan was dissolved from variable
amounts of starting gel material, the absorbance value was reported per unit mass of gel ([AU/g]).
To determine functional radii of metabolic activity, we smoothed the spatial MTT profile using
a five point moving average in MATLAB, then found the first inflection point by differentiating
twice with respect to distance and identifying the zeros of the second derivative. Inflection points
occurring at radial distances before the main MTT peak were excluded. This metric for functional
metabolic radius was validated empirically (Appendix E). To compare the steepness of various
gradients, we adopted a simplified metric for average gradient slope (AGD) which is unaffected
by the variable shape of the spatial profiles we measured, and specifically by the fact that the
experimentally measured profiles are actually biphasic (that is, the signal increases and reaches a
peak before decaying). We found the first inflection point after the peak (xip ; f ′′ (xip ) = 0) and
computed the AGD as follows, where f (x) represents the normalized signal (MTT or nuclei) as a
function of distance: AGD =

5.3
5.3.1

f (xip )−max(f (x))
.
xip

Perfusion of dendritic networks within cell-laden hydrogels
Results and discussion

We found that generative three-dimensional dendritic architectures with extensive unsupported
branching and filament tapering could be fabricated using carbohydrate SLS (Fig. 5.3a) and that
all filaments in the volume were intact and contiguous (Fig. 5.3b). The corresponding vascular
network (Fig. 5.3c) was patent and could be fully perfused when patterned in an agarose gel (2
wt%) via SLS-CaST (Fig. 5.3d). In perfused HepG2-laden gels with this dendritic architecture,
we observed characteristic annular patterns of MTT-positive cells surrounding most channels after
three days (Fig. 5.3e), as well as nuclear staining patterns which indicate proliferation within these
same regions. MTT and nuclear staining intensity did not vary significantly along the perfusion
axis of the vascular network at this flow rate (500 µL min−1 ), though we did observe such axial
gradients in other gels perfused at lower flow rates. Because the hydraulic permeability of agarose
is low (k = 6.61 × 10−13 m4 N−1 s−1 ),179 interstitial convection is negligible (that is, radial flow
across the channel wall). Thus, once the flow rate is high enough to prevent a significant axial
gradient of oxygen and nutrients from forming, further increasing the flow rate is not expected
to yield a corresponding boost in metabolic activity. We further developed an image processing
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workflow to visualize metabolic activity throughout the gel as a 3D volume (Fig. 5.3f ; see Methods
for details). In this volumetric visualization, the ellipsoidal region in which the dendritic vascular
network was computationally grown is host to robust metabolic activity, while the corners of the
gel far from the network are inactive. Overall, perfusion through the dendritic network permits
sustained metabolic activity throughout the gel volume, far from the exterior surfaces of the gel.
Analyzing spatial patterns of cell metabolism in the center slices of perfused gels is useful for
inferring flow patterns which developed over the course of perfusion: the absence of active cells
surrounding a channel indicates that the channel in question was not adequately perfused. For
any daughter branch in a center slice of the gel that was not adequately perfused, there must be
some point upstream where flow was diverted away from this path. Analyzing the spatial staining
patterns of a center slice and tracing these channels to their parent channels can thus provide
insights into branch points which sub-optimally split the flow. Extracting MTT and nuclear staining profiles around each channel (Fig. 5.3g, see Appendix E for all channel profiles) shows that
channels can be generally classified as supporting robust, moderate, or poor metabolic activity.
A heatmap of channel efficacies derived from these profiles (Fig. 5.3h) shows that most channels
with low efficacy are located in the same region of the architecture. Indeed, we find that through
the entire image sequence for this gel, the parent branch upstream of this region is inadequately
perfused. Intriguingly, computational fluid dynamics simulations do not predict this pattern of
heterogeneous perfusion; however, analysis of n=3 perfused gels of the same architecture revealed
a similar pattern in channel efficacy (Appendix E). This finding highlights the point that computational simulations may offer important insights into the utility of vascular architectures, but
we must close the loop through experiments to validate these predictions. Perfusion and image
processing workflows as outlined in Fig. 5.3 are thus expected to play an important role in the
iterative process of refining vascular architecture to optimally support tissue function.
The data presented in Figs. 5.2 and 5.3 highlight the tendency of proliferating cells close to patterned vessels to form a thin, densely populated zone of tissue which consumes and depletes oxygen,
thereby leading to the death of farther away cells. To gain further insight into this phenomenon, we
hypothesized that conditions which diminish cell proliferation could sustain dense tissues without
developing escalating viability gradients as demonstrated in Fig. 5.2. We found that perfusion
culture of HepG2 under hypothermic conditions (25 ◦ C) reduced proliferation substantially and
sustained cells far away from the perfused channel which otherwise rapidly become necrotic at 37
◦C

(Fig. 5.4). Remarkably, even high-density cultures (10×106 cell mL−1 ) which are only viable
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Figure 5.3 : Fabrication, perfusion, and volumetric analysis of 3D dendritic vascular
networks. a,b) A dendritic vascular network computationally grown within an ellipsoidal domain
was fabricated using carbohydrate SLS (a, scale bar = 10 mm). This network features hierarchical
branching from a single inlet and outlet into a total of 27 daughter vessels (b). c,d) Sacrificially
templating the dendritic carbohydrate template in (a) yielded the corresponding channel architecture (c) in an agarose gel (d, scale bar = 10 mm). Cross sections illustrate fully perfused channels
with approximately circular cross-sections. e) Metabolic activity in a cell-laden gel was supported
by perfusion (in the positive z -direction) through the dendritic network, with an annular zone of
cell metabolism and cell proliferation around the majority of the channels (scale bar = 5 mm).
Some interconnections between channels are observed, which may result either as an artifact from
gel sectioning or from the fracture of the gel under applied pressure during sacrificial template
flushing. f ) Volumetric reconstruction of MTT signal demonstrates that the metabolically active
zone of cells closely follows the contour of the dendritic vascular network. g,h) Evaluating the
perfusion efficacy of individual channels in a center slice of the dendritic network shows that most
channels support a robust metabolically active zone of surrounding cells and that the less effective
channels collectively lie downstream of a common parent channel. Figure originally published in
Ref. 78.
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Figure 5.4 : Spatial profiles of metabolic function under hypothermic perfusion. a,b)
In single-channel agarose gels perfused under hypothermic conditions (25 ◦ C), HepG2 cells encapsulated far from the vascular supply remain metabolically active over week-long culture. While
an annular region of enhanced cell density and metabolism is observed surrounding the channel
for both 10×106 and 10×106 cell mL−1 conditions, overall proliferation is dramatically reduced.
Remarkably, even high-density cultures (10×106 cell mL−1 ) which are only viable within 100 µm
of the channel after 3 days at 37 ◦ C show sustained metabolic activity across the entire gel after
a week of hypothermic perfusion culture. Scale bar = 1 mm; data are mean±s.d.; n=3 gels. 37
◦ C data (black dashed lines) is replotted from Fig. 5.2b for ease of comparison. Figure originally
published in Ref. 78.
within 100 µm of the channel after 3 days at 37 ◦ C (Fig. 5.2c,d) show sustained metabolic activity
across the entire gel after a week of hypothermic perfusion culture. This effect is presumably a
combined result of reduced proliferation180 and decreased oxygen consumption rate,181,182 which
in other cell lines has been measured in the range of a 60-75% decrease between 37 and 25 ◦ C.183
While these hypothermic culture conditions are not directly physiologically relevant, modulation
of proliferation and metabolic rate could represent an intriguing strategy for preserving spatially
homogeneous cell density and metabolic function in perfused tissues.
Intrigued by the finding that metabolically active and spatially homogeneous HepG2 populations
could be maintained through hypothermic perfusion, we hypothesized that these same conditions
could enable longer term perfusion studies of densely populated hepatic tissues with longitudinal
functional monitoring. Moreover, because primary hepatocytes do not proliferate ex vivo,184 hypothermic HepG2 culture may represent a more realistic model for advancing understanding of
the long-term survival and function of such non-proliferative cells. In gels patterned with 3D dendritic networks, we found that tissues exhibit sustained viability and metabolic activity throughout
two weeks of hypothermic flow-loop perfusion and that the final distribution of cells was largely
homogeneous in the center of the gel (Fig. 5.5a). In contrast, gels cultured without perfusion
(“static”) were internally necrotic with the exception of the gel perimeter which was bathed in
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media (Fig. 5.5a,c). A comparison of representative spatial profiles from these experiments and
the experiments reported in Fig. 5.3 demonstrates that hypothermic perfusion substantially extends the viable radius of tissue as compared to 37 ◦ C perfusion (Fig. 5.5b). We did observe a
marked decrease in the intensity of MTT staining following hypothermic perfusion as compared to
initial gels, which could represent uniform cell death over the entire tissue volume, or an overall
decrease in metabolic activity as an adaptive response to the lowered temperature. Multi-week
flow-loop perfusion culture also afforded an opportunity to longitudinally measure the hepatic-like
function of perfused tissues. Over the 14 day culture period, hypothermically cultured and perfused
tissues continued to produce albumin, though the cumulative level of production decreased with
time (Fig. 5.5d). In contrast, static gels initially produced albumin, but ceased to function as the
interior of the tissue died off.
We recognize that hypothermic perfusion culture is an unconventional strategy within tissue
engineering, but this approach has significant precedent in the field of bioprocessing.181,182,185 As
we demonstrate here, modulation of proliferation and metabolic rate using temperature can be
an effective strategy for preserving spatially homogeneous cell density and metabolic function in
perfused tissues. Hypothermic culture conditions are not directly compatible with translating in
vitro experiments towards implantation models; however, culture temperature could represent an
important control axis for in vitro tissue growth and maturation, particularly because the effects
of low temperature (unlike DNA alkylating agents186 or radiation,187 which also can be used to
control proliferation) may be reversible for many cell types.188,189
5.3.2

Methods

Methods for gel casting follow those described in Section 5.2.2.
Flow-loop perfusion culture of dendritic networks
Dendritic cell-laden gels (Figs. 5.3 and 5.5) were connected in a flow loop configuration (Section 4.4.1).
For short-term flow loop experiments (Fig. 5.3), 150 mL complete media was continuously cycled
via peristaltic pump (Ismatec) at 500 µL min−1 between the gel and a Pyrex bottle. For long-term
flow loop experiments (Fig. 5.5), 50 mL complete media was recirculated using a custom designed
peristaltic pump (Section 4.4) at 1 mL min−1 , with media changes twice per week (Days 3, 7,
and 10).
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Figure 5.5 : Hypothermic multi-week perfusion culture with longitudinal functional
monitoring. a) Following multi-week hypothermic flow-loop perfusion culture (Q = 1 mL min−1 ),
dendritic gels (same vascular architecture as Fig. 5.3; 30×106 cell mL−1 ) remain metabolically
active and relatively homogeneous in HepG2 cell density. Statically cultured gels only remain viable
on their outer borders where direct contact with media occurs. Scale bar = 2 mm. b) Hypothermic
perfusion preserves relatively homogeneous cell density and metabolism over the course of two weeks
perfusion culture. The viable radius for hypothermic perfusion is ∼1 mm, while for 37 ◦ C perfusion,
it drops to < 500 µm within 3 days. 25 ◦ C profiles were normalized and plotted for the channels
indicated with colored squares in (c); 37 ◦ C profiles were re-plotted from Fig. 5.3g after normalizing
to aid comparison. c) Perfused gels produce albumin over the entire 14 day culture period, while
statically cultured gels exhibit a monotonic decrease in albumin secretion. Albumin was allowed to
accumulate in the recirculating media for 3-4 days, after which the media was exchanged and the
albumin level returned to nearly zero. d,e) Metabolic activity (d) and albumin production (e) are
maintained in hypothermic culture for perfused gels, but not for statically cultured gels. d) n=3
gels (Day 7 and Day 14); e) n=6 gels (Day 7), n=3 gels (Day 14); * p < 0.05. Figure originally
published in Ref. 78.
Volumetric visualization of MTT signal
For volumetric visualization of metabolic activity in gels with dendritic vascular networks, images
were first aligned into a stack using control point image registration in MATLAB. As previously,
thresholding and segmentation of nuclear stain images was used to capture the locations of channels
in each gel slice. Brightfield images of MTT signal were transformed into the Lab color space, where
thresholding along the b (blue-yellow) chromaticity axis was performed to create a mask over all
MTT-negative regions. This masking operation improves volumetric visualization by removing
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noise, yet preserves the original greyscale intensities of the MTT signal. Volumetric reconstruction
was performed by compositing the segmented channel profiles and the masked MTT signal and
rendering in open-source Paraview software.190 Finally, to compute the efficacy of each channel in
dendritic networks, MTT and nuclei spatial profiles were extracted for each channel in a slice at
the center of the gel. Each MTT or nuclei spatial profile curve was integrated from 0 to 500 µm
and these values were normalized to a range from zero to unity for visualization.

5.4
5.4.1

Perfusion of dendritic networks to support primary hepatocyte cultures
Results and discussion

To elevate the translational relevance of our SLS-CaST methodology, we next sought to unify
SLS-CaST fabrication with 3D cultures of primary hepatocytes. Because it is notoriously difficult
to metabolically support and preserve native hepatic phenotype ex vivo,191 supporting these cells
also serves as an important validation of the generality of our strategy. Moreover, contemporary
methods for in vitro hepatocyte culture use multicellular aggregates to leverage the beneficial effects
of cell-cell interactions.192 Our rapid casting approach is well-suited for handling these large and
delicate multicellular aggregates, which may be incompatible with other biofabrication processes.
We began with a comparative study of the metabolic activity and phenotype of hepatic aggregates (comprising primary rat hepatocytes and normal human dermal fibroblasts; NHDF)123,193
in perfused versus statically cultured agarose gels (Fig. 5.6a). Perfused aggregate gels showed
negligible loss of metabolic function over 7 day perfusion, while statically cultured gels exhibited widespread metabolic loss over the same time period (Fig. 5.6b,c,d). We observed marked
phenotypic differences as well: perfused gel aggregates stained positive for E-cadherin (hepatocyte intercellular junctions) across the gel (Fig. 5.7a) with substantive signal localized at the cell
membrane (Fig. 5.7b), as well as for cytokeratin-18 (Fig. 5.6b; hepatocyte cytoskeleton) and
vimentin (Fig. 5.6b; fibroblast cytoskeleton). In contrast, statically cultured aggregates appeared
less compacted (Fig. 5.6e) with diminished membrane-localized E-cadherin and vimentin staining.
Notably, the distinctive capsule structure formed by fibroblasts around the outer surface of aggregates in perfused gels appeared to occur with lower frequency in the statically cultured aggregates,
which may account for their less cohesive morphology. Over the 7 day culture duration, perfused
gels also produced significantly more albumin than their static counterparts (Fig. 5.7g, Fig. 5.7).
The apparent compatibility of SLS-CaST with primary hepatocytes in a relatively simple gel
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Figure 5.6 : Primary hepatocyte aggregate response to static and perfusion culture. a)
Encapsulated aggregates of primary rat hepatocytes and normal human dermal fibroblasts (NHDF)
in agarose were cultured statically or under perfusion. b,c) MTT staining of hepatic aggregates
(500 µm sections) demonstrates robust metabolic activity in perfused gels but not in static gels
after 7 day culture. Scale bar = 1 mm (top), 200 µm (bottom). No significant drop in metabolic
output was recorded between day 0 and day 7 perfused gels (c) (p = 0.690, 0.0001, 0.006 left to
right). d) Gross images of day 7 gels show robust metabolic activity in perfused gels and virtually
no viable cells in static gels. Scale bar = 1 mm. e) Aggregates in perfused gels retain compacted
morphology while aggregates in static gels appear more dispersed, suggesting a decrease in the
integrity of intercellular junctions. Scale bar = 50 µm. Figure originally published in Ref. 78.
architecture (Figs. 5.6 and 5.7) motivated us to explore our capacity to support much larger
volumes of primary hepatocyte cultures using dendritic vascular topologies. We used mutual tree
attraction to generatively design a larger, more extensively branched dendritic network (Fig. 5.7a),
which we scaled to a tissue volume of 6.5 mL to be tractable for our desired cell density using rat
hepatocytes. Crucially, while the fabrication time for these sacrificial templates was significantly
longer than for the dendritic network used in Figs. 5.3 and 5.5, the time required to actually
cast the corresponding tissues was negligibly greater; gels of each size were fabricated in under
five minutes despite the increased volume and vascular complexity. With the 6.5 mL high-density
dendritic architecture, we fabricated 6 hepatic tissues, each containing 65 million hepatocytes and
32.5 million fibroblasts, then perfused them on a continuous flow loop for 3 or 7 days.
Similar to the previous experiment, we found that perfusion through the dendritic network
supported the metabolism of primary hepatic aggregates (Fig. 5.8b,c, Appendix F). The high-
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Figure 5.7 : Primary hepatocyte phenotype following static versus perfusion culture.
a) Hepatic aggregates stain positively for E-cadherin throughout perfused and static gels. Scale bars
= 1 mm; images show maximum intensity projection. b) Representative images of aggregates within
6 µm sections of perfused gels show that some cells (presumably hepatocytes) have positive staining
for E-cadherin and cytokeratin-18 that is largely membrane localized, as well as positive staining for
fibroblast marker vimentin. Aggregates in static gels show disruption in vimentin connectivity with
decreased membrane localization of E-cadherin. Scale bars = 20 µm. Approximately 15 aggregates
across 3 gels were imaged (full dataset in Supplementary Fig. 14). c) Over 7 days, perfused gels
secreted significantly more albumin than static gels (mean±s.d., unpaired two-tailed t-test). Figure
originally published in Ref. 78.
density dendritic network appears to be well-spaced at its center for this density of hepatic aggregates since only a thin region of non-viable cells appeared around the exterior surfaces of an
optimally perfused sample, which are not in direct contact with media. A perfusion apparatus
which also bathes the gel exterior in media would thus be expected to boost metabolic activity
at the day 7 timepoint. We estimated the metabolically active distance (that is, the maximum
distance from a perfused channel where cells are metabolically active, see Fig. 5.2f ) to be on the
order of 800-1000 µm, where the relatively high variability may stem from the polydispersity of
the aggregates themselves and potential inhomogeneities in their initial seeding density. Positive
E-cadherin staining was observed at both days 3 and 7, though the staining was more variegated
across the gel at the later timepoint (Fig. 5.8d).
We measured accumulation of albumin and found substantively more albumin at both day 3
and 7 timepoints compared to blank gels (Fig. 5.9c), demonstrating that hepatocytes in gels with
dendritic networks retained measurable hepatic function until at least day 7. However, we also
found that albumin production decreased over time in these gels (Appendix F), which together
with the observed decrease in E-cadherin staining may suggest that hepatocytes undergo a loss of
phenotype (“de-differentiation”) in the current gel formulation, indicative of a long-standing and
ongoing challenge within the field of in vitro hepatocyte culture.193,194
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Figure 5.8 : Metabolic function and aggregate morphology of primary hepatocyte
cultures supported by perfusion through dendritic networks. a) Perfusion culture of
hepatic aggregates was scaled up to a high-density 3D dendritic network. b-c) Uniform positive
MTT staining was observed across the gels at day 3, while day 7 MTT staining was confined to
the vicinity of perfused channels (i; scale bars = 1 mm (gross), 500 µm (sections)). Red arrows
indicate the region of metabolically inactive aggregates which extends around the gel perimeter;
dashed lines mark gel boundaries. Here we illustrate an optimally perfused sample; other day 7
samples are shown in Appendix F. Quantification corroborates the visualized drop in metabolic
output near the outer gel surface (j; p = 0.010, 0.0006 left to right). d) Aggregates within cleared
thick sections stain positively for E-cadherin at day 3 (left) and day 7 (right), with less expression
at day 7. Scale bars = 2 mm. e) H&E staining demonstrates compacted aggregate morphology at
days 3 and 7. Scale bar = 50 µm. For all panels, * p < 0.05, ** p < 0.01, *** p < 0.005 (t-test);
n=3 gels for all comparisons. All data are mean±s.d. Figure originally published in Ref. 78.
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Figure 5.9 : Immunostaining and albumin production of primary hepatocyte cultures
supported by perfusion through dendritic networks. a) Aggregates stain positively for
hepatocyte marker E-cadherin and fibroblast marker vimentin, with some loss of E-cadherin staining
at day 7. Scale bars = 20 µm. b) Aggregates stain positive for hepatocyte marker cytokeratin 18
with good membrane localization at both days 3 and 7. Scale bars = 20 µm. c) Hepatic aggregates
produce albumin after 7 days of flow loop perfusion (p = 0.042). For all panels, * p < 0.05, **
p < 0.01, *** p < 0.005 (t-test); n=2 blank gel controls in (c). All data are mean±s.d. Figure
originally published in Ref. 78.
Despite decreasing albumin secretion, hepatic aggregates generally retained expression of membranelocalized E-cadherin (Fig. 5.9a) and cytokeratin 18 (Fig. 5.9b) out to 7 days. Aggregates also
maintained a packed morphology (Fig. 5.8d) with well-defined vimentin staining in a fibrillar network forming the characteristic capsule-like structure around the aggregate perimeter (Fig. 5.9a).
Together, the results of these two experiments demonstrate that perfusion improves aggregate
metabolism and maintenance of hepatic markers, and that perfusion though dendritic vascular networks can meet the mass transport needs of these highly metabolic cells. We postulate that the
decline in function should not be attributed to poor oxygen or nutrient transport, but rather to a
sub-optimal microenvironment for the aggregates, as shown previously in other hepatocyte culture
systems.193–195 As a materials-agnostic fabrication platform, SLS-CaST is well-suited for exploring
the intersection between mass transport and the hepatic microenvironment for optimizing hepatic
stabilization, and could even be expanded to examine possible supportive roles of non-parenchymal
liver cells (for example, angiocrine signaling from seeded endothelial cells).196 Overall, as understanding of hepatocyte biology advances and new hepatocyte culture methods are developed,
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we expect that SLS-CaST will offer a fabrication strategy to translate these advances in biology
towards the scale of therapeutic utility.
5.4.2

Methods

Preparation of hepatic aggregates
Primary rat hepatocytes were isolated through portal vein cannulation and two-step collagenase
digestion as previously described.197 Hepatocytes were resuspended in hepatocyte culture media (DMEM (VWR), 10% fetal bovine serum (Biowest), 1% ITS supplement (insulin, transferrin, sodium selenite, VWR), 7 ng/mL glucagon (Sigma), 0.04 g/mL dexamethasone (Sigma), and
1% antibiotic/antimycotic solution (Sigma). Normal human dermal fibroblasts (NHDF, Lonza)
were trypsinized and resuspended in hepatocyte culture media. Cellular aggregates containing approximately 150 hepatocytes and 75 NHDFs per aggregate were created with aggrewell molds as
previously described.193
Casting of agarose gels with primary hepatic aggregates
Hepatocyte/NHDF aggregates were harvested, encapsulated in agarose gels, and catheterized in
perfusion chambers as described above for HepG2 cells. All experiments used a final cell density
of approximately 10×106 hepatocytes mL−1 and 5×106 NHDF mL−1 , and acellular agarose gels
(“blank”) were cast as negative controls for albumin measurement. For comparison of static and
perfused gels, one set of gels was perfused with hepatocyte culture media at 20 µL min−1 with
a multichannel peristaltic pump. A second set of gels was identically catheterized and a 1mL
syringe of hepatocyte media was connected at the inlet and outlet to permit only diffusive transport
of nutrients into the gel. For longitudinal albumin measurement, outflow media was collected
each from the perfused gels, and the static gels were flushed through with fresh media to capture
accumulated albumin. High-density dendritic gels were connected in a flow loop configuration with
50 mL hepatocyte culture media continuously recirculated using a custom designed peristaltic pump
at 1 mL min−1 . Each day, 10-20 mL media was sterilely removed from the flow loop for albumin
measurement and replaced with an equal volume of fresh media.
Gel perfusion was conducted as described in Section 5.3.2.
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Immunostaining and fluorescence imaging
Primary hepatocyte gels were removed from their perfusion chambers and sliced into 1-2 mm thick
sections with a microtome blade. Slices were fixed in 4% paraformaldehyde for 48 hours at 4 ◦ C
followed by two PBS washes. Slices used for paraffin sectioning were dehydrated in graded ethanol
(50-100%), embedded in paraffin, then sectioned (6 µm) using a microtome for immunohistochemical staining. Sections were histochemically stained with hematoxylin and eosin or immunostained,
by first blocking with normal donkey serum (VWR) and then incubating with primary antibodies
against cytokeratin-18 (rabbit, 1:100; Abcam), E-cadherin (goat, 1:100; R&D), and/or vimentin
(rabbit, 1:200; Abcam) and followed with Hoechst and species appropriate secondary antibodies
conjugated to Alexa Fluor 594, or 647. Antibody-stained sections were imaged on a Nikon A1R
scanning confocal microscope. Gel slices used for tissue clearing and 3D imaging were removed from
PBS, placed in blocking solution (0.1M tris (VWR), 1% BSA (Sigma), 1% normal donkey serum
(VWR), 0.3% Triton-X (VWR)), stained with a primary antibody against E-cadherin (goat, 1:100;
R&D) followed by Alexa Fluor 647 secondary antibody, and cleared using the Ce3D method.198
Cleared gels were imaged on a Leica SP8 confocal microscope and images were processed with
Imaris image analysis software.
Albumin measurements
Rat albumin in sampled media was quantified by an enzyme-linked immunosorbent assay (ELISA)
using goat polyclonal capture and horseradish peroxidase-conjugated goat anti-rat albumin detection antibodies (Bethyl Laboratories). Human albumin in sampled media was quantified by ELISA
using a goat anti-human albumin antibody and human albumin ELISA kit (Bethyl Laboratories).
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Chapter 6
Conclusion
6.1

Summary of results

The primary goals of this thesis were to develop complex volumetric vascular networks to sustain
metabolic function in thick, densely cellularized regenerative tissues, and to analyze patterns of
cell survival and function resulting from fluid and mass transport through such networks. These
objectives were achieved through a new fabrication strategy for producing sacrificial carbohydrate
templates, a novel generative algorithm for designing vascular network blueprints, a suite of opensource hardware devices for perfusion tissue culture, and new image analysis pipelines to extract
quantitative spatial information from perfused tissue samples.
In Chapter 1, we reviewed existing strategies for designing and fabricating vascular networks,
and established a simple quantitative framework for oxygen diffusion in tissue. Critically, we
highlighted the gap in design strategies to produce tunable networks which could be 3D printed and
then used to sustain perfusable tissues, and we noted that despite the increasing sophistication of
vascular bioprinting technologies, there were no strategies that offered material-agnostic production
of hierarchical vascular networks.
In Chapter 2, we introduced an open-source selective laser sintering platform and validated
its performance and fidelity by 3D printing complex structures from thermoplastic polymers. We
subsequently sought to extend SLS manufacturing for printing carbohydrate-based materials, and
we demonstrated a series of hardware modifications and materials innovations to achieve highfidelity carbohydrate sintering. Finally, we introduced post-processing steps to optimize the surface
properties of sintered carbohydrates towards their use as sacrificial vascular templates.
In Chapter 3, we demonstrated the fabrication of perfusable vascular architectures using laser
sintered carbohydrate templates and introduced (with our collaborators at Nervous System) a
generative algorithm to computationally “grow” densely branched hierarchical networks in 3D.
We characterized fluid convection through these networks and showed that endothelial cells can
be seeded within them to maintain a stable monolayer. We ended by providing evidence for the
feasibility of a conceptually distinct approach for endothelialization of patterned vascular channels
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through interfacial gel polymerization.
In Chapter 4, we presented a suite of tools and protocols which serve as a foundational infrastructure for perfusion culture of engineered tissues, an area of increasing attention in regenerative
medicine. Hardware innovations include customizable parametric sterile perfusion chambers, an
automated device for endothelializing perfusable gels, and programmable peristaltic pumps controlled by Arduino. Validated protocols for endothelialization and initiation of sterile perfusion
culture also fill a gap in the field and lower the barrier to entry for other investigators interested
in perfusion workflows.
In Chapter 5, we quantified metabolic and tissue-specific function in perfused tissues. We
identified an escalating gradient phenomenon in single-channel gels driven by feedback between
oxygen diffusion and heterogeneous cell proliferation. In gels with dendritic vascular networks, we
introduced a pipeline for quantifying vascular network efficacy and showed that perfusion through
dendritic networks can sustain cells, including primary hepatic aggregates, throughout large tissue
volumes.
The inability to fabricate densely cellularized tissues at scales exceeding the diffusion limit of
oxygen has long been cited as one of the most confounding challenges in regenerative medicine,
and has hampered the translational utility of promising advances in biomaterials and cell biology.
By virtue of their throughput and compatibility with a wide array of cell types (including primary
hepatocytes) and materials, the strategies introduced within this thesis are poised to empower the
unification of leading cell biology models and advanced biomaterials with complex tissue architecture and translational scale. In conclusion, this research provides a design and fabrication strategy
to scalably engineer densely cellularized tissues using the hierarchical dendritic networks favored
by nature.

6.2
6.2.1

Future outlook
Sacrificial templating for next-generation regenerative tissues

As discussed in Section 1.1, the past several years have seen a remarkable acceleration in the
sophistication of vascular bioprinting methodologies. FRESH34,51 and SWIFT52 printing have expanded the fabrication capabilities of extrusion bioprinting by embedding the extruded materials
within a supportive matrix comprising a thermoreversible hydrogel slurry (FRESH) or compacted
living organoids (SWIFT). Separately, new biocompatible photoabsorbers have advanced projection
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stereolithography to produce complex vascular topologies within photocrosslinkable hydrogels.53
These techniques and SLS-CaST have all unlocked new architectural freedoms for tissue fabrication
and permitted complex structures to be realized within soft and cell-laden hydrogels. In particular,
perfusable 3D vessel networks have now been introduced with each of these methodologies, though
entangled multivascular networks have only been demonstrated so far through stereolithography
and SLS-CaST. SLS-CaST diverges from the aforementioned techniques by critically decoupling
3D printing from cell handling, which renders tissue fabrication materials-agnostic and highly scalable. Extrusion and stereolithography require every voxel of patterned material to be individually
addressed; fabrication time scales directly with construct size and resolution (and in some cases,
complexity), making large prints time-consuming and potentially incompatible with cell survival.
In contrast, fabrication time is nearly scale-invariant with SLS-CaST. Each cell-laden hydrogel
demonstrated in this work was fabricated in less than five minutes, and for each experimental
replicate in Fig. 5.8, three replicate gels (6.5 mL volume containing nearly 100 million cells) were
fabricated within a 15 minute period. Direct bioprinting of living cells at this scale may require
several hours, or even days, per construct and detrimentally impact cell viability or phenotype. Even
if a single viable construct could be fabricated at this scale via direct bioprinting, the fabrication
of multiple replicates would likely necessitate multiple discrete cell harvests. In contrast, sacrificial
templating and rapid casting offers a clear path towards more consistent experimental designs
utilizing the same harvest of cells across multiple constructs with high viability. The ability to
pre-fabricate tens or hundreds of complex sacrificial templates and rapidly cast living tissue around
them may critically facilitate next-generation experimental designs requiring many large gels to be
fabricated and perfused in parallel.
6.2.2

Closed-loop evaluation of vascular efficiency

The new regimes of vascular architecture made accessible by this work are expected to play a vital
role in elucidating the interplay between tissue architecture, fluid and mass transport, and tissue
function. A plurality of parameters involved in rationally designing vascularized engineered tissues
and perfusion protocols to support them remain unknown. For example, the appropriate intervessel
distances based on the metabolism of therapeutically relevant cell types remain unknown, as does
the flow rate at which densely populated constructs should be perfused. Similarly, it is not yet
clear what seeding density is best to promote healthy tissue development and prevent hypoxic cell
death.

99
Our data demonstrate that at steady state, a static vascular network can support a fixed amount
of metabolic output from a given cell type, irrespective of the initial conditions. We conclude that
for highly metabolic and proliferative cell populations, engineered tissues should be seeded at
relatively low cell density; seeding at a high density amounts to a waste of cells which will quickly
die due to hypoxia. These findings also emphasize the need for methodology to unify dynamic
microscale vasculature (capillaries self-assembled by endothelial cells) with patterned meso-scale
vascular networks to create truly multiscale architectures capable of delivering oxygen and nutrients
to the entire volume of engineered tissues. The preliminary conclusions drawn from studying simple
architectures foreshadow a wealth of critical insights which may derive from related experiments in
increasingly complex architectures with a widening range of cell types.
Generative growth of dendritic vascular topologies using our mutual tree attraction algorithm
offers a new paradigm for the design of engineered tissue architecture. Networks designed by hand
are limited in complexity, and data-derived networks lack tunability and scalability. In contrast,
algorithmic generation allows investigators to generate networks that can precisely fill any shaped
or sized bounding volume, to tune the architecture parametrically, and to increase topological
complexity with minimal further effort. Furthermore, our workflow for measuring cell metabolism
and proliferation offers new metrics for evaluating transport through these networks. Perfusion
of cell-laden gels and subsequent spatial analysis may offer a testbed for analyzing the convection
efficacy of generative dendritic topologies, closing the loop for iterative refinement of vascular
architecture (Fig. 6.1). Currently, the problem of constructing globally optimal vascular networks
for engineered tissues (for example, those that maximize metabolic output while minimizing vascular
volume)59 remains an open question at the theoretical level. However, recent efforts have begun
to apply sophisticated multi-objective optimization techniques to this family of problems.75 As
this area of study advances, the capacity to fabricate, perfuse, and evaluate complex architectures
with high reproducibility, high cell density, and high-throughput construct fabrication may enable
empirical validations of theoretical predictions of network optimality.
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Figure 6.1 : Closed loop exploration and refinement of vascular efficiency. We envision
“closing the loop” for vascular network design by using computational predictions and experimental
data to refine the design blueprints for vascular networks. Our mutual tree attraction algorithm
(Ch. 3) enables generation of libraries of vascular networks, and our image processing pipelines
empower extraction of quantitative spatial information from serially sectioned gels (Ch. 5).
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Appendix A
Derivation of Krogh model
Here the derivation is shown for Krogh’s 1919 model of oxygen diffusion and consumption in
a cylinder of tissue surrounding a single vessel.54,56 Equation Eq. A.12 was originally presented
without derivation by Krogh, for whom it was derived by Erlang.54
We begin by defining the geometry as a single cylindrical blood vessel (radius Rv ) surrounded by
a cylindrical region of tissue (radius RK ) (Fig. A.1). The latter radius is referred to as the Krogh
radius, representing the greatest distance at which oxygen flux decreases to zero.

Figure A.1 : Geometry for Krogh model. Rv is the vessel wall radius and RK is the Krogh
radius, or the radius of the surrounding tissue cylinder.

The mass transport problem has the following boundary conditions (BC), where c is cO2 , the
oxygen concentration:
At r = Rv , c = c0 = cblood (BC 1)
At r = RK ,

∂c
∂r

= 0 (BC 2)
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We begin with Fick’s 2nd Law in cylindrical coordinates, including a reaction term (χ), Eq. A.1
and examine the steady-state solution for radial diffision only Eq. A.2:
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Rearranging terms and integrating twice:
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Substituting the BCs, we find:

C1 =

2 χ
RK
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(A.8)
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Substituting into Eq. A.7, then rearranging terms yields:
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Appendix B
Extended characterization of sintered nylon and PCL
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Sacrificial PCL templating
As fluidic networks are increasingly used in microfluidic chips and diagnostic devices, it is valuable
to investigate techniques by which such networks can be assembled via additive manufacturing. We
used sintered, vapor-smoothed PCL structures to sacrificially template fluidic networks in PDMS.
In sacrificial templating, a template structure is fabricated in a temporary material and encased
in a second bulk material. Selective removal of the temporary material patterns the template
structure as void space within the bulk material.199,200 When sintered, vapor-smoothed PCL was
encapsulated in PDMS, then dissolved out by immersion in DCM, the geometry of the sintered PCL
was retained as void space within the PDMS (schematized in Fig. B.1a). This method can produce
a wide range of perfusable fluidic networks within monolithic PDMS slabs. For example, sacrificial
templating of a simple ladder geometry yielded open channels in place of the PCL filaments as well
as an inlet and outlet for perfusion (Fig. B.1b). This fluidic network is reminiscent of a primitive
vascular network model that we introduced previously.
We also templated a diamond lattice geometry to generate a complex, interconnected fluidic
network in PDMS (Fig. B.1c). Perfusion illustrated that this network is fully interconnected
(Fig. B.1d). Scanning the patterned PDMS with µCT showed that the template geometry was
well preserved when PCL was selectively removed (Fig. B.1e). The templating of diverse perfusable fluidic networks offers a method for creating model vascular architectures for flow analysis
and for fabricating fluidic devices and flow phantoms with complex channel arrangements.112,201
This method is similar to one recently published, wherein 3D-printed plastic filament was used
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Figure B.1 : Fluidic networks templated by sacrificial PCL structures.a) Schematic for a
workflow which begins with a sintered PCL structure and yields the corresponding fluidic network
as void space in a PDMS slab. The original PCL structure is vapor smoothed before encapsulation
in a block of PDMS. The smoothed PCL is dissolved out of the cured PDMS using DCM, leaving a
fluidic network that retains the architecture of the original structure. b) The workflow schematized
in (a) is demonstrated with a simple ladder geometry. The inlet and outlet allow perfusion and
continuous flow through the network. c-e) Sacrificial templating of the reduced diamond lattice
model (Fig. 2.3) resulted in the formation of a complex, interconnected fluidic network in PDMS.
Perfusion with blue dye (d, scale bar = 1 cm) highlights the interconnectivity of the void space and
a virtual cross-section through a µCT scan (e) demonstrates fluidic channels retaining the original
structure’s geometry (artifacts are present due to bubbles trapped in PDMS).
as a sacrificial template for microfluidic networks.113 Using SLS to generate sacrificial templates
(rather than extrusion) expands this technique by enabling fabrication of fluidic networks whose
architecture cannot be printed via extrusion 3DP.

Biocompatiblity of sintered PCL
The biocompatibility of PCL has been validated previously through use in drug delivery devices,202,203 tissue engineering scaffolds,132,204 and sutures.205 Indeed, the FDA has approved PCL
for implantation inside the body as well as in several drug delivery devices.206 Here, we sought to
verify that PCL is suitable for cell seeding after undergoing sintering and smoothing with DCM.
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When human mesenchymal stem cells (hMSCs) were seeded onto sintered PCL platforms, we observed adhesion of cells in a monolayer on both unsmoothed and vapor-smoothed surfaces after
10 days in culture. Qualitatively, cells appeared to adhere at higher densities on vapor-smoothed
surfaces owing to the contiguous surface (Fig. B.2c-d). Cell morphology was also influenced by
vapor smoothing. On sintered PCL, minimal elongation of cells was observed in comparison to the
extremely elongated, spindle-like morphology visible on vapor-smoothed PCL (Fig. B.2d,e). This
elongated morphology, in combination with the local alignment of neighboring cells, gave hMSCs
seeded on vapor-smoothed PCL a similar appearance to hMSCs grown on tissue culture plastic
(Fig. B.2a). Similar morphology has also been observed previously after Salerno and colleagues
seeded hMSCs onto a PCL scaffold with porosity introduced via gas foaming.207 Since the surface
topography of vapor-smoothed PCL encourages a physiologically relevant hMSC morphology, it
may be a superior material for bone tissue engineering compared to sintered, unsmoothed PCL.
We further validated the biocompatibility of sintered PCL platforms through live/dead staining
of seeded hMSCs. Over three experiments, we found that approximately 85% of cells were viable 1
day after seeding, demonstrating that losses in viability are minimal (Fig. B.3a-c). These results
are consistent with viability assays in the literature conducted using hMSCs on PCL.208 We were
unable to appropriately image or quantify hMSC viability on unsmoothed sintered PCL platforms
due to their extremely rough surface topography.
Culture of hMSCs on sintered PCL is relevant for bone tissue engineering insofar as the hMSCs can be reliably differentiated along an osteogenic lineage. Indeed, differentiation of hMSC
populations into osteoblasts has emerged as a promising strategy for encouraging mineralization
and maturation of engineered bone We verified that PCL platforms fabricated using OpenSLS are
compatible with this approach by osteogenically differentiating hMSCs seeded on these platforms.
Using Alizarin Red S staining, we measured a 15-fold increase in calcium deposits on PCL platforms
which were incubated 32 days in osteogenic media relative to platforms maintained in growth media
(Fig. B.3d-f ). These calcium deposits, a hallmark of early osteoblasts, demonstrate that under
appropriate conditions, hMSCs will undergo osteogenic differentiation on sintered PCL platforms
fabricated using OpenSLS. Overall, our results for hMSC viability, morphology, and differentiation indicate that structures fabricated via OpenSLS are well-suited for cell studies, including cell
studies relevant to engineering bone.

121

Figure B.2 : Morphology of hMSCs seeded on PCL platforms fabricated with OpenSLS
a) When hMSCs, constitutively expressing GFP (cytoplasm) and H2B-mCherry (nucleus), were
seeded on tissue culture plastic (TCP), cells exhibited elongated, spindle-like morphology and
alignment of neighboring cells. b) Schematic depicting seeding of GFP/H2B-mCherry-labeled
hMSCs onto sintered (unsmoothed) as well as vapor-smoothed PCL platforms. c) After 10 days in
culture, hMSCs populated the surface of the sintered PCL platform as a sparse monolayer (scale
bar = 1000 µm). d) hMSCs grown on sintered PCL exhibit a spindle-like morphology but are not
spread out or aligned to the degree observed on TCP (scale bar = 100 µm). e) On sintered, vaporsmoothed PCL, a dense monolayer of hMSCs was observed with regions of local cell alignment (scale
bar = 1000 µm). f ) In contrast to hMSCs grown on sintered, unsmoothed PCL, those seeded on
vapor-smoothed PCL exhibited highly elongated spindle-like morphology characteristic of hMSC
culture on TCP (scale bar = 100 µm). Gamma correction was used to improve visualization of
cells.

Surface quality and mechanical testing
An important metric for the quality of laser sintered parts is the surface roughness, which influences
not only the aesthetic appearance of the part, but also its ability to interface properly with other
parts. Additionally, surface texture and topography are of particular importance when considering
surfaces on which cells will be seeded.209–211 Sintered nylon parts were found to have average
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Figure B.3 : Survival and osteogenic differentiation of hMSCs on PCL fabricated via
OpenSLS a,b) Live and dead channels for live/dead staining of hMSCs on vapor-smoothed PCL
platforms show a majority live cells and a generally homogeneous distribution of dead cells among
live cells. Gamma correction was used to improve visualization of cells. c) Quantification of live
and dead hMSCs from three separate PCL platforms showed that 84 ± 7% of adhered cells were
alive. d) Gross images of sintered PCL after 32 days show intense staining on platforms seeded with
hMSCs incubated in osteogenic media (osteogenic platforms), indicating the presence of calcium
deposits characteristic of early osteoblasts. e) Quantification of alizarin red absorbance shows a
nearly 15-fold increase in staining on osteogenic platforms compared to those cultured in growth
media. f,g) The same intense staining of osteogenic PCL platforms was observed when the PCL
was vapor smoothed prior to seeding of hMSCs. Scale bars = 1 cm. * denotes p < 0.01 using
Student’s T-test. Plots represent mean ± SD.
surface roughness (Ra ) 34.0 ± 7.6 µm, a value consistent with both the particle size of nylon
and prior determinations of Ra for sintered nylon using commercial SLS systems (Fig. B.4a).
Nylon surface finish could be improved through abrasive post-processing, as has been demonstrated
previously.85 Ra for unsmoothed PCL was measured as 115.6 ± 28.0 µm, reflecting the visibly rough
texture of sintered PCL parts. After vapor-smoothing, however, Ra for PCL decreased to 3.9 ± 2.4
µm, qualitatively visible in Fig. 2.3d,e. In fact, 3.9 µm is likely an overestimate for the surface
roughness of smoothed PCL which arises from slight curvature at the ends of the analyzed edges;
SEM imaging (Fig. 2.3d,e) indicates that the average surface roughness is actually sub-micron.
As discussed above, the significant reduction in surface roughness enabled cells seeded on smoothed
PCL to more consistently exhibit characteristic morphology.
For structures produced via additive manufacturing, mechanical properties vary between geometries and may be markedly different from the bulk material properties. Uniaxial compression
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testing of nylon and PCL yielded linear stress-strain plots until failure, caused by buckling of vertical
filaments (Fig. B.4b). Eshraghi and Das comprehensively studied the mechanics of macroporous
PCL lattices prepared via SLS on a commercial system. Here, we mechanically tested the same
geometry – a modification to ASTM standard 695-02a containing macropores in 3 dimensions –
enabling a relatively direct comparison between the mechanics of structures sintered on a commercial system versus OpenSLS.94 (Eshraghi and Das used 125 µm raw PCL, a 25% reduction in size
compared to our CAPA 6506 (Fig. 2.4)).
For elastic modulus, Eshraghi measured E = 14.9 MPa and we measured 28.4 ± 4.2 MPa and
60.1 ± 9.7 MPa for sintered and vapor-smoothed PCL, respectively (n = 5, Fig. B.4c). Williams et
al. measured the compressive modulus for macroporous sintered PCL as 52-68 MPa, in reasonably
good agreement with our findings.89 The slightly higher values we measured could be explained by
a larger cross-sectional area caused by PCL overprinting (see Fig. 2.5). We found a similar trend
for the yield strength of sintered (0.98 ± 0.1 MPa) and vapor-smoothed (4.1 ± 0.8 MPa) PCL,
which are slightly and moderately greater than Eshraghi’s measurement of 0.60 MPa (Fig. B.4d).
Thus, vapor-smoothing makes PCL better suited for bone tissue engineering based on its ability
to withstand greater compressive loading. Material failure occurred at 2.5 ± 0.39% for sintered
PCL, in excellent agreement with 2.7% found by Eshraghi. Vapor-smoothing increased the strain at
yield to 8.4 ± 2.1%, demonstrating that vapor-smoothed PCL is both stronger and more deformable
than sintered, unsmoothed PCL. Overall, we have demonstrated that PCL structures laser sintered
using OpenSLS closely match the mechanical properties of those sintered using commercial systems.
Furthermore, we have established a key advantage for using vapor-smoothed PCL in bone tissue
engineering by showing improved mechanical properties compared to sintered, unsmoothed PCL.
Macroporous nylon specimens also underwent compression testing. For nylon, fitting the linear
region of the stress-strain curve for 8 samples yielded an average elastic modulus of 45.2 ± 5.6 MPa
(Fig. B.4c), yield stress of 2.5 ± 0.3 MPa (Fig. B.4d), and strain at yield of 5.5 ± 0.7%. No data
could be found in the literature for compression testing of macroporous nylon cylinders, which are
expected to have mechanical properties uniquely associated with their geometry. However, we did
note that the measured elastic modulus for macroporous nylon cylinders is an order of magnitude
below the reported stiffness of solid nylon.103 This magnitude of this difference is similar to the
difference found previously between macroporous PCL cylinders and solid PCL cylinders.94
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Figure B.4 : Surface roughness and mechanical testing of sintered nylon and PCL. a)
Surface roughness (Ra ) of PCL decreases nearly 30-fold as a result of vapor-smoothing. Ra for both
nylon and unsmoothed PCL is on the order of magnitude of the particle size. b) Representative
stress-strain curves for uniaxial compression testing of nylon and PCL macroporous cylinders. All
three materials demonstrate linear deformation until failure. c) The elastic modulus of PCL is
doubled as a result of vapor-smoothing and d) the yield stress increases four-fold (n = 5 cylinders).
The significantly improved mechanics of smoothed PCL make it a superior candidate material for
bone tissue engineering. * denotes p < 0.01 using Student’s T-test. Plots represent mean ± SD.

Print times and efficiency for openSLS
Like many additive processes, the time required to build a part using SLS scales with both size
and complexity of the 3D model. For example, a solid cube might require less time to pattern
than a cube of the same dimensions containing macropores, despite the greater volume of material
used in the solid cube. For any part, it is always more efficient to sinter multiple copies at once
than single copies sequentially so that the process of creating new layers occurs only once instead
of for each model. Similarly, it is least efficient to sinter models whose long axis is oriented in the
z-direction because adding new layers is generally more time-intensive than adding geometry to
existing layers. Additionally, the efficiency is material dependent; different laser scan speeds are
optimal for individual materials, contributing to disparities in build time for the same geometry. For
all these reasons, quantifying the efficiency of OpenSLS is difficult and a straightforward relationship
between model volume and build time does not exist. In the absence of a predictive relationship
to determine build time, the times required to build geometries used in this study are shown
(Table B.1).

125

Geometry and
volume
Cube Model
(1.04 cm−3 )
Macroporous
ASTM Cylinder
(0.54 cm−3 )
Diamond Lattice
(0.90 cm−3 )

Nylon
Number of Build time
copies
(mins)
1
33
4
75
9
143
1
62
4
125
16
374
1
60
2
88
4
146

PCL
Number of Build time
copies
(mins)
1
16
4
37
9
71
1
29
4
52
16
145
1
37
2
56
4
95

Table B.1 : Build times for 3D models using OpenSLS

Methods
Mechanical testing
Uniaxial compression testing was conducted in accordance with a modified version of ASTM standard D695-02a. Test samples were cylinders 12.7 mm in diameter and 25.4 mm in height with a
3D rectilinear macroporous network geometry as described by Eshraghi and Das.94 Samples were
subjected to compressive loading on a mechanical testing system (MTS, 858 Mini Bionix, Eden
Prairie, MN) equipped with a 10 kN load cell. Samples were compressed along their long axes by
two parallel plates at a cross-head rate of 0.5 mm/min after a preload of 25 N was applied. Applied
load and displacement were measured and later converted to stress and strain based on the sample
dimensions. Elastic modulus was measured as the slope of the linear region of the stress-strain
curve, yield stress was measured as the maximum stress before failure, and strain at yield was
measured as the corresponding strain.
Sacrifical templating of sintered PCL structures
Sintered PCL structures were vapor-smoothed in DCM and embedded in poly(dimethyl siloxane)
(PDMS; Sylgard 184). PDMS (10:1 PDMS base to curing agent) was allowed to cure for 48 hours
in a 3D-printed container made from poly(lactic acid) (PLA). After curing, the container and
PDMS-embedded PCL were stirred overnight in DCM to dissolve the PLA and PCL. The resulting
structure was rinsed with 99% isopropyl alcohol (IPA), then soaked in an IPA bath. The internal
void space generated by the sintered PCL was visualized by perfusion with a solution of food
coloring dye in IPA and by µCT scan.
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Morphology of human mesenchymal stem cells on sintered PCL
Human Mesenchymal Stem Cells (hMSC; kindly provided by Rooster Bio) were stably transduced
at passage 1 with a second-generation lentivirus in accordance with Rice University Institutional
Biosafety Committee oversight on Protocol 662023. Methods for lentiviral transduction were modified from Kutner and colleagues.212 Lentiviral transduction resulted in dually labeled cells expressing green fluorescent protein (eGFP) in the cytoplasm and H2B-mCherry in the nucleus. Labeled
cells were considered preferable to staining (e.g. with DAPI/Phalloidin) because constitutive labeling allows live imaging at unlimited time points, avoids limitations due to diffusion of dye molecules,
and avoids additional stress to cells caused by rinse steps associated with staining. hMSCs were
maintained at 37 C, 5% CO2 in DMEM (Corning) supplemented with 10% fetal bovine serum (Atlanta Biologicals) and 1% penicillin/streptomycin (Gibco). PCL platforms (approximately 8×5×2
mm) were sintered and sterilized in 70% ethanol. Half of the PCL platforms were vapor-smoothed in
DCM prior to sterilizing and seeding. Labeled hMSCs (passage 5) were seeded on the platforms at
a density of 3×106 cells cm−2 in an 80 µL droplet of media. For imaging on an inverted microscope,
the platforms were inverted in 24-well plate wells. hMSCs on the platforms were imaged at 3, 7, and
10 days on a Nikon Eclipse Ti inverted epifluorescent microscope (Nikon) equipped with a Zyla 4.2
sCMOS camera (Andor). Images were acquired in z-stacks to compensate for the uneven surface of
the PCL, then focus-stacked using open-source Enfuse software (enblend.sourceforge.net). ImageJ
was used to remove background autofluorescence from the PCL and to perform gamma correction
to improve cell visualization.
hMSC viability on sintered PCL
Unlabeled hMSCs (passage 4-6) were seeded on vapor-smoothed PCL platforms at a density of
3×105 cells cm−2 as described above. After 1 day in culture, the platforms were rinsed in PBS and
live/dead staining was performed in accordance with the manufacturer’s instructions (Kit R37601,
Thermo Fisher Scientific). PCL boats treated with 70% ethanol prior to staining were used as
negative controls. Fluorescent imaging was performed as described above, using exposure times
determined by imaging live and ethanol-treated hMSCs on tissue culture plastic. Live and dead
cells were counted either manually or using ImageJ and results encompassed three PCL platforms
seeded in separate experiments.
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Osteogenic differentiation of hMSCs on sintered PCL
Unlabeled hMSCs (passage 2) were seeded on sintered PCL platforms (unsmoothed and vaporsmoothed) as described above. After 1 week incubation in growth media, half of the platforms
were changed to osteogenic media, consisting of growth media supplemented with 10 mM βglycerophosphate and 50 µg/mL L-ascorbic acid (Sigma). The remaining platforms continued
to be incubated in normal growth media. 32 days after the switch to osteogenic media, Alizarin
Red S staining was performed using a modified protocol from Madurantakam and colleagues.213
Briefly, PCL platforms were fixed in 4% paraformaldehyde, rinsed thrice with PBS, and incubated
in 2% Alizarin Red S solution (Sigma) for 30 minutes. Stained platforms were repeatedly rinsed
in PBS until no further dye could be removed, and then photographed. Dye was solubilized by
incubating the PCL platforms in 50% acetic acid overnight, then diluted 10-fold in PBS. Dye concentration was obtained by absorbance scan at 424 nm following an absorbance sweep to determine
the wavelength of maximum absorbance (Tecan microplate reader).
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Appendix C
Hardware upgrades to make SLS compatible with carbohydrate
powders
Acknowledgments
I thank Anderson Ta and David Yalacki for contributions to the design of the powder handing
module for OpenSLS.

Hardware overview
Our approach to open-source SLS harnesses the laser patterning capabilities of a consumer laser
cutter modified with a custom powder-handling module. Control over the laser cutter and powder
module is unified with a 3D printer motherboard and specially modified firmware. The bill of
materials, wiring diagrams, and STL/DXF files used to build this system are all available at the
OpenSLS github repository: github.com/MillerLabFTW/OpenSLS.
3D renderings of the hardware version used for carbohydrate SLS are shown below in Fig. C.1.
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Figure C.1 : Open-source hardware for carbohydrate SLS. a) Full rendering of the powder
handling module. The transparent walls are laser cut from acrylic sheets and parts depicted in
red are 3D printed in PLA plastic. b) This multi-mode distributor features a plow mounted on
a servo motor to engage or disengage it. When the plow is lifted up, the rotating steel rod can
be bi-directionally rotated to smooth powder layers. Lowering the plow so that it is flush with
the powder bed enables excess powder removal. c) Cut-away view of the build volume piston.
A NEMA 17 leadscrew is used to actuate the print platform, which lowers as successive powder
layers are patterned at the top. d) Photograph of powder-handling module integrated into laser
cutter. The powder reservoir (gray plastic) is attached to the laser gantry so that rapidly moving
the gantry can be used to dislodge fresh powder. Because powder is only dislodged during rapid
motion sequences at speeds exceeding about 8000 mm min−1 , normal laser motion during printing
(1000-2000 mm min−1 ) does not result in powder dislodging. Figure originally published in Ref.
78.

130

Appendix D
Protocols for sterile perfusion culture and endothelial cell seeding
Acknowledgments
These protocols were developed in collaboration with Gisele Calderon and Bagrat Grigoryan.

Fabrication and assembly of perfusion chambers
Materials
Supplies

❼ Sylgard 184 PDMS (Ellsworth Adhesives, cat. no. 4019862)
❼ M3 steel hex nuts (McMaster-Carr, cat. no. 90591A121)
❼ M3 stainless steel hex screws (McMaster-Carr cat. no. 91292AXXX; XXX in part number
depends on the screw length, which should be 2-3 mm longer than the height of the gel. For
example, use M3x8 screws (cat. no. 91292A112) for a 5 mm tall gel.)
❼ Standard 1 mm thick microscope slides (Globe Scientific, cat. no. 1301)
❼ Flexible polypropylene Luer tips, 0.5” length (for catheterizing gels; Nordson EFD, cat. no.
7018XXX; XXX depends on tip gauge size needed)
❼ Blunt metal Luer tips, 0.5” length (for casting PDMS needle gaskets; McMaster-Carr, cat.
no. 75165AXXX). XXX depends on gauge size needed; choose metal tips 1 size smaller (i.e.
higher gauge number) than the size of the selected flexible tip to create the tightest seal)

Equipment

❼ OpenSCAD software (free download, openscad.org)
❼ Perfusion chamber generator script and Luer tip STL files (github.com/MillerLabFTW/Perfusion)
❼ Filament extrusion 3D printer and appropriate filament (e.g. Prusa i3 printer with PLA
filament (UltiMachine, 1.75 mm))
❼ Hammer (McMaster-Carr cat. no. 5874A3) or soldering iron (McMaster-Carr cat. no.
7662A674)
❼ Glass scriber (McMaster-Carr, cat. no. 2157A12)
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❼ Hex screwdriver for M3 screws (McMaster-Carr, cat. no. 5497A53)
❼ (recommended) Positive displacement pipette and tips (Gilson Microman E, cat. no. FD10006)
❼ (recommended) Quick-drying super glue (Loctite, Ultra liquid control)

Procedure
1. Load the perfusion chamber generator file in OpenSCAD and set appropriate parameters for
desired chamber functionality (see Table D.1). One at a time, set the Generate variable for
the body, gasket mold, and lid to equal 1 and render the part (press F6 key). Confirm that
the part has been generated as expected (it is helpful to use wireframe view; F11 key), and
export as an STL file.

Figure D.1 : Overview of key parameters in chamber generator script.
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2. 3D print the three parts using the appropriate workflow for your printer. Suggested slicing
parameters include: 0.15 mm layer height, 20% infill, 2-3 perimeters.
CRITICAL STEP The 3D model for the gasket mold contains thin walls to facilitate mold
removal; printing these requires enabling thin wall detection (e.g. “Detect thin walls” in
Slic3r; “Print thin walls” in Cura).
3. Insert the M3 nuts into the nut traps in the underside of the 3D printed body. The traps are
designed to be undersized to prevent the nuts from slipping out. The nuts can be securely
inserted either by tapping them in firmly with a hammer, or by pressing them in with a hot
soldering iron.
4. Prepare Sylgard 184 PDMS by vigorously mixing 10 parts silicone base with 1 part curing
agent in a disposable cup for five minutes. Allow PDMS to stand for 30 mins to remove
bubbles. The quantity of PDMS required depends on the chamber size and features, but 1
g PDMS should generally suffice for each chamber + gasket. Using a positive displacement
pipette or a syringe with blunt dispensing tip, dispense PDMS to fill the gasket mold to the
brim.
❼ (A) If the chamber is designed with needle gaskets (as shown in Fig. 4.2), secure the
metal Luer tips into the inlet and outlet ports, then dispense PDMS into the space
around the needle.
❼ (B) If the chamber is designed with anchor traps (see Fig. 4.1b, Fig. 4.2c), dispense
PDMS into the void space.
❼ (C) If the chamber is designed with a transparent bottom, use a pipette tip to smear
PDMS across the surface where the glass slide will sit, then carefully place the glass
slide.

Allow the PDMS to cure (e.g. for 48 hours at room temperature or overnight in a lowtemperature oven). Avoid curing in an oven hotter than 45-50 ◦ C, which can cause printed
PLA to warp.
CRITICAL STEP PDMS will settle into the void features gradually as it displaces air.
Allow several minutes for settling, then return to top off PDMS (wait until this point to add
the glass slide). PDMS in needle gaskets may seep around the blunt metal tip during curing;
this should be topped off the following day if necessary.
5. After curing PDMS, de-mold the gasket and use foreceps to remove excess PDMS from the
chamber body as needed. The gasket mold is designed with a thin wall which can be pulled
off using a fingernail or razor blade.
❼ (A) If the design included PDMS needle gaskets, pull out the metal Luer tips and use
fine-point forceps to remove any PDMS which seeped outside of the designated void
space. Push a Luer tip through the molded gasket to ensure it is clear of debris.

6. Score and cut a microscope slide to form the glass lid for the chamber. Measure out the
required length of the slide and score the glass by firmly drawing a line with the glass scriber.
Carefully snap the glass and check that the cut portion fits into the 3D printed lid when
firmly pressed in.
CAUTION Wear eye protection while scoring and breaking glass
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PAUSE POINT Fabricated chamber components can be stored indefinitely in ambient
conditions
7. Once all three parts are prepared, sterilize them prior to use. The PDMS gasket, glass
lid, screws, and Luer flex tips can be autoclaved; 3D printed PLA or ABS parts are not
autoclavable and should be disinfected by soaking in 70% ethanol for at least 15 minutes,
then allowed to dry.
8. When ready to catheterize the gel or tissue construct of interest, begin by press-fitting the
PDMS gasket into the trough of the chamber body, then carefully lowering the sample into
the chamber with a sterile spatula.
CRITICAL STEP Take care not to trap bubbles below the sample. Pipetting a few drops
of media or sterile phosphate buffered saline (PBS) into the chamber before inserting the gel
can help prevent bubbles. If bubbles are observed under the gel, they can be displaced by
gently pressing on the gel with a sterile spatula.
9. Prime the Luer flex tips with sterile PBS or media, then insert them through the ports
in the chamber body and lodge them into the inlet and outlet of the patterned vascular
network. This step may require some practice, especially if the sample is extremely compliant
or slippery. When inserting a tip, it may be helpful to begin with the gel positioned at the
opposite side of the chamber, then gently slide the gel towards the tip.
10. Verify that fluid flows correctly through the sample. Use a syringe to gently flush sterile PBS
or media through the inlet Luer tip and ensure fluid comes out from the outlet. CRITICAL
STEP When connecting the syringe to the Luer tip, take care to avoid introducing bubbles.
If the Luer tip is not already filled with liquid, pipette sterile PBS or media into the tip until
it is overflowing. CRITICAL STEP For soft gels or those which do not form a tight seal
against the Luer tip, perform Steps 11 and 12 first. The external pressure from having the
chamber sealed can help direct flow through the sample.
11. Fill any empty space in the chamber with sterile PBS, media, or gel. To avoid trapping
bubbles in the chamber in Step 12, overfill it with fluid to form a meniscus. If it is difficult to
achieve a complete fluidic seal between the Luer tip and the perfused sample, consider filling
any empty volume with an acellular, non-swelling gel (e.g. agarose) to prevent leakage and
to direct fluid flow through the sample.
12. Seal off the chamber by tightening the lid onto the body. Insert the glass top into the 3D
printed lid, and insert screws through each hole. Lower the lid onto the chamber and tighten
the screws into the nuts with the hex screwdriver. Tighten the screws incrementally to apply
even pressure while sealing off the chamber. If overtightened, the top glass may crack; in this
event, replace the glass and repeat.
13. Confirm leak-free flow through the fully assembled chamber by gently injecting sterile PBS
into the inlet Luer tip with a syringe. If leaking is observed around the Luer tips, apply
fast-drying super glue between the Luer tips and chamber to stem the leak. If leaking is
observed between the chamber body and lid, tighten the screws until leaking ceases.

Endothelial cell seeding and connection to tubing assembly
CRITICAL Perform these steps in a laminar flow tissue culture hood
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Materials
❼ Sterile 1mL Luer-slip syringe (Norm-ject; Air-Tite, cat. no. A1)
❼ Sterile 18 gauge needle (BD, cat. no. 305196)
❼ Sterile Luer cap (Cole-Parmer, cat. no. EW-45505-56)
❼ Media bag with female quick coupling port (Kent Systems, B4X11G-200-BN02)
❼ Male quick coupling to 1/16” barb (Kent Systems, 4BX204-006)
❼ Tygon microbore tubing, 0.03” and 0.05” inner diameter (Cole-Parmer, cat. nos. EW-0641905 and EW-06419-03)
❼ 15, 18, and 20 gauge blunt metal Luer tips, 0.25” length (Nordson EFD, cat. nos. 7018056,
7018107, and 7018163)
❼ 3-way Luer stopcock (Cole-Parmer, cat. no. EW-30600-02)
❼ Syringe filter, 0.22 µm polyethersulfone (VWR, cat. no. 28145-501)
❼ Male-to-male Luer adapter (Cole-Parmer, cat. no. EW-45505-72)
❼ Luer cap (Cole-Parmer, cat. no. EW-45505-56)
❼ Multichannel peristaltic pump (Ismatec (Cole-Parmer), cat. no. EW-78011-11 or EW-7801121)
❼ 2-stop silicone peristaltic pump tubing, 0.64 mm inner diameter (Cole-Parmer, cat. no. EW95602-22)
❼ Sterile 30 mL Luer lock syringe (Air-Tite, cat. no. AL30)

14. Harvest desired cells by trypsinizing culture dishes/flasks, centrifuging cell pellet, and resuspending in media to the experimental concentration. We use GFP-HUVEC cells, grown
to 80% confluence in Vasculife media. Cells are detached with 0.125% trypsin-EDTA for
2-3 minutes, neutralized with Vasculife media, and centrifuged at 200 g for 3 minutes. We
resuspend to 30e6 cells/mL for injection.
15. Using a sterile single-use needle, load a 1mL Luer-slip syringe with cell suspension. Draw up
enough volume to fill the vascular network, with an additional 100 µL to compensate for
the dead volume of the inlet Luer tip. If vascular volume is unknown, estimate the volume
and perform a mock injection with a colored solution (e.g. India ink or Trypan Blue dye) to
visualize whether the dye flows through the whole network and exits through the outlet.
16. Hold the syringe and needle with the tip pointing up and withdraw the syringe plunger to
pull the full volume of cell suspension from the needle into the syringe. Draw the plunger
gently in and out to mix the cell suspension, and tap to remove any bubbles.
CRITICAL STEP Ensure that the cell suspension is well-mixed by drawing the plunger of
the syringe up and down repeatedly.
17. Remove the single-use needle and prime the syringe by ensuring cell suspension is pushed
through to the tip of the syringe without any bubbles, until a convex meniscus is formed at
the tip.
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18. Connect and secure the primed syringe to the primed inlet Luer flex tip (inserted into the gel
during the chamber assembly protocol).
CRITICAL STEP If the Luer tip is not already filled with liquid, pipette sterile PBS or
media into the tip until it is overflowing.
19. Gently push on the syringe plunger in a pulsatile manner until cell suspension flows through
the outlet. With a transparent hydrogel and high cell density, the cell suspension should be
opaque and visible when filling the channel.
20. Once a few droplets of cell suspension are observed exiting through the outlet, gently screw
a Luer cap into the outlet Luer tip while keeping the syringe attached to the inlet. This
contains the cell suspension and maintains sterility for transporting the vascularized tissue
construct to the incubator.
21. Move the entire EC-injected tissue construct within its sterile perfusion chamber (with the
syringe and capped outlet still in place) into a standard tissue culture incubator and incubate
to allow cell attachment. Rotate at intervals to ensure even cell adhesion around the vessel.
Incubate for 4-6 hours, or an optimally determined duration, rotating by 90circ every 15
minutes. Rotations can either be performed manually using our provided design for a 3D
printed offset holder (component R in Fig. 4.4), or automatically with our open-source gel
flipping system as depicted in Fig. 4.3b (see Section 4.3.2).
CRITICAL STEP Seeding duration time may require optimization when working with a
new material, vascular architecture, or cell type. We determined 4-6 hours to be optimal
in our studies (Fig. 4.3c), but others have reported shorter seeding durations using other
combinations of materials.

Connection to tubing assembly
CRITICAL All bold capital letters refer to components in Fig. 4.4.
22. Prepare materials for sterilization by cutting desired lengths of Tygon microbore tubing and
connecting Luer tips and quick couplings as shown in Fig. 4.4. Connect a 15 GA metal Luer
tip to one end of 0.05” tubing and a male quick-coupling to the other end (D-E-F). Connect
a 20GA metal Luer tip to each end of 0.03” tubing (O-P-O).
23. Sterilize all materials to be used for perfusion culture. Autoclave all connectors and tubing
except for the media bag (C) and 3-way Luer stopcock (G). Once sterile, only open the autoclave pouch inside the tissue culture hood. Sterilize the 3-way Luer stopcock by submersion
in 70% ethanol for 15 minutes and dry completely before use. Spray media bag with 70%
ethanol before placing it in the tissue culture hood.
24. In a tissue culture hood, connect stopcock (G) to pre-connected components (D-E-F), then
connect male quick coupling (D) to media bag (C). The wings of the coupling (D) should be
placed at 90◦ to the media bag, then turned clockwise.
25. Fill the media bag with the volume of media needed until the next planned refill or experiment
endpoint (e.g. for 5 µl/min, load at least 7.2 mL of media per day of perfusion). Fill a syringe
with the desired media volume by loading with a single-use 18 GA needle from a conical tube.
Remove the single-use needle, and replace with a 0.22 µm syringe filter (H). Ensure that there
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are no bubbles, and prime through the tip of the filter. Attach primed syringe and filter (H)
to the stopcock (G) and configure the stopcock so that media flows through to the media bag
(Fig. 4.5). Load the contents of the syringe into the bag through the filter, stopcock, and
tubing.
26. Remove the syringe and replace it with Luer cap (I) while keeping the filter in line (Fig. 4.5b).
27. Following Fig. 4.4, connect the rest of the tubing and connections from stopcock (G) to the
filter (H) just upstream of the catheterized gel (G-J-K-L-K-J-O-P-O-J-H).
28. Elevate the media bag by hanging it outside of the tissue culture hood (e.g. with a magnetic
clip or hook) and keep the end of the tubing inside the hood (Fig. 4.5c). Make sure to
configure the stopcock so that it is closed. Tap to remove any air bubbles.
29. Open the stopcock to prime through the entire tubing assembly and through the distal filter;
stop when media drips through the final filter. Once primed, close the stopcock to stop the
flow.
CRITICAL STEP Check for air bubbles within the tubing and ensure that the tubing is
completely filled with media before continuing.
30. Retrieve the perfusion chamber with catheterized tissue construct from the incubator and
place it into the tissue culture hood. Gently remove the 1 mL syringe from the inlet and the
Luer cap from the outlet.
31. Connect the primed filter to the Luer tip inlet of the catheterized gel (H-P). Make the
connection slowly and gently to avoid shearing off ECs. Avoid introducing bubbles by ensuring
the Luer tip is primed with fluid (Fig. 4.5d). In the absence of air bubbles, droplet(s) should
drip through the gel outlet upon connection. The offset holder (S) is helpful at this stage for
thin gels because it elevates the gel to the appropriate height for connection to the filter (H).
Optionally, add a male-male Luer connector (I) to the outlet to help with outflow collection.
CRITICAL STEP If the Luer tip is not already filled with liquid, pipette sterile PBS or
media into the tip until it is overflowing (top panel of Fig. 4.5d).
32. Transfer the full media bag and tubing assembly with perfusion chamber to a peristaltic pump
in a standard tissue culture incubator. Hang up the media bags (e.g. using our rack (A) and
hook (B) design) with the stopcock in the off position. Position the gel outlet so that media
will flow out into a collection container (J-T).
33. Gently stretch the two-stop silicone tubing (L) across the peristaltic pump cassette (N) and
snap the cassette into one of the pump (M) channels.
34. Open the stopcock and run the pump at the desired flow rate. Monitor the first few droplets
that are collected in the waste container to ensure no leakage along the tubing assembly.
Should the study involve varied or high shear rates, we recommend initially perfusing at a
relatively low flow rate for 24 hours in order to prevent shearing off the loosely adhered ECs.
35. The media bag (C) can be refilled during the experiment while the perfusion apparatus
remains assembled in the incubator. To replenish media, remove cap (I) from the stopcock,
leaving the filter in place. Connect a syringe full of media and switch the stopcock to permit
flow from the syringe to the media bag (as in Fig. 4.4c). Load media into the bag through
the filter to maintain sterility. After refilling the media bag, reconfigure the stopcock to flow
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from the bag to the pump, and replace the syringe with cap (I). Empty the waste container
(T) as needed.
36. Samples may be removed from the pump for longitudinal imaging. Reposition the stopcock
to block flow from the media bag towards the gel, then unclip the pump cassette (N) and
detach the two-stop tubing (L). Unhook the media bag from its hanging position and carry
the entire tubing assembly (except the waste container) to the microscope. To mount the
perfusion chamber on the microscope stage, we provide a 3D printable design for a stage
adapter which fits within the footprint of a standard multiwell plate, and is expected to be
compatible with many inverted microscopes. Following imaging, return the tubing assembly
to the incubator and perform steps 32-34 to resume perfusion.
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Appendix E
Extended validation of metrics for quantifying MTT staining
Acknowledgments
I thank Palvasha Deme for assistance with tissue sectioning and MTT staining.

Validation of MTT spatial quantification
The MTT spatial profiles plotted in Fig. 5.2 were obtained for each experimental gel replicate
by averaging the spatial profile extracted from imaging 10 or more gel slices, then quantified in
terms of a radial spatial profile. Here we assess the reproducibility of these measurements and the
empirical quality of the survival radius metric.
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Figure E.1 : Quantitative metrics for MTT spatial profiles. a,b) Here we show 10 slices
from a representative gel (a, 60e6 cell mL−1 , Day 3, scale bar = 1 mm) and the MTT staining
profile of each slice (b). No axial gradient in metabolic activity was observed for any gels, justifying
the use of an averaged spatial profile. c) The functional metabolic radii plotted in Fig. 5.2
were defined as the inflection point of the corresponding MTT spatial profile. This metric was
validated empirically. Superimposing the radius corresponding to the inflection point on top of the
images of MTT-stained gel slices shows that the inflection point falls approximately at the visual
boundary between MTT-positive staining regions and negative staining regions. d) Table of values
for measured metabolically active (Krogh) radii.

Quantification of dissolved MTT
In quantifying total metabolic output from a gel, the optical absorbance of all of the MTT formazan
may offer a less artifact-prone metric than the sum of thresholded pixels from an image. To evaluate
the consistency of these two metrics, we plot them side-by-side here and conclude that dissolving
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MTT and quantifying spectrophotometrically yields the same trends as an imaging-based workflow.

Figure E.2 : Absorbance scans of dissolved MTT formazan corroborate imaging data.
a,b) Plots of total metabolic output as measured from imaging data (magenta; left y-axis) and
absorbance scans of solubilized MTT formazan (green; right y-axis). Relative trends in total
metabolic output were corroborated across the two metrics, as were statistical differences between
timepoints. For imaging data, the grayscale intensities of each pixel were summed, then normalized
by the area of the gel slice. c) Replica plot of Fig. 5.2h for reference showing convergence of
metabolic output for both initial cell densities. d) The same trends and statistically significant
differences were observed using absorbance scan data. Overall, we conclude that measuring the
absorbance of MTT formazan dissolved from gel slices yields the same trends and statistically
significant differences as found from imaging data. Thus, total metabolic output could be measured
accurately without tissue sectioning or imaging in gels of arbitrary size. Data are mean±s.d.; n=5-6
for imaging data, n=3-5 for absorbance scans; ns = not significant, * p < 0.05, ** p < 0.01, *** p
< 0.001 (t-test).

Efficacy replicates of dendritic networks
Here we include the full dataset of dendritic networks with HepG2 cells analyzed for convection
efficacy.
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Figure E.3 : Channel efficacy in dendritic vascular networks. a-f ) Photographs of MTTstained (a) and nuclear-stained (b) gel slices are reproduced from ?? with channels numbered.
Spatial profiles were measured around each channel (b,e) and the area under the spatial profile
(integral from 0 to 500 µm) was computed as a measure of the channel efficacy. Efficacy values
are shown as heatmaps (c,f ) after normalizing to the channel with the most staining. g,h) Two
additional experimental replicates show similar patterns of metabolism and proliferation. Note that
the quantification of MTT staining in (g) is impacted by an illumination artifact, so we have based
our interpretation of channel efficacy in that replicate primarily on the nuclear stain.
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Appendix F
Extended datasets for primary hepatocyte studies
Acknowledgments
I am grateful to Sarah Saxton and Prof. Kelly Stevens for being wonderful collaborators on all of our
primary hepatocyte work. Sarah performed all of the confocal imaging and albumin measurements
described here.

Extended E-cadherin staining and albumin data for static versus perfusion experiment

Figure F.1 : Extended characterization data for primary hepatocyte static vs. perfusion culture. (a) Full dataset of optically cleared gel sections stained for E-cadherin following 7
days static or perfusion culture. Qualitatively, there is not an obvious distinction between the total
E-cadherin signal at this magnification. However, high-magnification analysis of individual aggregates highlights a crucial morphological change between the culture conditions where static culture
is associated with less membrane-localized E-cadherin and less compacted cells. b) Time course of
albumin secretion from daily media sampling. The decrease in daily albumin production observed
here represents an ongoing challenge in maintaining hepatocyte phenotype ex vivo. Dashed line
denotes sensitivity threshold of the assay.
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Extended MTT staining and albumin data for dendritic network perfusion experiment

Figure F.2 : Extended characterization data for primary hepatocyte culture around
perfused dendritic networks. a) Gross MTT stain images for all day 7 gels. We observe some
channels with no surrounding metabolically active zone, which we hypothesize represent branches
which were not adequately perfused. Inadequate perfusion may result from entrapment of bubbles
within the narrow and tapered channels; future perfusion designs could incorporate bubble trapping
elements as a measure against this problem. The dashed line in Gel 2 indicates where part of the
gel was separated during handling. Slice 1 represents metabolic activity near the gel center (many
small extensively-branched channels) while Slice 2 represents metabolic activity near the inlet or
outlet (larger unbranched channels). Both slices were used in MTT quantification. b) Time course
of albumin secretion from daily media sampling of Day 3 gels (top) and Day 7 gels (bottom). The
decrease in daily albumin production observed here represents an ongoing challenge in maintaining
hepatocyte phenotype ex vivo.
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Extended immunostaining of primary hepatic aggregates
Static vs. Perfused: E-cadherin and vimentin

Figure F.3 : E-cadherin and vimentin staining in static vs. perfused gels. Hepatic aggregates stain positively for E-cadherin (magenta), vimentin (blue) and Hoechst (yellow) throughout
cell-laden gels in both perfused culture (top) and static culture (bottom), though aggregate morphology appeared to be deteriorating in static gels. Scale bars = 100 µm.
Dendritic flow loop: E-cadherin and vimentin

Figure F.4 : E-cadherin and vimentin staining in perfused dendritic gels. Hepatic aggregates stain positively for E-cadherin (magenta), vimentin (blue) and Hoechst (yellow) throughout
cell-laden gels at day 3 (top) and day 7 (bottom) Scale bars = 100 µm.
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Static vs. Perfused: cytokeratin-18

Figure F.5 : Cytokeratin-18 staining in static vs. perfused gels. Hepatic aggregates
stain positively for cytokeratin 18 (cyan) and Hoechst (yellow) throughout cell-laden gels in both
perfused culture (top) and static culture (bottom). Static gels in both (a) and (b) appear have less
compacted aggregates with the vimentin-positive fibroblast capsule seeming to deteriorate. Each
image is from a separate agarose gel. Scale bars = 100 µm.
Dendritic flow loop: cytokeratin-18

Figure F.6 : Cytokeratin-18 staining in perfused dendritic gels. Hepatic aggregates stain
positively for cytokeratin 18 (cyan) and Hoechst (yellow) throughout cell-laden gels at day 3 (top)
and day 7 (bottom). Each image is from a separate gel. Scale bars = 100 µm.

