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ABSTRACT 

Investigating Cholesterol Orientation in Lipid Bilayer by Raman 

Spectroscopy 

by 

Steven M. E. Demers 

Biological membranes are composed of numerous types of molecules ranging 

from different sterols to phospholipids to membrane partitioning proteins. While 

the overall compositions of these various elements are understood in part, how the 

phospholipid bilayer in cells accommodates the different processes for the copious 

types of proteins is not fully understood. Cholesterol however has been proven to 

play a key role in animal membrane functions.  

By using gold nanorods as a substrate, lipid membranes encapsulated the 

nanorods for the lipid structure to be analyzed by SERS.  Optical excitation of gold 

nanoparticles at their size and shape-dependent plasmon resonant frequency 

induces strong oscillations of the nanoparticle’s free electron gas, leading to 

surfaced enhanced Raman scattering (SERS) – an enhancement of Raman scattering 

signals with a molecular scale distance dependence from the gold surface. The gold 

nanorods used for this project were tuned to an excitation laser wavelength of 785 

nm.  

From previous lipid membrane studies, dioleoylphosphatidylcholine (DOPC) 

was demonstrated to have a well ordered, gold supported bilayer. Once a lipid 



 
 

bilayer was exchanged to the gold nanorod surface, a lipid solution interspersed 

with cholesterol was exchanged to the surface. The presence of cholesterol was 

confirmed in SERS by additional Raman peaks being observed that were 

characteristic of only cholesterol. 

Structural analysis by the surfaced enhanced Raman scattering (SABERS) 

method combines SERS and unenhanced Raman spectra with theoretical 

calculations of the optical field and molecular polarizability. Raman measurements 

of the samples are orientationally averaged while SERS spectra contain information 

on molecular position and orientation relative to the surface.  Together these reveal 

the molecular orientation and position of cholesterol in phospholipid bilayers. This 

method offers an approach to analyzing lipid membrane molecular structure under 

ambient conditions, with microscopic quantities, and without molecular labels. 
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Chapter 1 

Introduction 

“The body is a community made up of its innumerable cells or inhabitants.” – 

Thomas A. Edison 

1.1. Cell Membranes 

What defines what is inside a cell and what is outside is just a thin membrane, often 

only a few tens of nanometers in thickness. However, the cellular membrane is in itself an 

immensely complex system held together by noncovalently binding phospholipids, 

reinforced and modified by different sterol molecules, and riddled and shaped by 

numerous proteins embedded within the membrane. These proteins have a variety of 

functions, from identifying pertinent external signals to acting as gates or to create pores 

within the cellular membrane to facilitate the flow of ions and molecules across the 

membrane. Sterols, namely cholesterol in mammalian cells, affect the fluidity of the 

membrane bilayer, the overall thickness of the bilayer, and also the charge distribution 
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across different bilayer components. These alterations to the membrane facilitate protein 

activity as well as other cellular processes. While this work focuses on cholesterol within 

cellular membranes, let’s begin by focusing on the lipid membrane. 

1.1.1. Lipids 

For cellular membranes, the primary structure is a bilayer composed of lipids. There 

are eight classes of naturally occurring lipid molecules, but they all have the following 

characteristics: they are amphiphilic molecules that contain a polarized hydrophilic 

headgroup and a hydrophobic tail group. When lipids are placed in water, they naturally 

orient themselves so that the hydrophobic tail groups are shielded from water and only the 

hydrophilic head groups are exposed to water.  There are two configurations that are 

possible. The first is a micelle, where the headgroups form a spherical shell and have the 

tail regions protected inside the volume. However, this configuration is only for very small 

geometries of lipids. With the addition of more molecules leads to the most prevalent 

structure, the lipid bilayer. The inner and outer surface of the membrane are formed with 

the headgroups of the lipids and the tail groups of the inner and outer leaflets facing 

towards one another. The bilayer may form either a spherical structure (known as a 

liposome or vesicle) or a sheet.   
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Figure 1: The three main structures phospholipids form in solution; the liposome (a closed 
bilayer), the micelle, and the bilayer sheet. 

Cellular membranes are considered in the bilayer sheet regime due their large 

surface area compared to the curvature of membrane. When these bilayers are formed in 

mammalian cells the lipids are composed of eight general classes: fatty acids, glycerolipids, 

prenol lipids, saccharolipids, polyketides, sphingolipids, glycerophospholipids, and sterol 

lipids. 

Fatty acids are composed of a carboxylic acid head group that has a hydrocarbon tail 

chain of typically between four and twenty-four carbons, that can be saturated or 

unsaturated. Glycerolipids are created when the hydroxyl groups of glycerol are esterified 

by different fatty acids. Prenol lipids contain prenol (3-methyl-2-buten-1-ol) and examples 
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include linear alcohols, diphosphates, vitamins E and K, and are also the precursor to 

antioxidants and vitamin A. 

Saccharolipids are like glycerolipids except the glycerol backbone is replaced with a 

monosaccharide. Polyketides have a great structural diversity and include many secondary 

metabolites. Many commonly used anti-cancer, anti-parasitic, and anti-microbial agents are 

of this class or its derivatives. Sphingolipids are comprised of a sphingoid base backbone 

connected to a fatty acid chain. Sphingolipids (along with cholesterol) are commonly found 

in lipid rafts, where the long, saturated fatty hydrocarbon chains make regions of fluid 

membrane transform to a gel phase.  Certain embedded protein functions are dependent on 

these changes in the cellular membrane thickness, but they are not investigated for this 

research. 

Glycerophospholipids, more commonly referred to as phospholipids, are the main 

element of cellular membranes. My research used two phospholipids: 1,2-dioleoyl-sn-

glycero-3-phosphocholine (DOPC) and 1,2-dioleoyl-sn-glycero-3-phospho-(1'-rac-glycerol) 

(DOPG). The molecular structure is shown in figure 2. The “DO-“stands for “dioleoyl”, 

meaning there are two 18 carbon chains with one double bond each (for these molecules 

the double bond is at C8=C9). These chains are unsaturated due to the double bond. 

Unsaturated lipids have a lower fluid to gel phase transition due to the lower binding 

energy between the chains. However, the DO- family of lipids have a fluid to gel phase 

transition below 0°C, so our samples will remain in the fluid phase for the ambient 

temperature experiments.  
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Figure 2: Molecular structures for lipids used in this project. A: DOPC. B: DOPG with the 
same DO tail group but different PG head group compared to DOPC.  

The remaining letters in the lipid abbreviations indicate what headgroups the lipids 

have. “PC” stands for phosphatidylcholine, a zwitterionic structure composed of a 

phosphate group connected to a choline.  “PG” stands for phosphoglycerol, which has the 

choline group replaced with a neutral glycerol that makes the headgroup region negatively 

charged by the phosphate. How these two molecules interact to form a supportive bilayer 

around gold nanoparticles will be discussed in 1.1.3. 

Finally, there are sterol lipids, commonly called sterols. These will be examined 

more thoroughly in the next section with a focus on cholesterol. 

1.1.2. Sterols and Cholesterol 

Sterols are formed when steroids have one hydrogen atom replaced with a hydroxyl 

group at position 3 in the carbon chains. Sterols have a fused four-ring core structure 

derived from cholestane. Cholesterol is a major component of mammalian cell membranes, 
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while phytosterols and ergosterol serve the same functions in plant and fungal cell 

membranes, respectively.  

 

Figure 3: Molecular structures for cholesterol. 

My research focuses on cholesterol, which makes up roughly between 10-40% of 

cellular membranes depending on cell type and functioning.1-3 While numerous models and 

ideas were put forward last century, it wasn’t until near the turn of the millennium that one 

of the prevailing theories of cholesterol was put forward: the umbrella model.1 Cholesterol 

is a mostly hydrophobic molecule and as such it must integrate itself within cellular 

bilayers in order to avoid unfavorable energy interactions with water molecules. In order 

to screen the electrostatically unfavorable interactions, the headgroups of the lipids would 

alter their orientation by forming hydrogen bonds with the cholesterol and act as an 

“umbrella” screen for the cholesterol against the water. If the overall cholesterol content 

exceeded the screen potential of the phospholipids it formed isolated domains to minimize 

the free energy of the system, as seen in monolipid3-18 and lipid raft experiments.19  
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Figure 4: Umbrella model for cholesterol. A: DOPC can form up to two hydrogen bond with 
two cholesterol molecules. B) The lipid headgroup changes configuration to prevent 
cholesterol-water interaction. C) Lipid rafts may form where cholesterol increases 
membrane thickness and decreases fluidity. 

More recently, cholesterol was also found to be prevalent in the middle of the two 

leaflets of the lipid bilayer.20 This finding led to the more profound understanding that the 

overall bilayer thickness was also affected by the cholesterol concentration as well as 

cholesterol’s orientation within bilayers of different thicknesses.11, 13, 20 While it is 

energetically unfavorable for cholesterol to be alone in the center of the bilayer, it is 

theorized from molecular dynamics simulations that it forms dimer structures and/or 

interdigitates itself within the tail regions of the lipids.8, 21  

It would be prudent at this point to note the effect that cholesterol has on the 

density of the phospholipid bilayer, namely the condensing effect as it is called. The 
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condensing effect is whereby the surface area of the headgroups of phospholipids in each 

region are decreased in a section of the bilayer, with the phospholipid headgroups being 

more tightly packed together.22-29 Cholesterol has been shown to be a trigger for these 

highly ordered and packed domains to form in different fluid phase phospholipid 

bilayers.22, 24-27 It is energetically favorable for cholesterol to be protected from the water 

by forming complexes with the phospholipids, creating these condensed domains of tightly 

packed molecules.24, 27-29 While the condensing effect has been widely seen in 

investigations and is important for the functions of cellular membranes, it is not in the 

purview of the work discussed in this manuscript. 

1.1.3. Vesicles and Supported Membranes 

While membranes encompass cells of all types, from single celled organisms to the 

myriad cells that make up the complex human body, there are also various techniques to 

study different membrane models under unique conditions. Modern membrane models are 

based off the fluid mosaic model of lipid membranes conjectured by S. J. Singer and G. L. 

Nicolson.30 In the fluid mosaic model, the lipid membrane is treated as a two-dimensional 

liquid that is restricted to diffuse laterally. When cholesterol is added to these lipids, there 

is also the possibility of a liquid-ordered state appearing, whereby regions of lipids are 

tightly arranged within the fluctuation liquid phase. (See Figure 4C)  

Due to the fluidity of phospholipids and their propensity to naturally form vesicles 

in solution, researchers have learned a lot about membranes studying single or multiple 

component lipid vesicles in solution. For example, Niu and Litman found that even very 

slight changes in overall lipid molecule length or composition can dramatically affect the 
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propensity for cholesterol to diffuse into vesicles.31 They found that sphingomyelin allows 

for greater penetration of cholesterol into the bilayer, shedding some insight into the 

importance of sphingomyelin in the creation of lipid rafts.  

Another common method for investigating different features of membranes is by 

absorbing lipids onto flat surfaces to create a supported lipid bilayer. Supported lipid 

bilayers (SLBs) can be formed as single bilayer or stacks of them on a variety of substrates, 

the most common being either glass or mica. SLBs can also be formed on more exotic 

substrates such as gold. They are more difficult to synthesize but the process could be 

made easier with thiols and other molecules.16 The most important factor for SLB creation 

on substrates is the surface chemistry between the lipids and the substrate surface. Surface 

binding, according to Seifert and Lipowksy, is a balance between the adhesion energy 

between the lipids and substrate against the vesicle’s curvature energy.32, 33  

In Chapter 3, there will be further discussion of supported lipid bilayers on gold 

nanorods.  In that chapter, CTAB supported nanorods will have the CTAB interchanged 

with DOPC binding ionically to the bromide-gold interface to form supported membranes. 

DOPC supported membranes on gold diffuse easily with vesicles in solution, which allows 

for interchange with cholesterol doped DOPC vesicles. Finally, there will be a discussion of 

the affinity between the gold surface and the lipid molecule.  A critical concentration of 

lipid vesicles is required to be present in solution to maintain stable lipid layers on gold 

nanorods. 

For the point of clarity, moving forward when talking about the lipid membranes 

discussed in this work are composed of just DOPC (and DOPG for stability) and cholesterol. 
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While my findings might aid in the understand of lipid rafts, lipid rafts are not investigated 

within the scope of this work. 

1.2. Membrane Structure Methods 

Since the first observed cells under a microscope by Robert Hooke in 1665, in which 

cells looked like the small cellula of monks, researchers have been trying to understand 

their components and functions.  However, when looking at the lipid membrane of the cell, 

there has been a lot of difficulty in understanding how cell membranes are structured to 

allow for normal processes of the cell and the proteins imbedded within the membrane. 

Because lipid membranes need to be studied on a molecular scale, the diffraction limit of 

light limits the resolution of conventional light microscopes to whole cells. There are also 

hundreds if not thousands of different types of cell in the human body alone whose 

membranes are also as varied as their own functions. Lastly, the lipid membranes are a 

dynamic part of the cell, that changes based on several environmental and cellular factors.  

There is thus a tradeoff between getting bilayers as close to in situ or in naturally 

existing conditions and getting results that are identifiably unique to the cellular 

components that one is hoping to investigate. To investigate the whole picture of the lipid 

membrane, a variety of approaches and techniques are necessary. Here are several 

different experimental techniques that have been used for understanding lipid membranes 

among other topics. There will also be references in these sections where the techniques 

have been implemented to understand cholesterol’s orientation within the bilayer.  
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1.2.1. NMR 

 Nuclear magnetic resonance (NMR) spectroscopy uses the atomic magnetic field 

generated by a proton’s spin and is useful for identifying specific elements within a given 

molecule, namely hydrogen, carbon, nitrogen, and phosphorus. When an external magnetic 

field, H0, is applied to a proton’s magnetic moment μ, the magnetic moment will align either 

with or against the external field at an angle θ. This produces two states of potential energy 

±μH0 sinθ with a difference in energy levels of 2μH0 sinθ. If the proton then absorbs energy 

of the frequency ν = 2μH0 sinθ/h, where h is Planck’s constant, the magnetic moment can 

“flip” from one orientation to the other. For atoms other than hydrogen (that contains one 

proton), the protons in the nucleus can exhibit different energy levels due to having 

different orientations. This feature, called the magnetic spin number l, means an atom can 

assume configurations of 2l + 1, where l is an integer multiple of 1/2. Another confounding 

variable is the orbiting electrons which also affected by H0, that induces another magnetic 

field experienced by the nucleus. This modifies the field experienced by the nucleus where 

α is the screening constant of the electrons is 𝐻𝑒𝑓𝑓 = (1 − 𝛼)𝐻0. Additionally, nearby atoms 

to the base nucleus affect the field seen by the nucleus, but these interactions with other 

atoms and the environment provide useful atomic information from NMR. 

Chemical shift is the general name for the shift in resonance frequency due to different 

environmental factors when compared to standard reference material. These 

environmental factors also include the electronic structure of the molecule itself, where the 

local electron arrangement from bonds between neighbor atoms and the base nucleus 

cause a chemical shift. Free electrons from ions in solution or other molecules can cause 

screening to occur for the base molecule that can also change the chemical shift. All these 
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environmental factors and shifts are important for dynamic chemical situations since they 

provide conformational information based on the observed molecular interactions.  

Since many different environmental factors contribute to chemical shifts, artificial 

factors such as the introduction of deuterated water or doped isotopes of molecules can 

help shed additional light on molecular interactions and conformations. Deuterated water 

could for example be introduced to a lipid sample in order to see region thickness based on 

the absence of the deuterated water. Since cholesterol itself is a more mobile molecule 

compared to phospholipids, NMR can be used to probe how it interacts with the 

phospholipids. However, since NMR requires rapid angular averaging, solid-state NMR is 

needed for investigating lipid membranes in which sample membrane preparation is  

difficult. 

From Marquardt et al NMR experiments13 the saturation of the lipids was found to 

have a significant effect on how different cholesterol concentrations effect the fluidity and 

thickness of the lipid bilayers. Unsaturated lipids had cholesterol spanning between the 

leaflets of the bilayer while in saturated lipids cholesterol oriented itself more normally 

and also had an increased solubility. Bilayer thickness was also found to be the major factor 

that dictated where cholesterol was located in the bilayer. 

1.2.2. Optical Absorption and Emission 

If one goes back to fundamental electricity and magnetism, electromagnetic 

radiation (light) is made up of oscillating, mutually perpendicular electric and magnetic 

waves whose directions are both perpendicular to the direction of propagation. When 

interacting with matter, in this case molecules, light can either be scattered elastically, 
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inelastically, or absorbed by the molecules. Scattering will be discussed in greater detail 

later, with the next chapter focusing on Raman scattering. 

For the remaining interaction of absorbed light, the molecule is excited to a higher 

energy level, either real or virtual. The excited molecule can transfer this energy to 

adjacent molecules as thermal energy or it can reemit the light as fluorescence. The energy 

levels of molecules are discrete, whereby the molecule’s electron distribution determine its 

electronic energy levels. An electronic energy transition is thus when an electron of the 

molecule is excited by the absorption of light to a different, higher orbital state. This 

transition, and thus absorption of energy, is most likely to occur when the difference 

between the two discrete energy levels equals that amount of absorbed energy. 

 The absorptivity of a sample is thus given by Beer-Lambert law 

𝐴 =  𝜀𝑙𝑐 

where the probability of absorption at a single wavelength is described by the molar 

absorption coefficient 𝜖, l is the thickness of the sample molecules, and c is the molar 

concentration of the molecule.  If incident light of intensity 𝐼0 is shone on the sample, the 

intensity of transmitted light is given by 

𝐼 = 𝐼010−𝐴 = 𝐼010−𝜖𝑙𝑐   

Absorption spectroscopy provides considerable insight when studying molecules, 

since the absorption energies and transitions are dependent on the structure and 

environment of the molecules. One possible relaxation of an excited system is fluorescence, 

where light it re-emitted from the molecule at a lower frequency. 
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Figure 5: Energy level diagram exhibiting excitation due to absorbance and fluorescence. 
Fluorescence is at a longer wavelength/lower requency than the absorbed light. 

While fluorescence is not the only relaxation transition of excited molecules, energy 

can also be dissipated through thermal energy. Fluorescence is dependent on the specific 

properties of the excited molecules. The atomic arrangement of the molecule needs to 

create molecular energy levels that are permissive of fluorescence to occur. 

Fluorophores, as these fluorescent chemical compounds are called, are rare in 

nature since thermal dissipation of the absorbed energy is most likely. Fluorophores 

however are quite useful as markers for studying membrane structures. Both natural and 

synthetic fluorophores can be bound either to the surface of molecules or integrated into 

the molecular structure. Care must be taken to ensure that the alterations do not affect the 

molecular conformation or environmental interaction. In membrane structure 

experiments, fluorophores help examine lipid fluidity and diffusion. 
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1.2.3. Single-molecule fluorescence 

For fluorescence microscopy in general, a specimen is illuminated with a specific 

wavelength (such as a laser or xenon lamp) that is absorbed by fluorophores, molecules 

that absorb a specific light and then emit light of a longer wavelength. A dichroic mirror 

and a set of filters tuned to specific wavelengths that only allow desired light to be incident 

to the sample and resulting emitted light to be captured by the objective of a microscope. 

This allows the locations of the fluorophores can be identified within a given sample. 

Single molecule fluorescence thus has a given molecule modified to have a 

fluorophore attached (if needed) and observed in different environmental conditions. Since 

the lipid bilayer is a naturally flowing system, the fluorescence measurements need also be 

observed in time to see if a steady state is reached for distributions of observed molecules.  

Using single-molecule fluorescence, DeWitt and Dunn created systems of either 

DPPC (a saturated version of DOPC with shorter tails) or sphingomyelin, DOPC, and 

cholesterol.34 To these solutions, increasing amounts of cholesterol were added and then 

the lipid bilayer surface was examined. The cholesterol was modified to have a fluorophore 

on its tail that could be measured as well as a lipid fluorophore. Interestingly, cholesterol 

formed isolated domains of itself in the surrounding lipid bilayer, starting at roughly 1 

mol%. The modified cholesterol molecules were found to be oriented near 0, 24, 78, and 

90° from the film plane of lipids, though the 78° oriented molecules were pushed toward 

the 0, 24° orientations when cholesterol concentrations increased. The liquid-order state, 

where regions of increased bilayer thickness and decreased fluidity, also began to appear at 

roughly 1.5-2 mol% of cholesterol.  
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1.2.4. Linear dichroism 

Linear dichroism uses linearly polarized light that is oriented either parallel or 

perpendicular to the orientation direction of the sample. The linear dichroism 

measurement is thus the difference in the absorbance measurements in these two light 

orientations, where the incident light will cause photoexcitation within the sample and be 

absorbed if that orientation allows it. Linear dichroism can then be used either to figure out 

how a molecule is oriented in flow or, if the molecule’s orientation in flow is known, how 

the molecule is polarized, which are both useful pieces of information for the fluidic lipid 

bilayer. 

Linear dichroism experiments by Rocha et al, used pyrene and curcumin that were 

implanted into a DOPC bilayer and used to investigate flexibility of the bilayer in the 

vertical and perpendicular directions to the bilayer normal, respectively.17 By adding in 

varying amounts of cholesterol to the bilayer, they were able to see the changes in 

flexibility and orientation for the probe molecules. Their results showed that cholesterol 

decreased macroscopic orientation of DOPC molecules in the liquid-phase but increased 

the local orientation.  

1.2.5. X-ray and Neutron scattering 

Instead of absorbance of light energy, let’s move to a small discussion of scattering 

using X-rays and neutrons. While X-rays are electromagnetic waves, neutrons are the 

neutral nuclear particles. However, by using the quantum wave properties of particles, 

neutrons can be treated the same as X-rays when it comes to scattering. For samples with 
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many domains of repetition, such as in pure crystal lattices, a great deal of information can 

be obtained from the scattered probe. 

Diffraction is like scattering but occurs when waves are reflected from a repeating 

structure, producing constructive interference determined by Bragg’s law:   

𝜆 = 2𝑑 sin(𝜃) 

where 𝜃 represents the angle of the incident wave of wavelength 𝜆.  Construcive 

interference is created when the spacing between the planes of atoms d satisfies the 

equation above, otherwise the reflected waves will destructively interfer. 

 Neutron diffraction experiments are greatly aided when samples are deuterated 

selectively, either certain molecules or lipid regions, that act as a staining agent without 

changing the sample physically or chemically.14, 15 In situ, fully hydrated membranes in the 

fluid or liquid-order state are not able to form crystalline structures. Instead stacks of 

bilayers (multilamellar vesicles) are created, thus creating a repeated pattern responsive to 

X-ray or neutron scattering. While not ideal, these stacks still provide information on lipid 

layer thicknes in both fluid and gel phases.14, 15 A confounding factor for the bilayer stacks 

are the possible interbilayer interactions that could alter membrane structure, though 

usually such interactions are small enough to not dramatically affect fully hydrated lipid 

bilayers.15 

Kučerka et al use of X-ray scattering in combination with molecular dynamics 

simulations found cholesterol orients with a mean tilt varying between 15.2° – 24.2° near 

the headgroup, depending on the saturation of the lipid tails. In addition, cholesterol had 
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some preference to be in the middle of the bilayer but also preferred the inner leaflet due 

to cholesterol being concave and wanting to pack denser.11, 12  

1.2.6. Infrared Spectroscopy 

Infrared spectroscopy is mostly based on absorption spectroscopy, whereby infrared 

light is sent into a sample and then either the transmittance or absorbance of the sample is 

collected by an infrared spectrometer. While the energy in the infrared is not large enough 

to excite electrons within the sample molecules, it may induce vibrational excitation within 

the molecule. However, since each molecule has a unique chemical and electronic structure, 

only specific resonance frequencies or peaks are observed within the resulting spectrum to 

correspond to the unique vibrational modes of the molecule.  

These modes are based on several factors for the molecules. For example, a covalent 

double or triple bond will have a unique motion that will be seen in the spectrum. 

Hydrogen of different regions may exhibit symmetric or antisymmetric radial stretching 

modes from their base positions. Hydrogen pairs can also have scissoring or rocking 

latitudinal modes, or wagging or twisting longitudinal modes, which makes carbon-

hydrogen tails of molecules easy to be identified in spectrum. More complex but common 

organic chemical bonds have also been key markers for identify molecules within a given 

sample. 
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Figure 6: Sample IR spectrum of bromomethene with its characteristic peaks. [NIST 
Chemistry WebBook] 

Stevenson and Tokmakoff18 time-resolved IR spectroscopy experiments showed that 

cholesterol’s presence within bilayers was found to decrease the observation of lipid 

carbonyl-water fluctuations, leading credence to the umbrella model. Cholesterol caused 

tighter packing of the zwitterionic headgroups, increasing the electrostatic interactions 

between the headgroups, and constraining their motion and increasing bilayer thickness.  

1.2.7. Molecular dynamics 

With the advent of ever-increasing computational power, molecular dynamics is a 

computer simulation method that can simulate and analyze the physical movements of 

atoms and molecules. A system of tens to a few hundred molecules are given some initial 

arrangement within a given system. While such a complex system is determinable through 

analytical means, instead the trajectories of atoms and molecules are determined by 

numerically solving Newton’s equations of motion for a system of interacting particles. For 
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the biologically relevant systems, the forces between the particles and their energies are 

calculated by molecular mechanics force field and interatomic potentials. The simulations 

occur between nanosecond (10−9) to microsecond (10−6) timescales for the molecular 

arrangements, where the time span of the simulation matches the actual kinetics of the 

natural process. The desired simulation time is discretized into steps, where atomic and 

molecular positions and velocities are updated based on the forces and potentials of the 

last configuration.  

For biological experiments, molecular dynamics are used both to understand the 

results of other experimental techniques and give insight into the movement of molecules 

by focusing in on those simulation elements. Since lipids have hydrophobic and hydrophilic 

regions, molecular dynamic simulations also add in an either explicit or implicit solvent to 

their calculations.  

Some of the previously described experiments were supported by molecular dynamic 

simulations either by the same researchers or by another group. For the NMR experiments, 

Harron molecular dynamics results gave credence that the saturation of lipid had a 

significant effect on cholesterol packing with lipids.20 Kučerka et al experiment used 

molecular dynamics for the exact mean tilt of the cholesterol near the headgroup of 

lipids.11, 12  

In recent years, molecular dynamics simulations have found that individual 

cholesterol molecules are not static within phospholipid bilayers. Gu found that individual 

cholesterol molecules can flip-flop between the different leaflets of a bilayer, with 

increased flips in unsaturated lipids compared to saturated lipids, and that cholesterol’s tilt 



 21 

angles were greater in membranes with lower rigidity/order.35 Masone found with the 

bending of transmembrane domains that cholesterol fills in the voids caused by bending of 

the lipid bilayer, due to the increasing fluidity of cholesterol compared to phospholipids.21 
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Chapter 2 

Lipid Bilayers and Gold Nanorods 

2.1. Introduction 

With current technological abilities, it is not feasible to extract the cellular 

membranes of cells and completely encapsulate some millions of nanoparticles with the 

membranes. It is possible to have cells ingest different nanoparticles, and indeed this is a 

promising area of study for selective cancer cell treatments,36 but this method lacks fine 

tunability to selectively study certain aspects of cellular membranes.  

Instead of authentic cellular lipid membranes, artificial lipid coatings can help 

stabilize nanoparticles in aqueous solution, as well as help facilitate targeting and 

circulation in vivo.  Additionally, functionalized nanoparticles of either lipids or antibody 

components can be used in applications such for drug delivery or biomedical assays.  The 

nanoparticles themselves can be selectively chosen for geometry or materials (such as gold, 
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silver, silica, iron oxide, semiconductors, or polymer) depending on the application, both of 

which are determined by strategies associated with different surface chemistries.37-39 

Lipid presence at the surface of nanoparticles can be confirmed using several 

methods including surface charge from zeta-potential measurements, direct visualization 

by transmission electron microscopy (TEM), and several others.  For this research, 

however, a standard protocol for ligand exchange based on previous investigations was 

used and thus the methods for detecting the surface of the gold nanoparticles was a 

combination of extinction measurements and SERS.    

2.2. CTAB to DOPC Exchange 

With the widespread interest in biomedical research for biomembranes, a variety of 

methods to coat gold nanoparticles with lipids have been gaining traction for use in 

protocols.37-50 One method first coats nanoparticles with alkanethiol self-assembled 

monolayers as the inner layer. The hydrophobic tails of the monolayer then are exposed to 

lipids in solution to assemble the outer layer, where the outer leaflet exhibits natural 

biological interactions such as drug molecule interaction, and lipid exchange with vesicles 

in solution.37, 43 A similar strategy is to use a thiol-modified lipid for the lower layer, 

depicted in Figure 7: Ligand exchange of CTAB surfactant with a thiol molecule..  This 

method has been shown to create lipid membranes that can capture lipoproteins such as 

antibodies from solution to bind them close to the nanoparticle surface.44, 49 However, for 

all of the mentioned methods, the lower leaf of the lipid bilayer is firmly bound to the gold 

surface and does not permit a fully fluid, natural bilayer to be formed.   
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Figure 7: Ligand exchange of CTAB surfactant with a thiol molecule. 

Instead of completely displacing the entire ligand bilayer from the surface, the 

halide ions (such as bromide) remain on the surface and attract receptive lipids to the gold 

nanoparticle surface. Cetyltrimethylammonium bromide (CTAB) is one of the most used 

surfactants for gold nanoparticle synthesis and is used as a stabilizing agent. The bromide 

ions are bound to the gold surface and the trimethylammonium headgroup is 

electrostatically attracted to the nanorod surface, seen in Figure 8 : Ligand exchange of 

CTAB surfactant with DOPC, using attraction of Br- ions on gold nanorod surface.. The 

common lipid phosphatidylcholine (PC) terminates with a very similar quaternary 

ammonium cation as CTAB, so that these PC lipids should also be electrostatically attracted 

to the bromide ion on the nanoparticle’s surface.  By simply suspending CTAB stabilized 

nanorods in concentrated lipid vesicle solutions, several groups have exchanged CTAB for 

lipids.38, 39, 42, 48 
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Figure 8 : Ligand exchange of CTAB surfactant with DOPC, using attraction of Br- ions on 
gold nanorod surface. 

2.3. Experimental Methods 

2.3.1. Preparation of Lipid Vesicles 

The phospholipids 1,2-dioleoyl-sn-glycero-3-phospholipid (DOPC) and 1,2-dioleoyl-

sn-glycero-3-phospho-(1′-rac-glycerol) (DOPG) were purchased in chloroform from Avanti 

Polar Lipids.  A 9:1 mixture of DOPC:DOPG was created by adding 0.444 mL of 25 mg/mL 

DOPG to a round-bottom flask containing 4 mL of 25 mg/mL DOPC, both in chloroform. 

These lipids were then dried down from their chloroform solution under a stream of inert 

argon gas while being gently rotated, with a release tube for excess gas inserted.  The now 

clear-gel mixture was then hydrated in deionized (DI) water to bring the lipid 

concentration to 10 mg/mL.  These hydrated lipids were then gently bath sonicated for 

roughly 15 minutes until the formation of small unilamellar vesicles (SUVs) was observed.  

SUV solutions were mostly clear, with a slight blue tinge to them. Multilamellar vesicles 
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(MLVs) that the lipids naturally resuspend into with the presence of water are a milky-

white, opaque solution. SUVs are the desired lipid solution, due to the single membrane 

being more flexible and therefore easier to displace the CTAB on the nanorods. 

If a cholesterol and lipid sample was needed, the above 4.4 mL base lipid solution 

was created in chloroform. A stock of 100 mg/mL cholesterol in chloroform was created 

and 90 μL of this solution was added to the 4.4 mL solution to create a 6:1 lipid to 

cholesterol molar ratio solution. Other cholesterol concentrations were created in a similar 

manner. 

2.3.2. Gold Nanorod Synthesis 

The nanorod samples were created from a modified synthesis as follows: 

1. Heat 50 mL of water in a round-bottom reaction flask to 50°C, including stir bar. 

2. Weigh 1.4 g CTAB and 0.247 g of sodium oleate powder, add powders in the 50°C 

water. 

3. Spin this solution on medium setting and rinse sides of vessels with pipette to 

thoroughly dissolve the powders. 

4. Remove the heating element and allow flask to cool to 30°C by opening the top of 

the flask. Don’t turn off the heating mantle. 

5. Prepare 4 mM AgNO3 by adding 68 mg powder to 100mL DI water. Swirl to mix. 

6. Once at 30°C, add 4.8 mL ofAgNO3 into the main flask and leave undisturbed for 15 

minutes. Begin the preheat of 47.5 mL water.  
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7. Dilute 2.5 HAuCl4 solution into 47.5 mL of 30°C water. Add to reaction flask and set 

to medium stir. 

8. During 90 minutes at medium stir, growth solution will slowly change from a 

yellow/orange color to clear, as the gold ions reduce. 

9. Prepare 64 mM ascorbic acid solution by adding 565 mg powder to 50mL water, low 

stir and head. 

10. To create seed vessels: dilute 125 μL of HAuCl4 into 4.875 mL of water. 

11. Add the 5 mL HAuCl4 and 4 mL 200mM CTAB to the 20 mL seed vials. 

12. Prepare 10 mM NaBH4 solution by adding 38 mg to 100 mL water, gently swirling to 

dissolve. 

13. Add varying amount of NaBH4 solution (~1 mL) to seed vials, vigorously stir for 120 

second. 

14. Let the seed solution set for 30 minutes. 

15. Add 2.4 mL of concentrated 3M HCl to reaction flask, then slowly stir for 15 minutes. 

16. Add 250 μL of ascorbic acid solution, then vigorously stir for 30 seconds. 

17. Add 2 μL of the best seed solution, stir for 30 second, then let still for 12 hours. 
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Figure 9: Pictures of key step in the nanorod growth process on the left. Ideal looking seed 
solution is on the right. 

Once a good solution of nanorods was synthesized, as determined by extinction 

measurements of nanorod solution, TEM images of the nanorod sample were taken. From 

these images, seen on the left of Figure 10: Sonication of base nanorod solution. Left, TEM 

images of the different nanorods. Right, LSPR measurements of the abosrbance of the 

nanorod samples. Blue) Nanorods at the end of the synthesis process. Orange) 

Resuspending base nanorods in 10 mM CTAB and sonicating for 60 min. Grey) Nanorods 

after 6 rounds of lipid resuspension and 15 minute sonication baths. Note the rounding of 

the nanorods form undesirable square ends to curved hemispheres., the synthesized 

nanorods had squat, faceted ends. This geometry of these nanorods is non-ideal, with their 

enhancement region at the pinpoints of the faceted ends (blue in Figure 10: Sonication of 

base nanorod solution. Left, TEM images of the different nanorods. Right, LSPR 

measurements of the abosrbance of the nanorod samples. Blue) Nanorods at the end of the 

synthesis process. Orange) Resuspending base nanorods in 10 mM CTAB and sonicating for 

60 min. Grey) Nanorods after 6 rounds of lipid resuspension and 15 minute sonication 

baths. Note the rounding of the nanorods form undesirable square ends to curved 



 29 

hemispheres.) which enhance only a small region of their surface area. It is desirable to 

round these edges to create hemisphere endcaps (seen in grey for Figure 10: Sonication of 

base nanorod solution. Left, TEM images of the different nanorods. Right, LSPR 

measurements of the abosrbance of the nanorod samples. Blue) Nanorods at the end of the 

synthesis process. Orange) Resuspending base nanorods in 10 mM CTAB and sonicating for 

60 min. Grey) Nanorods after 6 rounds of lipid resuspension and 15 minute sonication 

baths. Note the rounding of the nanorods form undesirable square ends to curved 

hemispheres.), where the enhancement region of the endcaps is quite large and the 

curvature of the endcap regions covered with a surface-bound lipid bilayer is closer to in 

vivo vesicles.  

Several solutions were found for rounding the endcaps of the nanorods, with the 

most successful being sodium borohydride, NaBH4. While NaBH4 was successful at 

rounding the endcap regions, the etching agent would tend to quickly start to eat away at 

the entire nanorod itself. However, after nanorod solutions had undergone the lipid 

resuspension process, it was found from the extension measurements that the peak 

wavelength of the nanorods shift to the blue (right side of Figure 10: Sonication of base 

nanorod solution. Left, TEM images of the different nanorods. Right, LSPR measurements of 

the abosrbance of the nanorod samples. Blue) Nanorods at the end of the synthesis process. 

Orange) Resuspending base nanorods in 10 mM CTAB and sonicating for 60 min. Grey) 

Nanorods after 6 rounds of lipid resuspension and 15 minute sonication baths. Note the 

rounding of the nanorods form undesirable square ends to curved hemispheres.). When 

these samples were checked under TEM, it was found that the endcaps of the nanorods 

were rounded and near hemispherical. While the number of undesirable nanoparticle 
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shapes also increased, the sonication method for endcap smoothing was the most desired, 

since no additional preparation steps were needed. The only change to the synthesis 

process was to end the synthesis process when the nanorods were further red (higher 

wavelength of peak), so the rounding will shift the nanorods to the blue (lower 

wavelength). 

Localized surface plasmon resonance and the success of these initial procedures will 

be discussed more in depth in the next chapter.  

 

Figure 10: Sonication of base nanorod solution. Left, TEM images of the different nanorods. 
Right, LSPR measurements of the abosrbance of the nanorod samples. Blue) Nanorods at 
the end of the synthesis process. Orange) Resuspending base nanorods in 10 mM CTAB and 
sonicating for 60 min. Grey) Nanorods after 6 rounds of lipid resuspension and 15 minute 
sonication baths. Note the rounding of the nanorods form undesirable square ends to 
curved hemispheres. 

CTAB stabilized gold nanorods (50 nm diameter, 160 nm length, ~ 790 nm peak 

absorbance) were synthesized.  These rather large nanorods were chosen due to their 
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relatively large radius of curvature which is more amenable for a lipid bilayer surface.  The 

nanoparticle concentration on the order of ~10 pM gave a peak plasmon absorbance of 1.  

This absorbance was used later as a metric for concentrating the nanorods.  While there is 

the possibility of a small amount of silver being present on the gold nanorod surface due to 

the silver-mediated seed particle synthesis, previous studies found a negligible if any 

amount on the surface through this method. 

 

Figure 11: Ligand exchange of CTAB surfactant with DOPC. 

Since the quaternary amine of DOPC is less charged than the trimethylammonium of 

CTAB, DOPC alone was not able to stably keep the nanorods suspended in solution.  

Therefore a 10 mol % of DOPG was added to the DOPC solution when coating nanorods to 

provide extra repulsive charge to keep the nanorods stably suspended in solution. 

There were several rounds of resuspension in order to displace the stabilizing 

surfactant CTAB with the DOPC:DOPG mixture.  Roughly 4 mL of the synthesized nanorods 

were centrifuged in large, quartz centrifuge tubes at 2500 rpm for 20 min, and the 

supernatant was discarded.  The nanorod pellet at the bottom of the tube was then 
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resuspended in 3.5 mL of 10mg/mL SUVs and lightly sonicated for 20 min.  This process 

was repeated three times. The solution was then checked by SERS to see if there was any 

remaining CTAB left (that is, a peak at 760 cm-1) and, if so, the resuspension process was 

repeated until the peak disappeared.  

 

Figure 12: Encapsulated gold nanorod with 9:1 DOPC:DOPG supported lipid bilayer. Note 
that the charge of DOPG is used to prevent aggregation between nanorods. 

 When investigating cholesterol, once a stable lipid bilayer was created on the 

nanorods and there was no presence of CTAB left, the nanorod solutions were once again 

pelleted and resuspended in the method described above. However, the 6:1 

lipid:cholesterol SUV solution was instead used for resuspension. It was found that 

cholesterol SUVs had a difficult time displacing CTAB off the gold nanorod surface. 

However, the lipid:cholesterol SUVs were found to exchange with the pure lipid bilayer on 

the nanorods quite readily, depicted in Figure 13: Interchange of cholesterol infused SUVs 
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with the lipid bilayer supported on the gold nanorod surface.. As such, the resuspension 

process occurred at least three times at which time the solution was checked in SERS for 

any cholesterol peaks to appear. If none did, this process was repeated as necessary. 

 

Figure 13: Interchange of cholesterol infused SUVs with the lipid bilayer supported on the 
gold nanorod surface. 

2.3.3. Lipid Phases on Gold Nanorods 

While DOPC was chosen for these experiments due to it being in fluid phase at room 

temperature, other lipids could be attempted in the future. DPPC for example, a fully 

saturated DOPC lipid, needs to be heated to be in the fluid phase for accurate 
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measurements with the current Raman spectrometer. The junior graduate students of the 

group are currently attempting both the resuspension of the lipids as well as the taking of 

Raman measurements with different heating elements to assure fluid phase of the lipids. 

(Figure 14) 

 

Figure 14: Early results for DPPC lipid membranes created by Mathieu Simeral. A) Shift in 
the Raman modes associated with the DPPC tails between the gel and fluid phase of the 
liquid. B) Raman and C) SERS peak intensities of the peaks in A as a function of 
temperature.  

The DOPC experiments were performed with conditions in which the lipid bilayer 

was in a liquid-disordered state.51-56 The liquid ordered state was assumed based on the 

difference observed at room temperature between solutions of DOPC (a fluidic blue 
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solution) and DPPC solutions (solid gel). As both the Raman and SERS measurements were 

being taken, laser heating of the solution would only increase the temperature of the 

solution.57 This heating would not change the lipid bilayer from the liquid-disordered 

state.53, 54  
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Chapter 3 

Raman Scattering 

“So, you study that one Japanese food? That’s cool.” – Erik Weaver 

3.1. Raman Scattering Overview 

In 1928, the Indian scientists C. V. Raman and K. S Krishnan published their findings 

on the inelastic scattering of light off a molecule of interest.58 This process, called Raman 

scattering after its discoverer, is a process by which an incident photon interacts with a 

molecule or crystal and the resulting reemitted photon is of a different energy due to the 

molecular vibrational modes of the sample as can be seen in Figure 15. 
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Figure 15: Pictoral diagram of the different types of light scattering off a molecule.  

In order to give a more fundamental understanding of what Raman scattering is, 

think of the molecule as a collection of atoms. One can then count the number of vibrational 

modes in the molecule.  For a given molecule containing N atoms, there exists 3N degrees of 

freedom in the molecule whereby each degree of freedom can be categorized into either 

translation, rotation, or vibration.  Universally, there are three translations which 

correspond to translating the molecule along either the x, y, or z directions.  If the molecule 

is not a straight line of atoms (defined as a non-linear molecule), three of the rotational 

degrees of freedom correspond to rotation of the entire molecule about the x, y, or z-axis 

about an origin point. Thus, if one combined all these constraints, the number of vibrational 

modes in a non-linear molecule with N>2 atoms is 3𝑁 − 6.  For a linear molecule, there 

exists a rotationally symmetric axis so that only 2 degrees of rotational freedom exist, and 

the total number of vibrations for a linear molecule is 3𝑁 − 5.59 
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These vibrational modes for a given molecule are important since they are unique 

for each unique molecule. Molecular vibrational modes have a typical frequency 

somewhere in the range of 1012 to 1014 Hz, where these energies fall into the infrared 

region of the electromagnetic spectrum.  By absorbing specific amounts of energy, 

molecules in the sample can be excited to higher energy states.  The use of infrared incident 

light, usually from a laser, ensures that the energy exchanged will probe vibrational energy 

transitions within the molecule and is the basis of IR spectroscopy.  There is no concern for 

electronic energy state transitions since these transitions require higher energy.   

When visible light interacts with a molecule it may be absorbed due to transitions of 

the electrons within the molecule.  If no electronic transition equal to the absorbed energy 

exists, the light will be predominately scattered at the same energy (Rayleigh scattering) 

and has an intensity in the range of 0.1% to 0.01% relative to the radiation source.60 A 

small fraction of scattered visible light can be scattered inelastically (approximately 1 in 10 

million), whereby the scattered light may lose or gain some energy from a vibrational mode 

in the molecule. These Raman scattered photons may be shifted to either a lower energy in 

the case of Stokes, or to a higher energy in the case of Anti-Stokes (seen in Figure 16: 

Energy-level diagram showing the states involved in Raman spectra.). Anti-Stokes Raman 

scattering is a very useful tool for carefully studying the temperature of a sample.  

However, the work done here was in studying the Stokes Raman scattering situation since 

the ambient temperatures of the sample allow the molecules to be in vibrational states 

naturally.  
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Figure 16: Energy-level diagram showing the states involved in Raman spectra. 

To further understand Raman scattering, consider the classical treatment of a 

molecule as a collection of charges arranged in a specific geometric orientation.59 If an 

external electric field is applied to the molecule, an induced dipole in the molecule is 

created and described by 𝜇𝑖𝑛𝑑 = 𝛼𝐸.  In the case of incident light, the external electric field 

oscillates so that 

𝐸 = 𝐸0 cos 2𝜋𝜈𝑡 

where 𝜈 is the frequency of vibration and 𝑡 is time.  Therefore, the induced dipole of the 

molecule from this oscillating field is  
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𝜇𝑖𝑛𝑑 = 𝛼𝐸0 cos 2𝜋𝜈𝑡   

The polarizability of the molecule is a function of the atomic arrangement in the 

molecule and therefore changes as the molecule vibrates.  Therefore, 𝛼 will vary at the 

vibrational frequency of the atomic bond so that  

𝛼 = 𝛼0 + (Δ𝛼) cos 2𝜋𝜈0𝑡  

where 𝛼0is the polarizability at equilibrium, 𝛥𝛼 is the maximum polarizability deviation, 

and 𝜈0 is the natural vibration frequency.  Combining these results, we see that  

𝜇𝑖𝑛𝑑 = 𝛼0𝐸0 cos 2𝜋𝜈𝑡 +
1

2
𝛥𝛼𝐸0[cos 2𝜋(𝜈 + 𝜈0)𝑡 + cos 2𝜋(𝜈 − 𝜈0)𝑡]  

Equation 1: The oscillating induced dipole of a molecule in an incident oscillating electric 
field. 

In this expression, the induced dipole oscillation at frequency 𝜈 represents Raleigh 

scattering, and the oscillation frequencies 𝜈 + 𝜈0 and 𝜈 − 𝜈0 represent the Stokes and Anit-

Stokes Raman frequencies respectively.  Instead of looking for shifts from incident light, IR 

spectroscopy focuses on the absorbed infrared light by a vibrating molecule by studying 

the range of transmitted IR light through a sample.  IR active molecules are those in which 

the dipole moment of the molecule change due to vibrational transitions and lead to the 

absorption of IR light.  Raman scattering focuses on the scattering of indecent light altered 

by a vibrating molecule.  Raman active molecules conversely are where the polarizability of 

the molecule changes and lead to scattering of energy shifted light as described above. 



 41 

3.1.1. Raman Shift 

When talking about Raman scattering, it would be prudent to note that Raman 

shifts, as the difference in energy between incident and scattered photons are called, are 

typically reported in wavenumbers. Wavenumbers have units of inverse length, since the 

value is directly related energy. To convert between spectral wavelength and wavenumber 

of the Raman spectrum, the following formula is used: 

∆𝜈 = (
1

𝜆0
−

1

𝜆1
) 

where ∆𝜈 is the Raman shift expressed in wavenumber, 𝜆0 is the excitation wavelength, and 

𝜆1 is the Raman spectrum wavelength. For this work, the Raman spectrum are expressed in 

inverse centimeters (cm-1). Thus, the above formula can be scaled with the nanometers 

(nm) of the incident light to be:  

 

∆𝜈 (𝑐𝑚−1) = (
1

𝜆0(𝑛𝑚)
−

1

𝜆1(𝑛𝑚)
) × (

107𝑛𝑚

𝑐𝑚
) 

Equation 2: Formula for wavenumber convention. 

3.2. Localized Surface Plasmon Resonance 

When an oscillating electric field of incident light interacts from air with a metallic 

surface, the electron gas of the surface may be excited into a delocalized oscillatory state 

know as a surface plasmon. With enough incident energy, a bulk plasmonic response of the 
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entire surface may be induced in surface plasmon polariton. However, if instead of a large 

metal interface, the incident light interacts with the closed surface of a small particle a 

localized surface plasmon response may instead be excited as seen in Figure 17 : The 

localized surface plasmon for a metal sphere. The electon cloud of the gold nanoparticle 

oscillates in the presence of an external electric field.. In both the bulk surface and 

nanoparticle cases, the study of these oscillations is called plasmonics. 

 

Figure 17 : The localized surface plasmon for a metal sphere. The electon cloud of the gold 
nanoparticle oscillates in the presence of an external electric field. 

 

The incident light can induce a standing wave in the free electron gas of a metallic 

nanoparticle if the frequency of light is resonant for the size, shape and conductivity of the 

metal, as determined by Maxwell’s equations for electromagnetism. Like the propagation of 

surface plasmons in a metallic surface, the confined conduction electrons of metallic 

nanoparticles oscillate spatially.  The dielectric function of the material of nanoscale 
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metallic nanoparticles is fundamentally important in the formation of a localized surface 

plasmon resonance (LSPR).  Nanoparticles composed of materials such as noble metals 

(gold, silver, etc.) which have a small positive imaginary, and negative real dielectric 

constant can support such a surface plasmon.  However, while a silver nanoparticle can 

have a plasmon resonant frequency in the UV region for a given size and shape, a gold 

nanoparticle of the same geometry would have a lower resonant frequency in the visible 

spectrum of light. The environment in which these nanoparticles are suspended affects the 

plasmon response as well.  

3.3. LSPR Sensing 

From Mie theory, for a spherical particle the extinction (defined as the sum of 

absorption and scattering) is given by  

𝜎𝑒𝑥𝑡 =
𝜆2

2𝜋
 ∑(2𝐿 + 1)𝑅𝑒(𝑎𝐿 + 𝑏𝐿)

∞

𝐿=1

 

𝑎𝐿 =
𝜇𝑚2𝑗𝐿(𝑚𝑥)[𝑥𝑗𝐿(𝑥)]′ − 𝜇1𝑗𝐿(𝑥)[𝑚𝑥𝑗𝐿(𝑚𝑥)]′

𝜇𝑚2𝑗𝐿(𝑚𝑥)[𝑥ℎ𝐿
1(𝑥)]′ − 𝜇1ℎ𝐿

1(𝑥)[𝑚𝑥𝑗𝐿(𝑚𝑥)]′
 

𝑏𝐿 =
𝜇1𝑗𝐿(𝑚𝑥)[𝑥𝑗𝐿(𝑥)]′ − 𝜇𝑗𝐿(𝑥)[𝑚𝑥𝑗𝐿(𝑚𝑥)]′

𝜇1𝑗𝐿(𝑚𝑥)[𝑥ℎ𝐿
1(𝑥)]′ − 𝜇ℎ𝐿

1(𝑥)[𝑚𝑥𝑗𝐿(𝑚𝑥)]′
 

Equation 3: The general Mie extinction solution. 

where m is the relative index of refraction of the material, j and h are the spherical Bessel 

and Hankel functions, and 𝜇 is the magnetic permeability.  For spherical particles much 
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smaller than the wavelength of light, the general Mie solution for the extinction can be 

simplified to: 

𝜎𝑒𝑥𝑡(𝜔) =
9𝜔

𝑐
𝜖𝑚

3/2
𝑉

𝜖2(𝜔)

[𝜖1(𝜔) + 2𝜖𝑚]2 + 𝜖2(𝜔)2
 

Equation 4: General Mie solution for excitiation of particles much smaller than the 
wavelength of light. 

where 𝜖𝑚 is the dielectric constant of the surrounding medium, and 𝜖1(𝜔) and 𝜖2(𝜔) are 

the real and imaginary components of the dielectric function of the particle’s material.   

For the gold nanoparticles used for this research (as well as other noble metals such 

as silver and copper), gold has a negative real component in its dielectric function which 

gives its extinction versus wavelength curve a Lorentzian peak centered at the plasmon 

resonance frequency. This frequency is where the negative real part of the metal’s 

dielectric constant equals twice that of the medium. The surrounding medium index of 

refraction also directly alters the exact wavelength of the peak position of the localized 

surface plasmon resonance in Equation 3-4. 
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Figure 18: Depiction of the relative scattering directions for different types of scattering. 

With nanoparticles that are encapsulated within a lipid bilayer, phase transitions 

within lipid layers on the surface of a nanoparticle can also affect the surrounding index. 

For lipid membranes in solution, their dielectric function (or refractive index) changes 

during the gel to fluid phase transition due to the reordering of the molecules during the 

transition, which affects the molecular polarizability at optical frequencies.61 Thus, for the 

experiments, the lipids remain in the fluid phase for the ambient temperatures experienced 

for the instrument measurements. 

One possible complexity when using lipid membranes is that lipid membranes are 

optically birefringent.  Birefringence Δ𝑛 is defined as the extraordinary index of refraction 
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𝑛𝑒 which is parallel to the optical axis, minus the ordinary index of refraction 𝑛𝑜 which is 

perpendicular to the optical axis, or 

Δ𝑛 = 𝑛𝑒 − 𝑛𝑜 

While not studied for the purpose of this research, it is prudent to take note its possible 

effects on the results. 

3.4. Surface Enhanced Raman Scattering 

By having incident light induce a localized surface plasmon, metallic nanostructures 

then concentrate light to a nanometer scale near the nanoparticle surface due to the 

resonant oscillations of the free electrons.62 Surface-enhanced spectroscopy uses these 

plasmon resonances, which greatly increase the optical field intensity at the nanoparticle 

surface.63 The intense surfaced enhanced field can be exploited by positioning a molecule at 

the surface of a nanostructure.  This concentrated electromagnetic field at the 

enhancement regions amplifies the Raman scattered light for nearby molecules, leading to 

the technique known as surface enhanced Raman scattering (SERS).64   
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Figure 19: Electric field enhancement regions at the endcaps of gold nanorods used in this 
research. (Dimensions 120 x 50 nm) 

For a more theoretically rigorous understanding of the physics of SERS, let’s start by 

considering a molecule on the surface of a spherical particle.  Treating the molecule as a 

classic dipole, if the molecule was then illuminated with a plane wave of frequency 𝜔0 the 

molecule dipole will radiate photons at the Raman frequency 𝜔.  The dipole moment of our 

radiating molecule can be written as 

𝒑(𝒓′, 𝜔) = 𝜶 ∙ 𝑬𝒑(𝒓′, 𝜔0) 

where 𝒓′ is set of radial space coordinates from the dipole and 𝛼 is the polarizability tensor 

for the molecule.63, 65 Now recalling the enhanced electric field due to the presence of the 

metal sphere, one can add in an enhancement factor g to the scattered field.  This changes 

magnitude of the field radiated by the particle to  

𝐸𝐿𝑀 = 𝑔𝐸𝑖  
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where 𝐸𝑖 is the magnitude of the incident field and 𝐸𝐿𝑀 is the Lorentz-Mie calculated 

scattered field.  Thus, a molecule on the surface will on average scatter a Raman field of 

magnitude  

𝐸𝑠𝑐 ∝ 𝛼𝐸𝐿𝑀 ∝ 𝛼𝑔𝐸𝑖.66  

To reiterate, 𝐸𝐿𝑀 is the field scattered by the particle as calculated by Mie theory, 

while 𝐸𝑠𝑐  is the field scattered by the molecule on the particle’s surface. 

  In addition to the incident electric field being enhanced by the particle, the 

frequency shifted Raman scattered light from the molecule is also enhanced by the particle 

by an enhancement factor g’.  The moniker g’ is used to emphasize that since the Raman 

scattered light is at a shifted frequency 𝜔, the enhancement factor will differ from g.  With 

this additional enhancement term for the electric field, the magnitude of the SERS scattered 

field is then given as  

𝐸𝑆𝐸𝑅𝑆 ∝ 𝑔′𝐸𝑠𝑐 ∝ 𝛼𝑔𝑔′𝐸𝑖.66  

Finite element method (FEM) of COMSOL is used to determine the enhancement 

factors g and g’, whereby the electric field enhancement is calculated through the 

appropriate boundary value calculation.  The SERS intensity is then given by the square of 

the field magnitude, thus 

𝐼𝑆𝐸𝑅𝑆 ∝ |𝛼′|2|𝑔𝑔′|2𝐼0 

Equation 5: The intensity of the enhanced Raman signal in SERS.. 66 
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Thus, these metallic nanoparticles behave like an antenna, since the particles both 

focus the incident light onto the surface and simultaneously broadcast the Raman scattered 

light.  The enhancement can be increased further by bringing two or more nanoparticles in 

close proximity. The coupled near fields of the nanoparticles generate “hot spots,” where 

the increase of the broadcasted signal is enough that vibrational spectra from a single 

molecule can be recorded.67  

SERS has been extensively pursued for various applications in microscale and 

nanoscale biological and chemical sensing. Mainly, these investigations have focused on 

creation and refinement of metallic substrates that provide large enhancements and high 

detection sensitivity.67-72 Due to the electron gas oscillations, the localized surface field 

enhancement is polarized relative to the surface of the nanostructure. As can be seen in 

Figure 19: Electric field enhancement regions at the endcaps of gold nanorods used in this 

research. (Dimensions 120 x 50 nm), there is a strong distance dependence of the 

enhancement region which can provide structural information on the surrounding layer.  

Using these properties, a surfactant layer structural transition was detected by SERS73 as 

well as when the surfactant structure on gold electrodes were studied with SERS.74  

As a huge boon to different biological studies, SERS provides molecular specificity 

without the need for labels or dyes, and therefore can be a powerful tool for the study of 

biomembrane structures in as close to realistic conditions as possible.  This is 

advantageous in the study of biological structures where many current methods are 

restricted to less natural environments. 
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3.5. Results from Initial Conjugation Procedures 

3.5.1. SERS and LSPR Measurements  

To control nanorod concentration, the peak spectral extinction was measured for 

the nanorod samples using an Ocean Optics USB 2000 fiber spectrometer.  The 

experimental configuration is shown below in Figure 20: LSPR setup.. A 1 cm path length 

cuvette was used to measure the excitation peak amplitude.   

 

Figure 20: LSPR setup.  
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All SERS measurements used for this research were taken from gold nanorods 

suspended in solution (DI water or DI water & lipid vesicles) at room temperature.  All 

Raman and SERS measurements were recorded with a home-built Raman spectrograph. The 

excitation source was a stabilized diode laser (Ondax RO-785) at 785 nm wavelength and 80 

mW power. The beam was further filtered by a volume holographic grating (VHG), and the 

power was adjusted with a linear variable neutral density filter. The beam was brought into 

the imaging system via a dichroic mirror (Semrock LPD02-785RU-25x36x1.1). The beam 

was focused into the sample by a near-infrared corrected 20x/.45 NA microscope objective 

(Olympus LCPLN20XIR). The solution-phase samples were held in 1x1 mm glass capillaries 

with 0.2 mm thick walls (VitroCom, #8100) for optical access and 1/16th inch tygon tubing 

for the rest of the flow system. The objective focused the beam spot into the center of the 

capillary. Scattered light passed back through the objective, dichroic mirror, and through a 

blocking filter (Chroma RET792lp). A second near-infrared corrected objective, 5x/0.1 NA 

(Olympus LMPLN5XIR) focused the beam onto the entrance slit of the spectrograph 

(Princeton Instruments IsoPlane SCT 320). The spectrum was recorded on a 

thermoelectrically cooled, open electrode CCD camera (Princeton Instruments Pixis 256E).  
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Figure 21: Pictoral diagram of the SERS experimental arrangement. 
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Figure 22: Photograph of the SERS experimental arrangement. 
 

Solution-phase SERS measurements with static nanoparticle solutions were found 

to be problematic. First, larger nanoparticles (> 100 nm) like those used here settle to the 

bottom of containers after several hours, altering the SERS signal with time. Even for brief 

exposure times, optical forces and thermophoresis affect the concentration of 

nanoparticles in the beam spot in unpredictable ways.57 Therefore, a cell was constructed 

that allowed for continuous flow and mixing of the nanoparticle solutions so that long 

exposures can be recorded. As illustrated in Figure 23, an aliquot of the nanoparticles 

solution was put into an open conical vial. A square 1 mm ID glass capillary was inserted 

into the conical vial and connected to a syringe pump at the other end. The pump draws the 
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solution up into the capillary above the optical axis of the objective lens. During the 

spectral acquisition, the solution was pumped up and down so that the volume exposed to 

the laser beam was repeatedly mixed against the bottom of the conical vial and replaced. 

The acquisition was typically 10 – 100 minutes and the pump rate was about 0.5 Hz, so 

samples were thoroughly mixed throughout the measurement. 

 

Figure 23: A schematic of the sample flow system. 

3.5.2. Nanorod stability 

To make sure that the nanorods were stable, extinction measurements of nanorod 

samples were taken. For samples in which the nanorods were stable due to conjugated 

ligand bilayer (Figure 24a), the sample was cleared for further SERS measurements. If the 

sample started to aggregate, the main LSPR peak would decrease from its normal intensity 

and a strong shoulder would appear to the right of it, seen in Figure 24b. In addition, the 
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absorbance measurements would be taken at the beginning or end of a dilution run for the 

SERS experiments, to know exactly the concentration of the nanorods in each experiment 

and account for the absorbance of each. 

 

Figure 24: Absorance measurements for two nanorod samples. A) Sample that is supported 
by a lipid bilayer. B) Sample that has crashed, and the nanorods have aggregated with one 
another.  

3.5.3. Confirmation of CTAB Exchange  

Following the experimental preparations outlined in the previous chapter, SERS 

spectra were collected at each step in the exchange process and carefully analyzed. For 

identifying CTAB, CTAB-stabilized gold nanorod solution gave the spectrum shown in 

Figure 25.75 The 760 cm-1 peak corresponds to the symmetric stretch of the 

trimethylammonium headgroup.  The peaks at 1076 and 1148 cm-1 are the skeletal 

deformations of the alkane chain.  Finally, the peaks at 1273 and 1448 cm-1 correspond to 
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CH2 twist and wag vibrations. 74, 76-79  Recollect that the CTA+ ions of the headgroup are 

attracted electrostatically to the nanorod surface by the bromide ion which strongly binds 

to the gold surface. 80, 81  The proximity of the bromide ion to the gold surface significantly 

enhances the bromide-gold  vibration within the enhancement region, resulting in a strong 

peak observed at 176 cm-1.78  Prior investigations showed that the bromide ion was 

replaced with the chloride ion and the peak was shown to shift to 250 cm-1 since chloride is 

a lighter surface halide.73 

 

 

Figure 25: DOPC and CTAB molecules shown above.  The SERS spectra of CTAB and 
DOPC/DOPG coated gold nanorods with particular modes highlighted are also shown.  
Matching colors illustrate vibrational mode locations.  A refinement to the background 
subtraction process has occurred over the time of this research.75 

Once a lipid bilayer has been shown to replace the CTAB around the gold nanorods, 

another round of resuspension occurs for the lipid and cholesterol sample. After at least 
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three rounds of resuspension in lipid solutions, the samples are then taken and measured 

in the SERS instrument. Figure 26 depicts a successful resuspension of a lipid + cholesterol 

bilayer (6:1 ratio) onto the gold nanorods.  
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Figure 26: Lipid resuspension check: possible cholesterol peaks (blue, red, yellow, and 
black dotted lines) and lipid peak (L). Five top spectrum are a progressive dilution series, 
100, 80, 60, 40, and 20% nanorod concentrations. Water signal (green) and optics 
background (dark blue bottom), are used to remove background signal.  

L 
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Chapter 4 

SABERS 

“If I have a thousand ideas and only one turns out to be good, I am satisfied.” – Alfred 

Nobel 

4.1. Structural Analysis from SERS 

From the previous chapter, surface enhanced Raman scattering (SERS) is a very 

versatile and potent technique to investigate interfacial molecular structure. The technique 

has some difficulty in interpreting signals due to the complex structure of the 

electromagnetic near field of the surface, complicated polarizability and vibrational modes 

of large molecules of interest, variations of positions and orientations of molecules relative 

to the nanorods surface, and possible interactions between molecules and the metallic 

surface.63, 82-84  

Conversely however, SERS experiments can be conducted in ambient lab conditions 

and in solution, with only microliters of sample necessary for investigation. SERS and 

vibrational spectroscopy provide specificity without the use of molecular labels. The near 

field enhancement decays rapidly over nanometers (the length scales of molecules) and the 
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enhanced field is aligned perpendicular to the metallic surface. This field alignment can 

thus provide some selectivity in the vibrational modes observed in the resulting spectrum.  

In this chapter, a technique called structural analysis by enhanced Raman scattering 

(SABERS) will be discussed in detail for its process of understanding molecular 

orientations within a lipid bilayer. In the next chapter, SABERS will be used to find the 

orientation of lipids on the surface of gold nanorods as well as the orientation and position 

of cholesterol within the lipid membrane. SABERS combines electromagnetic near fields 

from numerical simulations with finite element analysis (FEA) and theoretical 

polarizability tensors calculated from time dependent density functional theory (TDDFT). 

The theoretical calculations are then compared to experimental SERS and Raman spectra, 

to determine the position and orientation of specific molecules near the surface of a 

nanorod (Figure 27). In this manner, many of the experimental difficulties of SERS 

measurements can be accounted for to better understand molecular structures.  
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Figure 27:  Example of gold nanorod nearfield optics used in SABERS. A) A transmission 
electron micrograph of gold nanorods, 25nm diameter hemispherical endcaps. B) A scaled 
overlay of the calculated electric field lines (dashed) and the electric field magnitude (color 
scale) from an FEM simulation.  A TDDFT optimized structure of DTAB (a shorter CTAB 
molecule) on the tip of the nanorod (gray).  The coordinate system for the orientation is 
also presented.85 

4.2. Calculating Orientation Variables 

4.2.1. Electric Field Calculations 

At the surface of a metallic nanoparticle, the norm of the electric field is the 

amplitude of the electric field along the axis normal to the surface (as in Figure 27b).  The 

norm result of the COMSOL simulation (details in Equation 6) is calculated at the excitation 

wavelength of the incident light (laser) and further red shifted frequencies.  The two-

dimensional data set was found to decay exponentially with both position from the 

nanorod surface and frequency shift from the resonant peak excitation frequency, so the 

data set was fit to the following function of wavelength shift () and position (z): 
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𝐸𝑛𝑜𝑟𝑚 = (𝑎 + 𝑏𝜆 + 𝑐𝑧) + 𝑑𝑒(𝑓𝜆+𝑔𝑧) 

Equation 6: Generalized form of the exponential electric field enhancement as a function of 
wavelength shift and z-position. 

For example, Figure 28 shows the electric field norms as calculated in COMSOL and 

fitted with the above expression.  The field norms are shown as a function of z-position at 

the two excitation wavelengths 785 nm, and the shifted wavelength corresponding to 718 

cm-1 which is the frequency of the symmetric choline stretch in DOPC. By thus using 

frequency shift and the center of vibration z-position (discussed in 4.2.3), the fit 

parameters of the electric field were likewise used to calculate the enhancement factors En,0 

and En,R (discussed in 4.2.4).  

 

Figure 28: The electric field norm as a function of distance from the nanorod surface at A) 
785 nm excitation wavelength, and B) an excitation wavelength corresponding the the 718 
cm-1 symmetric stretch of the DOPC headgroup.85 
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4.2.2. Raman Modes 

While the numerous molecular dynamics software available commercially are useful 

for understanding many-bodied molecular interactions, some can also be used to better 

understand the electrical and mechanical properties of single molecules. Calculations were 

carried out with the Amsterdam Density Functional program from Software for Chemistry 

& Materials 86-88.   

For the purpose of this research, cholesterol and the DOPC headgroup (choline 

group, phosphate, and two connection carbons)  (Figure 29) were constructed and their 

geometries was optimized using the Becke-Perdew exchange-correlation potential under 

the generalized gradient approximation (GGA-BP86) with a triple zeta basis set with two 

polarization functions (TZ2P), a small frozen core, and no relativistic correction 89-92. The 

numeric quality was set to “good.” Once the geometry was optimized, a vibrational Raman 

optical activity (VROA) calculation was carried out for 785 nm (1.57942 eV) excitation with 

numerical frequencies and two-point numerical differentiation to find the derived 

polarizability tensor α for all vibrational modes. The exact vibrational modes used for each 

molecule will be discussed in the next chapter.  
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Figure 29: ADF computer rendition of the optimized geometry of  A) cholesterol and B) the 
DOPC headgroup (choline group, phosphate, and two carbons to act as vibration 
dampeners in simulation of the two DOPC tails). Color scheme: hydrogen (white), carbon 
(grey), oxygen (red), nitrogen (blue), phosphate (gold). 

4.2.3. Raman and SERS Formula 

SABERS is based on ratios of experimental SERS and Raman peaks data and the 

theoretical Raman spectra outlined in 4.2.2. In all three spectrum, peak intensities for two 

different vibrational modes are needed (the methodology for finding the peak intensities 

will be examined in the following two subsections). 

To derive the analytical solution for the combination Raman and SERS 

measurements, let’s begin with the unenhanced Raman scattering signal, Un. We start with 
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an expression for the unenhanced Raman scattering for the classical treatment of Raman 

scattering for randomly oriented molecules given as:59, 93  

𝑈(π
2⁄ )  = 𝑘𝜈𝑁(𝜈0 − 𝜈𝑛)4 {

45(𝑎′)𝑛
2 + 7(𝛾′)𝑛

2

45
} 𝑄𝑛0

2 𝐼0 

where 𝑘𝜈 is just a combination of parameters: 𝑘𝜈 = 𝜋2/𝜖0
2.  N is the number of molecules. 𝜈0 

and 𝜈𝑛 are wavenumbers of the incident and Raman shifted light (defined without the 2π), 

𝑄𝑛0 is the normal mode amplitude, and 𝐼0 is the excitation power from the laser.  The mean 

derived polarizability 𝑎′ and the anisotropy 𝛾′ invariants follow the standard definition: 

𝑎′ =
1

3
(𝛼𝑥𝑥 + 𝛼𝑦𝑦 + 𝛼𝑧𝑧) 

𝛾′2 =
1

2
((𝛼𝑥𝑥 − 𝛼𝑦𝑦)

2
+ (𝛼𝑦𝑦 − 𝛼𝑧𝑧)

2
+ (𝛼𝑧𝑧 − 𝛼𝑥𝑥)2 + 6(𝛼𝑥𝑦

2 + 𝛼𝑦𝑧
2 + 𝛼𝑧𝑥

2 )) 

Equation 7: Polarizability and anisotropy invariants definitions. 

For a semi-quantum treatment, the normal mode amplitudes are replaced by a 

Boltzmann factor to represent the relative population of states (among other things): 

𝑈(π
2⁄ )  = 𝑘𝜈𝑁(𝜈0 − 𝜈𝑛)4 {

45(𝑎′)𝑛
2 + 7(𝛾′)𝑛

2

45
}

ℎ

8𝜋2𝑐𝜈𝑛(1 − 𝑒−ℎ𝑐𝜈𝑛 𝑘𝐵𝑇⁄ ) 
 𝐼0 

where everything is defined as before and h is Planck’s constant, c is the speed of light, kB is 

Boltzmann’s constant, and T is temperature.  

Here it is in somewhat more modern notation, using angular frequency rather than 

wavenumber: 
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𝑈(π
2⁄ )  =

𝑁

32𝜋2𝑐4𝜖0
2

(𝜔0 − 𝜔𝑛)4

𝜔𝑛
{

45(𝑎′)𝑛
2 + 7(𝛾′)𝑛

2

45
}

1

(1 − 𝑒−𝜔𝑛 𝑘𝐵𝑇⁄ ) 
 𝐼0 

We can therefore write our Raman count rate as: 

𝑈(π
2⁄ )  = 𝑘𝑁𝑅𝑎𝑚𝑎𝑛

(𝜔0 − 𝜔𝑛)4

𝜔𝑛
{

45(𝑎′)𝑛
2 + 7(𝛾′)𝑛

2

45
}

1

(1 − 𝑒−𝜔𝑛 𝑘𝐵𝑇⁄ ) 
 𝐼0 

Equation 8: Expression for the computed Raman count rate of a vibrational mode. 

where k  absorbs all fundamental constants and instrumental parameters such as the 

spectral efficiency of the grating and detector, NRaman is the number of molecules in the beam 

spot, ωo is the excitation frequency, ωn is the Raman shifted frequency of the nth mode, an and 

γn are the average polarizability and average anisotropy Raman tensor invariants, 

respectively, Io is the incident intensity, kB is Boltzmann constant, and T is the temperature.94  

Moving now to the SERS signal, Sn. Since it is still a fundamental Raman phenomenon 

one can modify the Raman count rate with the electromagnetic enhancement and Raman 

tensor components relevant to each normal mode. The only assumption in this formulation 

are that the molecules do not strongly interact with the gold nanoparticle surface, which in 

previous studies was found to be accurate.85 Thus, mode n is calculated by applying field 

enhancement factors and using only the αzz tensor component: 
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Equation 4-4: Expression for the computed SERS count rate of a vibrational mode 
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where NSERS is the number of molecules at a nanoparticle end in the beam spot, and Eo,n and 

ER,n are the field enhancements at the incident and Raman shifted wavelengths for the nth 

mode, respectively.63 αzz is the relevant tensor component since the near field is normal to 

the surface of the nanoparticle enhancement region. This direction is defined as the z-axis 

and is, therefore, the direction of the incoming (near) field and the outgoing polarized 

scattering. All these factors are specific to each individual mode since different vibrations 

occur at different locations in the geometry of the molecules. In addition, the field 

enhancements depend not only on the wavelength but also on the location of nth vibrational 

mode. We refer to this as the center of vibration ( nC ), calculated by taking the average of all 

m atomic positions (
,n mr ) weighted by each atom’s vibration amplitude (

,n mA ):  

, ,

,

n m n mm
n

n mm

A r
C

A
=



 

Equation 4-5: Center of vibration for each vibrational mode. 

The electric field enhancements for each mode are calculated at these centers of vibration.  

In order to remove unknowns, a first ratio is taken between Sn and Un for a specific 

mode n: 
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This ratio removes instrumental constants, as well as the frequency and Boltzmann terms. 

The numbers of molecules in the beam spot NSERS and NRaman are also difficult to estimate, 

and usually represent a limiting factor in quantitative analysis of SERS.73, 95 A second ratio 

R2-1 between the rn values for two different modes removes them: 
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Equation 4-6: Generalized SABERS formula. 

The second ratio, R2-1, depends on the position and orientation of the molecule 

relative to the nanoparticle surface. R2-1 can be measured experimentally from two peaks in 

the SERS and Raman spectra. It can also be calculated theoretically for different molecular 

positions and orientations, where the electric field enhancements are obtained from FEM 

calculations (4.2.1), and the Raman tensor components are calculated by TDDFT (4.2.2).  

To determine a structure, theoretical R2-1 values of different molecular orientations 

and positions are compared to the experimental value. A similarity map is created across 

all angles of rotation (θ, φ) for the theoretical molecule in the electric field experienced by 

the molecule and comparing it to the experimental R2-1 value. If multiple pairs of Raman 

peaks are compared from the same spectrum, the similarity maps are multiplied together 

giving: 
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𝑆𝑖𝑚𝑖𝑙𝑎𝑟𝑖𝑡𝑦 = (∏ (1 −
|𝑅𝑒𝑥𝑝,𝑛 − 𝑅𝐴𝐷𝐹,𝑛|

𝑅𝑒𝑥𝑝,𝑛 + 𝑅𝐴𝐷𝐹,𝑛
)  

𝑛

)  

Equation 4-7: The definition of Similarity used in comparing the theoretical and 
experimental peak ratios. 

 

4.2.4. Background subtraction 

SABERS is based on ratios of the intensities of Raman and SERS peaks that correspond 

to specific vibration modes of molecules in the nanoparticle near field. Intensities are taken 

to be the total number of CCD counts that make up a peak, but absorption and backgrounds 

must be carefully considered. Figure 30a displays a typical CCD image for a SERS spectrum of 

lipids on gold nanorods. The broad background covers 90 pixels vertically while the 

spectrum is concentrated in the center 10 pixels. The different sources of background are 

represented by the five spectra displayed in Figure 30b. The bias frame was recorded at zero 

exposure time with no light. The CCD has a large bias count level, but it is flat and has low 

read noise. A dark frame was recorded at the experimental exposure time with no light. Since 

the detector was cooled to -70C, the dark count was negligible. Two types of background 

were recorded. BG1 refers to the background spectrum recorded when the glass capillary is 

completely removed from the system. BG2 refers to the spectrum with the capillary inserted 

but filled only with water. The sample spectrum (SP) includes the nanoparticle solution 

(SERS) or unenhanced solution (Raman) in the capillary.  



 70 

 

Figure 30: Processing the SERS and Raman spectra. A) Example TIFF image in the 810 nm 
(-50 – 800 cm-1) region of the CCD. B) The five spectra involved in each signal calculation:  
SP = SERS or Raman spectra, BG1 = background signal with no capillary, BG2 = 
background signal with a water-filled capillary, DC = dark count, and BF = bias frame. C) 
Gold nanorod extinction spectrum that causes absorption of the signals. D) Spectra and 
background after absorption correction and the resulting source (SO) spectrum used for 
analysis. E) Resulting ending spectra whereby different peak areas are calculated.   

As seen in Figure 30b, the background signal BG2 can be stronger than the 

nanoparticle spectrum. This is due to optical absorption by the nanoparticle sample, which 

does not occur in the background measurement. Accurate correction of the absorption 

effect requires separating the part of the background that is subject to absorption from the 
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part that is not. BG1 is not affected by absorption because it is due to light scattered inside 

the optical train, which does not pass through the sample or capillary at all. BG2, which is 

due to reflections and emission from the glass capillary walls, is partially subject to 

absorption since about half of the background light is from the front glass wall (does not 

pass through absorbing sample) and about half is from the back glass wall (passes through 

the absorbing sample).  

In order to correct for absorption, a spectral extinction measurement was recorded 

with the sample in a 1 cm path cuvette (displayed in Figure 30c), which yields the absorbance 

at the excitation wavelength (A785) as well as all Raman shifted wavelengths (A). BG1 was 

subtracted from BG2, and that difference was modified by an expression which represents 

the absorption by the sample: 

2 2 1BG BG BG = −  

785(0.1 0.1 )1 1
2 222

10
A A

BG BG BG
+ = +  

The absorption correction lowers half of the background signal to the level that would occur 

if the absorbing nanoparticle sample were in the path. There are two absorption terms in the 

above equation: one for the extinction of the excitation beam at 785 nm (A785) and one for 

the absorption at the wavelength of each pixel (A). The factor of 0.1 represents the 1 mm 

path length of the capillary relative to the 1 cm path length of the absorption measurement. 

The corrected background is subtracted from the spectrum, SP, to find the signal from the 

nanoparticle scattering SP’. However, this must also be corrected (increased) to account for 

absorption: 
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-SP SP BG =  

785(0.05 0.05 )
10

A A
SO SP

+=  . 

Here the two absorption terms again represent the excitation wavelength (A785), and the 

Raman shifted wavelength (A). The factor 0.05 presumes that the absorption occurs 

through a path that is halfway through the capillary. SO is the fully corrected source 

spectrum, displayed in Figure 30d, that was used to determine intensities of individual 

peaks. 

The corrections described above resulted in a relatively flat background seen in 

Figure 30e, but it was still necessary to remove the slope due to the SERS continuum, due to 

nearby peaks, or due to imperfect background removal. 96  

4.2.5. Experimental Data Interpretation 

To analyze an individual peak, a first to fourth-order polynomial fit was applied to a 

100 cm-1 region with the peak itself (about 30 cm-1) blocked from the fit. The process is 

illustrated in Figure 31 where the black points are the background data used in the fit, and 

the blue points between are the blocked peak. The flattened peak was then fit to either a 

Lorentzian or Gaussian curve (or multiple overlapping peaks if necessary). The peak’s 

intensity was taken to be the sum of CCD counts in the blocked region. The area of the fitted 

curve was only used to assign fractions of the total signal when multiple peaks were fit. The 

details of multiple peak fits will be detailed for each specific case in the next chapter. 
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Figure 31:  Peak fitting procedure. Top) The data used (black points) for the background 
SERS subtraction with the middle, blocked data (blue). The background data used a 
polynomial fitting function, ranging between 1-4th order based on the background of a 
given region. Below) Initial guess (left) and fitted peak (right) of obsevered Raman or SERS 
peaks.  
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Chapter 5 

 

Cholesterol Orientation in Gold Nanorod 

Supported Membranes 

5.1. SABERS Modes 

As explained in the last chapter, the SABERS method for determining molecular 

orientation needs clear peaks of the target molecule for an accurate depiction of the 

molecule to be obtained. This chapter will start with a discussion on how accurate ratios of 

selected molecular modes were taken followed by an analysis of the modes used to find the 

orientation of cholesterol within a DOPC bilayer. 
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5.1.1. Orientation Axis of the Lipids and Cholesterol 

For the base orientation of the DOPC lipid molecules within the lipid bilayer, by 

using the previous findings of the Hafner group the lipid tails are normal to the gold surface 

and form a thick bilayer.85 The headgroup is squished down so that the surface area 

covered by the lipid molecule is minimized with the headgroup directly under the two tails. 

The two tails, in a pure lipid solution, are oriented along the z-axis from the gold surface. 

Cholesterol initial z-axis before rotation is the axis created between the carbon of 

the ring system connected to the oxygen and the carbon atom of the fused ring furthest 

away spatially, seen in  Figure 32. The x-axis then goes through the carbon atom of the 

fused rings connected to the tail of cholesterol. The tetracyclic ring system of cholesterol is 

considered a rigid body for orientation purposes. The tail in experiments would be free to 

whip around, but as discussed in 5.1.4  this is not hugely important to cholesterol’s 

orientation. 
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Figure 32: Initial orientaiton of cholesterol, defining the initial axes. 

 

5.1.2. Dilution Series Method 

To combat the uncertainties and variations between measurements of either a 

Raman or SERS scan, the original sample was diluted in a series of steps. For the SERS 

samples, the dilution of bilayer supported nanorods is with an identical lipid solution of 10 

mg/mL (6 lipid : cholesterol). In this manner, the overall lipid concentration is maintained 

while the nanorod concentration and thus SERS signal is decreased over the series. For 

Raman measurements, the lipid solution is diluted with pure water at the same 100, 80, 60, 

40, 20 % dilution intervals. This then aids in finding a correct slope of the line, not 

mitigated from the background levels of the CCD. The line slopes between the different 

peaks give the relative peak height information necessary for SABERS. 
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Figure 33:  A series of scans were taken with each sample to create a dilution series of peak 
heights. Once a cholesterol peak was identified in the highest optical density (OD) 
spectrum, it was tracked and fitted in each dilution spectrum. This resulted in a line for the 
signal area versus concentration. The slope and y-intercept of the line were used for the R 
calculation for a specific peak.  

5.1.3. Lipid Headgroup – 718 cm-1 

From previous investigations85, the headgroup region of the lipid DOPC was found 

to rest a few Angstroms from the gold nanorod surface. The bromide ions from the 

displaced CTAB bilayer remain on the gold nanorod surface and the choline headgroups of 

the DOPC lipids are ionically attracted to the bromide, as depicted in Figure 32. The lipid 

bilayer is then formed around the gold nanoparticle. 
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Figure 34:  Close-up depiction of the atomic components near the gold nanorod surface, 
approximately to scale. The gold surface (left) has a surface layer of Br- ions (half circles) 
bound to it. The ionic charge of the bromide ions brings the glycerol headgroup of DOPG to 
the gold surface. The lipids then create a bilayer that encapsulates the gold nanorod (with 
DOPG additionally used to prevent nanoparticle-nanoparticle dipole bindings). Cholesterol 
is present in some orientation in the lipid bilayer. The lipid tails (not shown) are oriented 
normal to the gold surface in a thick bilayer.85 

 The first peaks that are identified in both Raman and SERS spectrum are the modes 

that comprise the lipid bilayer. Once there is no CTAB peak at 760 cm-1 observed in a 

spectrum, the main lipid peak used for these experiments is the symmetric lipid headgroup 

peak observed at 718 cm-1. This peak (the peak marked with L in Figure 35), is always 

strong with the presence of lipids in SERS spectrum, since the headgroup region is always 
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the first section of the DOPC molecule that interacts with the photons reemitted from the 

gold nanorod surface. 

 

Figure 35:  Cholesterol peak identification between experimental SERS measurements 
(red) and calculated ADF spectrum (blue). Lipid headgroup (designated by L) peak and 
peaks used for SABERS identified with dotted lines linking same peaks in both spectrum. 
Peaks were also identified in the Raman spectrum as well using the same method. 

 The symmetric headgroup vibrational mode, pictured in Figure 36 with the 

polarization tensor depicted at the vibration center, has a large polarizability in all spatial 

directions and so is readily excited. From previous experiments, the choline and phosphate 

pack themselves near parallel to the bromide and gold surfaces, with the two tails of the 

lipid orientating upwards from the headgroup. Each lipid then creates a roughly cylindrical 

volume of occupation in space within the bilayer. 

1 2 
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Figure 36:  Orientation of the lipid headgroup of DOPC molecules in close proximity to the 
gold nanorod surface. The two chains of the DOPC (not pictured) continue from the single 
carbon coming off of the phosphate group and create a cylindrical structure above the 
headgroup. The polarization tensor components are shown in red, originating at the center 
of vibration of the mode. 

5.1.4. Conformers of Cholesterol 

At room temperatures, biomolecules can jump between many different 

conformations and the long-term measurements (30+ minutes) are averages of many of 

these conformers.  While the main skeletal carbon-rings of cholesterol do not naturally 

experience any possible changes of the atoms’ orientation, the tail region of cholesterol is 

able to assume a number of different orientations. As such, a study of the resulting Raman 

modes of these different orientations was necessary to see if there were any further 

considerations necessary for identifying cholesterol modes. 
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Figure 37:  ADF comparison between two confirmers of cholesterol, blue peaks are the top 
orientation and red peaks are the bottom orientation. 

 Figure 37 depicts two different confirmers of cholesterol, with the atoms of the tail 

orientated in slightly different but equally probable manners. As depicted in the figure, the 

higher (>950 cm-1 peaks) do change relative intensity and wavenumber position based on 

the orientation of the cholesterol tail. However, the skeletal modes of cholesterol remain 

almost unchanged and make good candidates for use in SABERS.   

5.1.5. Cholesterol Skeletal Vibrational Mode 1 – 542 cm-1 

The first mode that was uniquely identified as a cholesterol mode was found to be at 

542 cm-1 (identified as peak 1 on Figure 35), illustrated to the left in Figure 38. The mode is 

a breathing mode of the carbon atoms at the connection of the skeletal 5-carbon and 6-

carbon rings with the rings oscillating towards one another, left in Figure 39. 
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Figure 38:  Polarizability components of the select modes at the center of vibrations’ of the 
modes on the cholesterol molecule. 

5.1.6. Cholesterol Skeletal Vibration Mode 2 – 701 cm-1 

The first mode that was uniquely identified as a cholesterol mode was found to be at 

701 cm-1 (identified as peak 2 on Figure 35), illustrated to the right in Figure 38. The mode 

is a breathing mode double bond carbon with two carbon connections, with the rest of the 

tetracyclic ring system breathing irregularly against the motion, right in Figure 39. 
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Figure 39: Relative motion of modes. Left) 542 cm-1 folding oscillation. Right) 701 cm-1 
breating modes of the double-bonded carbon.  

 

5.1.7. Table of Combined Data 

Using the dilution method described in 5.1.1, the peak areas for the two cholesterol 

peaks (542 and 701 cm-1) and the lipid headgroup (718 cm-1) were tracked as a function of 

nanorod concentration for SERS and as a function of lipid concentration in Raman. The 

resulting slopes for the peak fits were then tabulated, the results shown in Table 1. 
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Table 1:  Tabulated R12 values for the different data sets. Note, while the 602 cm-1 peak 
was tracked, it was found that the peak was a convolution of two peaks in the ADF 
calculations. As such, it is not analyzed moving forward. 

With the R12 values found for a ratio of 6:1 lipid:cholesterol, the error assigned to 

each  value was calculated as 

𝐸𝑟𝑟𝑜𝑟𝑡𝑜𝑡𝑎𝑙 =  ∑ 𝑒𝑟𝑟𝑜𝑟𝑛

4

1

 

where each errorn is the relative error of each dilution line fitting 

𝑒𝑟𝑟𝑜𝑟𝑛 =
𝑐𝑎𝑙𝑐𝑢𝑙𝑎𝑡𝑒𝑑 𝑒𝑟𝑟𝑜𝑟 𝑜𝑓 𝑑𝑖𝑙𝑢𝑡𝑖𝑜𝑛 𝑙𝑖𝑛𝑒 𝑓𝑖𝑡𝑡𝑖𝑛𝑔

𝑠𝑙𝑜𝑝𝑒 𝑜𝑓 𝑡ℎ𝑒 𝑓𝑖𝑡
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The SABERS probability maps were then calculated. 

  Chol-HG       Chol-Chol   
6L:C  R12 ErrorT   R12 ErrorT 

7-Nov 542-718 0.49 0.31  542-700 0.43 0.30 
  700-718 1.18 0.11      
          

24-Jan 542-718 1.02 0.15  542-700 0.63 0.15 
  700-718 1.61 0.09      
          

28-Jan 542-718 1.13 0.13  542-700 0.70 0.13 
  700-718 1.62 0.08         

Table 2:  Combined table of R12 values with error values for all different mode comparisons. 
There are three different data sets, corresponding to three different Raman experiments of 
6:1 lipid:cholesterol vescicles. They are then compared to the same SERS experimental 
data, that had the best SERS response. Left) R12 values with cholesterol modes compared to 
the lipid headgroup. Right) R12 values with the cholesterol modes compared to each other. 
Note: Calculated values are color coated for their corresponding probability maps. 

5.2. SABERS Probability Maps 

Due to the slight variation found in the R12 values between the three data sets, the 

probability maps for all θ vs. φ orientations were calculated. For the initial position of the 

molecules, the molecules are oriented in the manner similar to Figure 34, where the lipid 

headgroup is positioned 4 Å from the center of vibration to the gold nanorod surface and 

the cholesterol is 12 Å from the center of vibration to the surface. The lipid headgroup is 

fixed in place. The cholesterol is then spun in all θ vs. φ orientations (3 degree resolution) 

and the R12 value compared to the experimentally found values. 
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5.2.1. Cholesterol-Lipid SABERS Probability Maps 

Using the data from Table 2, the follow maps were created. Probability maps A and 

B of each data set were then multiplied together at each data point in order to get the 

combined probability map C. 

 

Figure 40:  SABERS Probability plots for the Nov-7 data set. A) Cholesterol 542 cm-1 – PC 
headgroup 718 cm-1 probability map. B) Cholesterol 701 cm-1 – PC headgroup 718 cm-1 
probability map.  C) Combined (multiplied) probability map. Maximum probability values:  
θ = 13° , φ =  355°. 
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Figure 41:  SABERS Probability plots for the Jan-24 data set. A) Cholesterol 542 cm-1 – PC 
headgroup 718 cm-1 probability map. B) Cholesterol 701 cm-1 – PC headgroup 718 cm-1 
probability map.  C) Combined (multiplied) probability map. Maximum probability values:  
θ = 163° , φ =  178°. 
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Figure 42:  SABERS Probability plots for the Jan-28 data set. A) Cholesterol 542 cm-1 – PC 
headgroup 718 cm-1 probability map. B) Cholesterol 701 cm-1 – PC headgroup 718 cm-1 
probability map.  C) Combined (multiplied) probability map. Maximum probability values:  
θ = 13° , φ =  355°. 

As can be seen in all three data set maps, there are two highly probable orientations 

of cholesterol near the lipid headgroup: θ=13°, φ= 355° and θ=163°, φ= 178°.  These two 

orientations are in bands of similar θ and slightly varying φ. However, these will be 

examined in greater detailed later, with the consideration of physical constraints. 

5.2.2. Cholesterol-Cholesterol SABERS Probability Maps 

While consideration between the lipid headgroup and cholesterol has been 

investigated with SABERS, it would be prudent to examine if any more information can be 
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gleaned about cholesterol’s orientation. In numerous molecular dynamic simulations, there 

is a quasi-dichotomy of cholesterol orientation between cholesterol near the headgroup in 

roughly perpendicular orientation and cholesterol in the midplane of the lipid bilayer in a 

horizontal orientation.10-12, 35 The SABERS program was adjusted to run calculations on 

multiple simultaneous cholesterol positions in the bilayer. 

This new program created a bilayer-like system of 4 cholesterol molecules (seen in 

the top part of Figure 43 and Figure 44) where two of the molecules would be in the 

vertical orientation and the other two molecules would be in the midplane. Since all the 

molecules are cholesterol, the signals of both the 542 and 701 cm-1 peaks were analyzed for 

all the molecules. Additionally, the relative number of molecules in the two positions was 

scanned over a variety of ratios, ranging from 100:1 to 1:100. 

The midplane molecules were then held such that the flat plane of the carbon zig-

zag chain was perpendicular (Figure 43) or parallel (Figure 44) to the gold surface and the 

cholesterol situated at the interfacial region is rotated about all possible angles. Using the 

SABERS considerations from lipid headgroup to cholesterol, the investigation was to see if 

the relative abundance of each orientation could be inferred or discredited. 
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Figure 43: Top) Cholesterol-cholesterol SABERS comparison varying the amount of 
cholesterol in either the vertical (near lipid headgroup) or horizontal (in the bilayer 
midplane).  The midplane cholesterol is oreinted with the tetracyclic ring system plane 
perpendicular to the gold nanorod surface. Left) The series used the medium R12 values 
from the data sets (R12 = 0.63±0.15 of the 1/24 data set) for probabilty maps (left) and 
select R12 maps (right).  

 

 



 92 

 



 93 

Figure 44: Top) Cholesterol-cholesterol SABERS comparison varying the amount of 
cholesterol in either the vertical (near lipid headgroup) or horizontal (in the bilayer 
midplane).  The midplane cholesterol is oreinted with the tetracyclic ring plane parallel to 
the gold nanorod surface. The series used the medium R12 values from the data sets (R12 = 
0.63±0.15 of the 1/24 data set) for probabilty maps (left) and select R12 maps (right). 

From these initial investigations, there is no evidence for horizontal midplane 

cholesterol. To investigate the Raman signal of cholesterol orientation in the midplane 

would be best done with cholesterol mixed into a PUFA lipid bilayer as found from 

previous NMR studies of such a bilayer.11, 13  

5.3. Orientation of Cholesterol 

5.3.1. Cholesterol Compared to Lipid Headgroup Results 

The results of the combined cholesterol-headgroup SABERS maps found cholesterol 

to be orientated on average in two different configurations: θ =13°, φ = 355° and θ = 163°, 

φ = 178°, depicted in Figure 45. Note that these results only indicate orientation, and not 

the z-position relative to the lipid head group.  
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Figure 45: The two orientations of cholesterol selected by the SABERS process. A) θ=13°, 
φ= 355°. B) θ=163°, φ= 178°. Cartoon lipids to illustrate the different orientations within 
bilayer leaflet. 

5.3.2. Orientations with Regard to Environmental Factors 

While both orientations are possible for cholesterol within a lipid bilayer of DOPC, 

there are several additional factors that must be considered. From molecular dynamic 

studies, there is some indication that the -OH of cholesterol likes to form hydrogen bonds 

with the different external oxygen of DOPC.5, 8 From these same studies, the hydrophobic 

tail of cholesterol would also want to avoid water interactions, and as such it would be 

energetically favorable for it to orient itself into the tail region of the lipids. With these 

considerations in mind, it seems likely that the orientation of Figure 45a is the most 

probable orientation of cholesterol near the lipid headgroup. 
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5.3.3. Relative Cholesterol Position Findings 

Moving on to the cholesterol-cholesterol orientation, the only possible agreements 

with the cholesterol compared to the lipid headgroup occur in the orientation of the 

tetracyclic ring system of cholesterol parallel to the gold surface. For the 1:1 and 1:4 ratios 

of the vertical to horizontal orientation amounts for cholesterol (seen in Figure 44), there is 

some overlap with the roughly 13° tilt found before. None of the other ratios for the 

parallel orientation or any of the perpendicular orientation have any overlap with the 13° 

tilt region.  

5.3.4. Findings of Cholesterol’s Orientation from Other Sources 

Many other experimental groups have findings of cholesterol’s orientation in 

bilayers comprised of different lipid compositions. Using neutron scattering and solid-state 

NMR, Marquardt et al found that for a DMPC bilayer cholesterol tilts at roughly 16° while in 

a more saturated (DAPC) the tilt was found to be 22°.13 Using single-molecule fluorescence, 

DeWitt and Dunn found that modified cholesterol (BODIPY-cholesterol) oriented itself at 

angles of 0, 24, 78, and 90° from the plain of DPPC or sphingomyelin/DOPC/BODIPY-

cholesterol bilayers.34 However, as the surface pressure was increased, the 78° orientation 

transitioned to 0 and 24°. Using a combination of X-ray scattering and molecular dynamics, 

Kučerka et al found the mean tilt of a 22-carbon saturated tail chain lipid bilayer with 40 

mol% cholesterol found the average cholesterol tilt to be ~15.2°.11, 12 For a 14-carbon 

saturated tail chain lipid bilayer, the mean tilt of cholesterol was ~24.2°.   
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For the theoretical molecular dynamic simulations, Khelashvili et al found that 

“DMPC-cholesterol mixtures exhibit fluid-like properties [of interchange]; at moderate 

cholesterol densities (~10-30%), the temperature-composition diagram predicts 

coexistence of fluid and cholesterol-rich liquid-ordered states, and … [for] (>30%) DMPC-

cholesterol mixtures are to be in the one-phase liquid ordered state.”10 For mixtures with 

cholesterol content similar to this thesis, the average tilt was ~30°. Khelashvili then 

worked with Harries to examine cholesterol’s effect on the tilt of the lipid bilayer.9 For 

simulations of 30% DOPC/cholesterol bilayers, DOPC tended to be tilted at 16° from 

normal and cholesterol oriented more normal at roughly 10°.  

As such, for cholesterol to be present in a bilayer at an angle of 13°, there is 

agreement that such an orientation is possible and realistic for our given lipid bilayer near 

the lipid headgroup. For cholesterol in the midplane of the bilayer, a flat, parallel-to-the-

gold orientation agrees with both the experimental and theoretical findings of other 

groups. 

5.4. Future Investigations 

5.4.1. Concentration Dependence of Cholesterol Orientation 

A ratio of 6:1 of lipids to cholesterol was chosen for these experiments due to the 

ratio’s similarity with organismal lipid membranes and that at this concentration the lipid 

bilayers were still able to prevent gold nanorod aggregation through electrostatic 

repulsion. However, the cholesterol concentrations in living cellular membranes ranges 

anywhere from 5-40 mol% depending on the cellular functionality. The ratio of 6:1 (~14.3 
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mol%) is on the lower end of this range. Several trials were attempted for a 3:1 ratio of 

lipids to cholesterol (25 mol%), however the SERS spectrum for these trials was very weak. 

As such, the already weak peaks were barely distinguishable from the background noise of 

the system. It is speculated that the higher cholesterol concentration was interfering with 

the lipid bilayer around the nanorods, either by making the membrane more rigid and 

difficult to confirm to the gold nanorod or by resisting interchange with a pure lipid bilayer 

around the nanorods during resuspension. 

5.4.2. Z-dependence and Condensing Effect 

Within SABERS, the decay of the enhancement near the endcap of the nanorod leads 

to the variation of mode enhancement of the molecules near the gold surface. For these 

data sets contained within this thesis, the average nanorod geometry was roughly 50 nm 

wide and ~160 nm long. This geometry allowed for a smoother curvature near the endcap 

region that minimizes undue stress to the lipid bilayer not naturally seen in cells. 

One drawback for these nanorods is that the enhancement decay is relatively quite 

slow from the endcap. Therefore, two vibrations at different positions on the molecule 

experience essentially the same electromagnetic field, so z-position information cannot be 

determined. Orientation can still be measured base on the perpendicular direction of the 

field. Nanorods of roughly 25 nm in diameter might be able to give this z-dependence, but 

due to the increased curvature at the endcaps of the nanorods the lipid bilayer fluidity and 

response might be altered as well.   
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With the z-dependence measurements, there is also the possibility of studying the 

condensing effect that cholesterol has on phospholipid bilayer. In a future experiment, one 

could use a deuterated isotope of cholesterol that shifts the cholesterol double bond Raman 

peak (found at 1651 cm-1)  so that it shifts away from the DOPC chain double bond (1650 

cm-1). By moving these two peaks apart and having them resolvable, one could get some 

indication of any z-axis changes of the lipid tails corresponding to lipid confirmation 

changes seen by other investigations.22-29  

5.4.3. Other Sterols 

While cholesterol primarily resides within animal lipid bilayers, the sterol family 

includes more types of molecules that serve the same function.97, 98 Ergosterol is one such 

molecule that serves the same role in fungi and protozoa membranes. While structurally 

like cholesterol, depicted in Figure 46, ergosterol has several key differences that might 

affect orientation when studied with the SABERS method.  In natural membranes and 

signaling pathways, sterols affects receptors in ways that are highly sensitive to small 

changes in molecular structure.98-101 There could also be investigations into the precursor 

steroid molecules for the sterols since steroids also play a major role in cellular activity. 
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Figure 46:  Chemical comparison between ergosterol (left) and cholesterol (right). 

5.4.4. Other Lipids 

While DOPC is a common phospholipid that also works well with nanorods (top 

molecule of Figure 47), there are other variations that can be used to test the effect of 

cholesterol on different membranes. The chain length (second from top of Figure 47) or the 

position of the double bond in the lipid tail region can be adjusted to gauge cholesterol’s 

response. The amount of saturation can be adjusted by either removing the double bonds 

in the tails (such as DMPC, third in Figure 47) or increasing the number of double bonds 

(bottom of Figure 47), both of which have been observed to have an effect on the packing 

and orientation of cholesterol in a lipid bilayer. 
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Figure 47:  Chemical comparison between alternative phospholipids with the 
phosphocholine headgroup. From the top) DOPC, 14:1 (Δ9-Cis) PC, DMPC, DLPC. 

5.5. Conclusion 

Sterols are essential structural components of biomembranes and in this work the 

physical orientation of cholesterol was studied in lipid membrane by using the SABERS 

method. Two clear Raman modes of cholesterol were identified (542 and 701 cm-1) and 

compared to the lipid headgroup Raman mode (718 cm-1). The average orientation of 

cholesterol was found to be 13° from the normal, with the tail oriented toward the tail 

region of the lipids. There exists the possibility of extra z-positions of cholesterol, but this 

work did not find any conclusive evidence to support this idea.  
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Appendix A: Ultraviolet Analysis of Gold 
Nanorod and Nanosphere Solutions 

Reprinted (adapted) with permission from (Demers, S. M. E., et al. (2017). "Ultraviolet Analysis of Gold 
Nanorod and Nanosphere Solutions." Journal of Physical Chemistry C 121(9): 5201-5207). Copyright 
(2017) American Chemical Society. 
 

 

Abstract 

The localized surface plasmon resonances of gold nanoparticles have been widely 

studied at visible and near infrared frequencies, but less so in the ultraviolet. The spectral 

extinction measurements of gold nanospheres at UV wavelengths reported here closely 

match calculated spectra down to 200 nm using the measured dielectric function of gold. The 

nanosphere volume attenuation coefficient, v, is size dependent in the 200 nm to 300 nm 

wavelength range where the dielectric function follows the Drude free electron model (as it 

does for wavelengths larger than 500 nm). In the interband transition region the extinction 

is more closely proportional to mass and therefore has a value of v that is largely 



 108 
 

independent of size. Gold nanorod solutions exhibit very strong UV extinction below 220 nm 

due to charge transfer to solvent (c.t.t.s.) excitations of the bromide counterion to the 

cationic surfactant. The gold nanorod UV properties depend on the alignment between the 

optical polarization and nanorod structure. For polarization along each major axis, the 

spectral extinction is similar to that of a sphere of the nanorod size in that dimension.  

A.1. Introduction 

Gold nanoparticles have been studied extensively due to their strong optical absorption 

and scattering at visible and near-infrared wavelengths, which have led to widespread 

interest in their applications in chemical and biological sensing, imaging, drug delivery, and 

photothermal therapies.1-7 The shape-tunable optical properties are caused by localized 

surface plasmon resonance (LSPR) of the free electrons in the nanoparticle. This effect can 

be described classically with analytical solutions of Maxwell’s equations for an 

electromagnetic plane wave incident on a sphere using the measured complex dielectric 

functions from gold films, while other nanoparticle shapes can be solved numerically.8-10  The 

LSPR peak wavelength for small nanospheres occurs at 520 nm and red-shifts through the 

visible and into the infrared with increased size and with changes in nanoparticle shape. At 

shorter visible wavelengths and into the ultraviolet (UV), gold exhibits interband transitions 

which influence the optical properties and make the nanoparticles more absorptive.11 Other 

metals exhibit plasmon resonances at shorter wavelengths. Silver nanoparticles exhibit 

plasmon resonances down to 400 nm with interband transitions at UV frequencies.12-13  

Aluminum pushes plasmon resonances into UV frequencies with resonances down to 215 
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nm.14-17  However, due to its facile surface chemistry and near infrared resonances, gold 

remains the most widely studied plasmonic material. 

Although gold nanoparticles exhibit no plasmon resonances at UV frequencies, spectral 

extinction measurements in this region could have analytical value.  During gold 

nanoparticle synthesis and chemical modification, UV spectra can indicate the real-time 

concentration of reactants based on their characteristic UV absorbances.18-24 UV 

measurements can also be used to characterize the nanoparticle ensemble. The amplitude of 

the plasmon resonant extinction is proportional to nanoparticle concentration and, for gold 

nanorods and other elongated particles, the red-shifted peak resonance wavelength is 

proportional to aspect ratio. However, a full characterization of the nanoparticle 

concentration and dimensions still requires a combination of electron microscopy and 

optical measurements. A recent study of gold nanosphere solutions developed formulas to 

determine both the gold nanosphere concentration and average diameter based solely on 

ratios of optical extinction at the plasmon resonance and other wavelengths.22 It was found 

that wavelengths shorter than the plasmon resonance were most useful, although the reason 

was not clear.  A similar strategy for gold nanorods that could yield the average length, 

diameter, and concentration from a single extinction spectrum would significantly impact 

the characterization greatly benefit the applications of these nanomaterials. Here we study 

the UV extinction of gold nanorod and nanosphere solutions in the relatively convenient 

spectral region that is accessible with xenon flash lamp excitation and a UV enhanced 

detector, but above the vacuum UV spectrum. We report on the UV absorbance signal due to 
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the CTAB surfactant that stabilizes nanorods, and provide insight into the UV spectral 

properties of gold nanoparticles. 

 

5.5. Experimental and Theoretical Methods 

A.2.1. Gold Nanoparticles 

Two CTAB-stabilized gold nanorod solutions were purchased with different nominal 

sizes and near infrared plasmon resonant wavelengths (Nanopartz, Tempe AZ). The average 

nanorod length and diameter for each sample were analyzed by transmission electron 

microscopy and determined to be (D = 35 nm, L = 133 nm) and (D = 33 nm, L = 100 nm). The 

nanorods were produced by the well-known high yield synthesis methods that incorporate 

a small amount of silver nitrate, so the nanorods likely contain a trace amount of silver atoms, 

approximately 1%.25-26 The nanorods were received suspended in CTAB surfactant solution. 

Citrate stabilized gold nanospheres (20, 60, and 80 nm diameter) were also purchased 

(Nanopartz, Tempe AZ and BBI, UK). These were used without purification and the nominal 

diameters were confirmed by TEM. 

A.2.2. UV Measurements 

To measure UV spectra, nanorods were transferred to a solution with known CTAB 

concentration. One milliliter of nanorod solution was pelleted at rcf = 2400 g for 30 minutes 

with a benchtop centrifuge. The clear CTAB solution was decanted, and the nanorod pellet 

was resuspended with 1 mM CTAB solution. This was performed twice more to ensure an 
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accurate CTAB concentration. Spectra were recorded with a PX-2 xenon flash lamp and UV-

sensitized USB4000 spectrometer (Ocean Optics). To minimize UV loss in the instrument, 

optical fibers were not used. The instruments were directly attached via a 3D printed scaffold 

which also held beam focusing optics and a 1 cm path length quartz cuvette. 100 spectra 

were averaged for each measurement. 

A.2.3. Transmission Electron Microscopy 

A 5 μL aliquot of gold nanorods in 1 mM CTAB solution was dropped onto a carbon coated 

TEM grid, dried, and rinsed with water to minimize CTAB coating. The grids were imaged 

with a JEOL 1230 High Contrast TEM at 80 keV.  

A.3. Calculations 

The extinction cross section for gold nanospheres was calculated from the Mie solution to 

Maxwell’s equations following the derivation in Bohren and Huffman, and using GNU Octave, 

a free software package for numerical computations.8 The first ten terms in the multipole 

expansion were calculated using the dielectric functions of gold and silver from Johnson and 

Christy.27 The dielectric functions were interpolated to a higher point density and smoothed. 

Our Mie program for gold and silver nanospheres is provided in the Supporting Information.  

Gold nanorod extinction was calculated from electromagnetic simulations run in 

COMSOL Multiphysics using the RF module. The gold nanorod was constructed and 

surrounded by an embedding medium that corresponds to water, and surrounded by a 

perfectly matching layer (PML). The dielectric data from Johnson and Christy were used to 
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calculate the extinction cross section for incoming light with (i) the electric field polarized 

along the nanorod length and the wave vector transverse to the nanorod, (ii) the wave vector 

along the nanorod length and electric field transverse, and (iii) both the electric field and 

wave vector transverse to the nanorod length.  

A.4. Results and Discussion 

Gold nanorod samples with an average length of 133 nm and diameter of 35 nm were 

pelleted and resuspended in 1 mM CTAB surfactant. The spectral absorption is plotted in 

Figure 1A down to a wavelength of 200 nm. The well-known transverse and longitudinal 

plasmon absorption peaks of the gold nanorods occur at 520 nm and 820 nm, respectively. 

The absorption increases toward the UV wavelengths, with a very strong rise below 220 nm. 

To investigate the source of the UV spectral feature, 2 mM CTAB and 2 mM NaBr were 

prepared and their UV absorption spectra are displayed in Figure 1B. The CTAB and NaBr 

spectra are identical, revealing that the spectral feature below 220 nm is due to the bromide 

ion, and not related to the cetyltrimethylammonium cation from the surfactant. The excess 

electron on solvated halides and other anions can be excited to form a complex with solvent 

molecules under UV excitation. The resulting absorption at UV frequencies is called the 

charge transfer to solvent (c.t.t.s.) effect.28 The c.t.t.s band for bromide ions in water at room 

temperature consists of two peaks centered at 201 and 189 nm, so the UV  
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Figure 1. The spectral absorbance of gold nanorod 

solutions. A) The absorbance of D = 35 nm, L = 133 nm gold 

nanorods in 1 mM CTAB. B) The ultraviolet absorbance of 1 mM 

CTAB (red) and NaBr (blue) solutions. C) Absorbance of the 

same gold nanorods as in part A with the CTAB absorbance 

removed.  The inset displays a transmission electron micrograph 

of the nanorods. 
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features in Fig. 1A and 1B represents the edge of the main c.t.t.s. peak that is below the 

detectable range.29-30 A standard curve for CTAB and NaBr was generated and the extinction 

coefficient measured at λ= 220 nm, yielding a value ε220 = 62.5 M-1cm-1 (note that the value is 

rather low because it is on the edge of the c.t.t.s. peak). The c.t.t.s. transition serves as a 

convenient means to measure the CTAB surfactant concentration in gold nanorod solutions, 

which could be useful given the importance of the surfactant concentration for nanorod 

stability and possible cytotoxic effects.31-38 

  The bromide contribution can be easily removed by using a surfactant solution as the 

reference (rather than pure water). Such a spectrum is presented in Figure 1C, which 

displays the UV and visible absorption spectrum solely of the gold nanorods. The absorbance 

increases with decreasing wavelengths from the transverse plasmon resonance down to 280 

nm, where the spectrum suddenly changes slope. To investigate the UV properties of gold 

nanorods, we considered the complex dielectric function of gold, which can be used to 

calculate the optical properties of gold films and particles. Figure 2 presents the dielectric 

functions from spectral interferometry measurements on evaporated gold films by Johnson 

and Christy,27 which have been widely applied to accurately predict the optical properties of 

gold structures at visible and infrared frequencies.  

  While some researchers have repeated and improved upon these measured values,39-40 

and found analytical models to fit them,41-45 only the data of Johnson and Christy and of 

Theye describe the dielectric function at wavelengths below 300 nm, and are therefore 

relevant to our current interests.46-47 At infrared frequencies, the dielectric function of noble 

metals is fit well by the Drude-Sommerfeld free electron model:  
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where ωp is the plasma frequency and Γ is the electron relaxation rate. At visible frequencies, 

the dielectric function deviates significantly from this model due to interband transitions. 

For a complete analytical description, Lorentzian absorption terms must be added to the free 

electron model to construct a dielectric function that follows the experimental measurement. 

Different models and measurements over the years have led to a range of reported 

parameters ħωp from 8.5 to 9.0 eV and ħω from 18 to 73 meV.42 In Figure 2 we also plot the 

free electron model for the Johnson and Christy’s reported parameters of ħωp = 8.5 eV and 

ħω = 48 meV without interband transition terms. One can see a reasonably accurate fit at 

wavelengths greater than 500 nm that  
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improves at longer infrared wavelengths (not shown) where the free electron model is most 

accurate. The deviation at wavelengths between 300 and 500 nm due to interband 

transitions is clear. However, note that between 200 to 300 nm, the real part of the dielectric 

function again obtains the approximate value and slope of the free electron model.  

 

Figure 2. The A) imaginary (2) and B) real (1) 

parts of the dielectric function of gold plotted as data 

from Johnson and Christy (points) and the Drude model 

(line) using ħp = 8.5 eV and ħ = 48 meV. C) The Mie 

solution for gold nanospheres of different diameters 

plotted as extinction cross section divided by nanosphere 

volume. 
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Since gold nanoparticles are metallic, their surfaces strongly influence their optical 

properties, as seen in the size and shape dependent resonances of gold nanorods and other 

plasmonic nanoparticles. In the interband transition region, the nanoparticles become more 

absorptive, so one would expect their extinction to become less dependent on their surface 

and more dependent on their volume. To test this, we calculated exact extinction spectra for 

gold nanospheres from the Mie solution to Maxwell’s Equations using the dielectric function 

of Johnson and Christy.27 The extinction cross sections for 10, 30, 50, 70, and 90 nm gold 

nanospheres were normalized by the nanoparticle volume, referred to as the volume 

attenuation coefficient αV, and plotted in Figure 2C. Note that extinction spectra for 

nanoparticles of different size are usually normalized by their geometric cross sectional area 

to yield a unitless extinction efficiency for comparison. However, since our interest is in 

comparing different spectral regions with varying levels of absorption, spectra should be 

normalized by their mass, or equivalently the nanoparticle volume, sacrosanct though the 

efficiency may be.8, 23 The spectral volume attentuation coefficient plotted in Figure 2C follow 

the trend outlined above.  At the shortest wavelengths (200 – 300 nm) there is large variation 

in the spectal values.  Moving from 300 nm towards 500 nm, where the effect of interband 

transitions causes an increasing deviation from the Drude model, the spectral values begin 

to converge.  Above 500 nm, with an increaing correspondence to the Drude model, the large 

variation in spectral values returns. This result provides some insight into the reason that 

ratios of the the extinction at the LSPR peak wavelength and 450 nm were most accurate in 

predicting both nanosphere size and concentration. It is because one of those wavelengths 

probe a relatively metallic region (LSPR peak) that is dependent on size and shape, and an 
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absorbing region (450 nm) that depends on the total amount of gold.  The breakdown of the 

spectra among scattering, absorption and extinction is plotted in the Supporting Information 

(Figure S1). 

 

 

Figure 3. The A) imaginary (2) and B) real (1) 

parts of the dielectric function of silver plotted as data 

from Johnson and Christy (points) and the Drude model 

(line) using ħp = 9.2 eV and ħ = 21 meV. C) The Mie 

solution for silver nanospheres of different diameters 

plotted as extinction cross section divided by nanosphere 

volume. 
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The above analysis is more striking for silver nanoparticles. Equivalent plots are displayed 

in Figure 3, including the measured dielectric function using the free electron parameters 

ħωp = 9.2 eV and ħω = 21 meV.27 Again, one finds large variations where the dielectric 

function follows a free electron model, and collapsed spectra in the region that corresponds 

to interband transitions (300 to 350 nm for silver). At visible wavelengths, the plasmon 

resonance red shifts with increasing nanoparticle size. Although this behavior is not 

predicted by the electrostatic approximation, the nanoparticles simulated in Figures 2 and 3 

are too large for that approximation, which assumes kr << 1 where k is the incident 

wavenumber and r the nanosphere radius. Even only considering the dipole term of the Mie 

solution, the nanoparticle resonance red shifts with increasing size for silver nanospheres. 

This behavior is not widely recognized for gold nanoparticles because the real part of the 

dielectric function becomes flat from 300 to 500 nm (see Figure 2) due to the sum of the free 

electron model and the interband transition terms, leading to a weakly shifting plasmon 

resonance peak. However, if as an academic exercise one calculates the Mie solution using 

the free electron dielectric function for gold without interband transition terms, the gold 

nanoparticle plasmon resonance frequency shifts in a manner similar to that for silver in 

Figure 3 (see Supporting Information, Figure S2). 
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  The variation in UV spectra were confirmed with measurements on 20, 60, and 80 nm 

diameter nanospheres. These citrate functionalized nanospheres, like gold nanoparticles 

from any source, may contain synthesis reactants and stabilizers which interfere with UV 

measurements. These could be removed by sedimentation and resuspension, but most gold 

nanoparticles are not as robust towards sedimentation as CTAB-stabilized gold nanorods. 

To remove the effects of unknown reactants and stabilizers the nanospheres were pelleted 

so that the supernatant could act as the reference solution, and then unperturbed 

nanospheres were used for spectral measurements. This serves to remove the spectral 

contribution of anything in the solution that does not sediment under the mild centrifugation 

conditions used (therefore, any molecular constituent). The results, displayed in Figure 4, fit 

the corresponding Mie solution well and confirm the large variation in the UV spectra for 

different nanosphere sizes. It also confirms the accuracy of Johnson and Christy’s data at UV 

frequencies.  

 

Figure 4. Experimental gold nanosphere absorbance (red points) and calculated 

Mie solutions for the optical extinction (black line), both normalized at the LSPR peak 

wavelength, for A) 20 nm, B) 60 nm, and C) 80 nm diameter gold nanospheres. 
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  The gold nanorod UV absorption spectrum from Figure 1C is similar to the 70 nm 

diameter gold nanosphere result from Figure 2C and the experimental 60 nm gold 

nanosphere from Figure 4B. Measurements on different nanorod sizes show UV spectra 

similar, but not identical, to the nanosphere spectra as well. A detailed characterization of l 

= 100 nm, d = 33 nm gold nanorods is presented in Figure 5. Since there is no simple analytic 

solution for arbitrary gold nanoparticle shapes, numerical simulations of nanorods by the 

finite element method (FEM) were performed using COMSOL. The spectral extinction 

depends strongly on the incoming light direction and polarization relative to the elongated 

nanorod structure. In Figure 5a the spectral extinction from the three unique optical 

excitation directions are shown. When the electric field is along the nanorod length the UV 

spectrum is low and flat, but if the field is along the diameter the UV spectrum is high and 

sloping down. The nanorod trend is therefore similar to that of nanospheres if one takes the 

nanorod size in the direction of the electric field as the effective diameter. Figure 5B shows 

the experimental extinction spectrum.  Interestingly, the measured UV spectral shape looks 

similar to the transverse excitation in Figure 5A, but the UV spectral magnitude (relative to 

the LSPR peak) is closer to the longitudinal excitation.  Further study of the gold nanorod UV 

spectrum will be required to achieve an all-optical characterize like the one described above 

for nanospheres,22 but these results show that similar spectral phenomena occur, which is 

not surprising considering that they depend on the same dielectric function. 
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  The UV spectral properties of noble metal nanoparticles have not been widely studied, 

but these results point to potential research applications. First, UV measurements could be 

used to further constrain insightful analytical models of the dielectric function of gold, given 

the shift from interband transitions back to metallic behavior. Second, since the UV 

absorption between 200 and 300 varies with nanoparticle size, it could be used to determine 

the nanorod geometry and to monitor the growth kinetics of gold nanoparticles.48-51 For gold 

nanospheres, the slight change in the LSPR peak wavelength with size has been used to 

 

Figure 5. UV extinction for l = 100 nm, d = 33 nm gold 

nanorods. A) The UV extinction cross section calculated by 

FEM with the electric field and wave vectors arranged as 

shown to the right. B) The experimentally measured 

absorbance. A TEM image of nanorods from the sample is 

displayed to the right. 
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monitor growth, but with limited sensitivity. The LSPR peak amplitude can further indicate 

the size, but it also depends on the number of nanoparticles, so growth data would be 

combined with nucleation. As seen in Figure 4, a measurement of the ratio of UV to LSPR 

peak absorption will decrease with nanoparticle diameter yet remain independent of the 

number of nanoparticles. For gold nanorods, the LSPR peak wavelength increases with the 

aspect ratio, but alone does not indicate both nanorod length and diameter. Researchers 

have turned to advanced x-ray scattering methods and cryogenic transmission electron 

microscopy to monitor nanorod synthesis reactions.52-55 The much simpler UV 

measurements described here may also contribute, although the mixture of signals from the 

three axes would complicate matters. Finally, understanding the gold nanoparticle and 

surfactant’s contribution to the UV absorption will aid the analysis of other components of 

nanorod solutions. For example, Figure 6 displays the absorption of 1-naphthol mixed with 

gold nanorods as part of a study of intercalation into the surfactant layer.18 The strong 

absorption of 1-naphthol (1mM) is clear above the nanorod background (similar to Figure 

1c), while the strong absorbance below 220 nm is shown above to be due to the bromide ion. 

The remaining features, absorptions at 213 nm and 294 nm, correspond UV absorption of 1-

naphthol. 
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Figure 6. The spectra of gold nanorods with 5 mM CTAB 

and 1 mM 1-naphthol in solution. 1-naphthol contributions are 

highlighted with arrows. 
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A.5. Conclusion 

  The UV extinction spectra of gold nanosphere and nanorod solutions were analyzed in 

detail. The bromide counter ion to the surfactant responsible for the synthesis and 

stabilization of gold nanorods (CTAB) causes a strong absorption below 220 nm due to the 

c.t.t.s effect. Measurements of the extinction spectra of gold nanospheres closely match the 

predictions of the Mie solution down to 200 nm using the dielectric function from Johnson 

and Christy. At UV wavelengths below the interband transitions, the dielectric function 

follows the free electron Drude model, and the extinction is strongly size dependent as it is 

at wavelengths greater than 500 nm. Gold nanorod UV spectra depend on the polarization 

direction relative to the nanorod structure, with each polarization exhibiting a spectrum 

similar to that of a sphere of the same dimension. 

 

A.6. Supporting Information  

A.6.1. Spectral Extinction 

Figure S1 displays the calculated spectral extinction, scattering, and absorption of gold 
nanospheres calculated as in Figure 2. 
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A.6.2. Calculated Extinction 

Figure S2 displays the calculated extinction of gold nanospheres using only the Drude 
model 
parameters as described in the main text, and without interband transition terms. One can 
see 
that the plasmon resonance is more broadly tunable than found for the actual gold 
dielectric 
function. 

 

Figure S1. The extinction (solid), absorption (dashed), and 

scattering (dotted) spectra of gold nanospheres for the sizes indicated. 
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A.6.3. Octave Program 

The program to calculate the extinction for gold nanospheres is given below, and followed 
by 
function files that contain the required special functions. If each of these is copied into a 
text file 
and saved as m-files (*.m) in the same directory, they will run in Octave. 
=========================================================== 
#Prevent Octave from thinking this 
#is a function file: 
clear 
r = 20; #nanoparticle radius 
N = 1.33; #medium index 
lo = 220; #low wavelength 
hi = 900; #high wavelength 
length = hi-lo+1; #the length of the wavelength vector based on hi and lo 
Figure S1. The Mie solution for gold nanospheres of 
different diameters plotted as extinction cross section 
divided by nanosphere volume, using only the Drude 

 
Figure S2. The Mie solution for gold nanospheres of different 

diameters plotted as extinction cross section divided by nanosphere 

volume, using only the Drude model (ħp = 8.5 eV and  = 48 meV) to 

determine the complex index of refraction. 
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model (ħwp = 8.5 eV and G = 48 meV) to determine 
the complex index of refraction. 
#The gold data, copied directly from Johnson and Christy, as a 3 column vector: 
wavelength, n, k 
JCgold=[188 192 195 199 203 207 212 216 221 226 231 237 243 249 255 262 269 276 
284 292 
301 311 320 332 343 354 368 382 397 413 431 451 471 496 521 549 582 617 660 705 
756 821 
892 984 1088 1216 1393 1610 1938; 
1.28 1.32 1.34 1.33 1.33 1.3 1.3 1.3 1.3 1.31 1.3 1.32 1.32 1.33 1.33 1.35 1.38 1.43 1.47 1.49 
1.53 1.53 1.54 1.48 1.48 1.5 1.48 1.46 1.47 1.46 1.45 1.38 1.31 1.04 0.62 0.43 0.29 0.21 0.14 
0.13 0.14 0.16 0.17 0.22 0.27 0.35 0.43 0.56 0.92; 
1.188 1.203 1.226 1.251 1.277 1.304 1.35 1.387 1.427 1.46 1.497 1.536 1.577 1.631 1.688 
1.749 
1.803 1.847 1.869 1.878 1.889 1.893 1.898 1.883 1.871 1.866 1.895 1.933 1.952 1.958 
1.948 
1.913 1.849 1.833 2.081 2.455 2.863 3.272 3.697 4.103 4.542 5.083 5.663 6.35 7.15 8.145 
9.519 
11.21 13.78]; 
#Interpolate a new set of gold data based on J&C and hi/lo 
gold(3,length)=0; 
gold(1,:)=lo:1:hi; 
gold(3,:)=interp1(JCgold(1,:),JCgold(3,:),gold(1,:),'spline'); 
gold(2,:)=interp1(JCgold(1,:),JCgold(2,:),gold(1,:),'spline'); 
#create wavelength vector 
wave = lo:hi; 
N1=gold(2,:)+sqrt(-1)*gold(3,:); #The index of gold defined as a complex number, N1, as in 
Bohren and Huffman 
for l = 1:length 
C = 0; 
for n = 1:10 
x = 2*pi*N*r/gold(1,l); 
m = N1(l)/N; 
a1 = m*riccatibessel(n,m*x)*riccatibesselprime(n,x); 
a2 = riccatibessel(n,x)*riccatibesselprime(n,m*x); 
a3 = m*riccatibessel(n,m*x)*riccatihankelprime(n,x); 
a4 = riccatihankel(n,x)*riccatibesselprime(n,m*x); 
an = (a1-a2)/(a3-a4); 
b1 = riccatibessel(n,m*x)*riccatibesselprime(n,x); 
b2 = m*riccatibessel(n,x)*riccatibesselprime(n,m*x); 
b3 = riccatibessel(n,m*x)*riccatihankelprime(n,x); 
b4 = m*riccatihankel(n,x)*riccatibesselprime(n,m*x); 
bn = (b1-b2)/(b3-b4); 
C = C +(2*n+1)*real(an+bn); 
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endfor 
Cext(l) = C * (wave(l))^2/(2*pi*N^2); 
endfor 
%Extinction normalized to LSPR maximum 
plot(wave,Cext/max(Cext(250:400)),'k','LineWidth',0.4) 
hold on 
axis([200 900 0 1.2]) 
%Apply labels and give them a size 
xlabel('Wavelength (nm)','Fontsize',12); 
ylabel('Normalized Extinction','Fontsize',12); 
===================================================== 
function rb=riccatibessel(n,x) 
rb=x*spbesselj(n,x); 
endfunction 
===================================================== 
function rbp=riccatibesselprime(n,x) 
rbp=(n+1)*spbesselj(n,x)-x*spbesselj(n+1,x); 
endfunction 
===================================================== 
function rh=riccatihankel(n,x) 
rh=x*sphankelh(n,x); 
endfunction 
===================================================== 
function rhp=riccatihankelprime(n,x) 
rhp=(n+1)*sphankelh(n,x)-x*sphankelh(n+1,x); 
endfunction 
===================================================== 
function sbj=spbesselj(n,x) 
sbj=sqrt(pi/(2*x))*besselj(n+0.5,x); 
endfunction 
====================================================== 
function shh=sphankelh(n,x) 
shh=sqrt(pi/(2*x))*besselj(n+0.5,x)+sqrt(-1)*(-1)^(n+1)*sqrt(pi/(2*x))*besselj(-n-0.5,x); 
endfunction 
=============================================================== 
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Appendix B: Cryo-Raman 

This work was funded by the Japanese Society for the Promotion of Science by its 2018 

JSPS Summer Researcher Fellow Program. 

The research technique presented here is the property of the Professor Katsumasa Fujita 

research group at Osaka University. This discussion is allowed with Professor Fujita’s 

permission. 

B.1. 2D Raman Imaging 

For most investigations that use some type of Raman imaging technique, including 

this work, the samples being investigated are either bulk responses of a solution or a 

physical sample or single molecule responses. However, there have been developments 

into applying Raman imaging techniques for a wider variety of applications. One technique 

is being pioneered by the Professor Fujita research group at Osaka University labeled 2D 

Raman Imaging. 

The overall technique can be seen in Figure 1.  A given biological sample, for the 

purposes of this appendix HeLa cancer cells, is first aligned to a specimen section using a 

bright-field microscope.102 Once aligned in the bright-field, the same microscope has its 

light source replaced by a 532 nm laser beam that has been optically modified to form a 

high-powered one-dimensional line. The beam line is adjusted so that its length 
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corresponds to the sample y-direction and the line’s thickness is adjusted for a single pixel 

in the x-direction. The line laser beam then takes a series of high-powered scans (on the 

order of Watts for several seconds) along the entire desired image plane. At each pixel in 

the line, a Raman spectrum is taken that is combined to form a data cube. In each spectrum, 

desired Raman peaks corresponding to particular biologically relevant molecular 

components are identified and the relative peak intensity is given a certain color channel 

for the imaged pixel. By then identifying multiple types of molecular components with 

different channel colors, a 2D reconstruction of the sample is created to illustrate where 

different concentrations of the molecular components are found. 
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Figure 1: Pictoral diagram of line-shaped laser optical apparatus used in 2D experiments. 
Once a sample is aligned in bright-field, a series of line laser scans are taken along the 
desired image plane. At each pixel in the line, a Raman spectrum is taken that forms a data 
cube. Desired Raman peaks at each pixel are given a certain channel color to correspond to 
a particular biological molecule. The color channels are overlaid to get the resulting 2D 
Raman image.102  

 

B.1.1. Optical Arrangement 

For the 2D Raman imaging of the sample, there are two major differences between 

the optical arrangement used for the main portion of the cholesterol research and the 2D 

Raman imaging. The first is the optics needed to turn a circular laser beam into a line-
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shaped laser focus. As depicted in the left side of Figure 2, the 532 nm laser is first brought 

through a series of lens that progressively stretch the laser beam in one direction and 

condense the beam in the perpendicular direction. 

The second major difference in the 2D Raman imaging is the components necessary 

to drag the line-shaped laser across the sample. By using a combination of control 

programs, a single line scan is taken over the course of a few seconds. A shutter is then 

used to block the beam which is followed by moving the GM1 mirror to change the position 

of the beam on the sample to the next pixel location. This process is repeated until the 

entire sample area has been scanned. The image reconstruction uses a MATLAB program to 

import the data cube of Raman spectra whereby a researcher can select which Raman peak 

area to be used for the color channeled Raman image.  

 



 141 
 

Figure 2: Pictoral diagram of line-shaped laser optical apparatus used in 2D experiments.102  
 

B.1.2. Previous 2D Investigations 

When looking at biological samples in Raman spectroscopy, the Fujita group first 

tried to identify Raman modes that were unique to certain cellular components.103 From 

the spectrum seen in Figure 3, there were three modes that were found to be unique to 

three different cellular components. The first is the Raman peak at 750 cm-1 which 

corresponds to the pyrrole ring in cytochrome c, a major component for ATP production in 

cells and is localized to the mitochondria of said cell.103 Next, the 1689 cm-1 peak is assigned 

to the amide I vibrational mode of peptide bonds and this band gives the distribution of 

proteins within the cell body.103 Finally, the 2855 cm-1 band relates to the symmetric 

stretching vibration of CH2.103 Phospholipids are the main contributor of this Raman 

vibration and so this peak indicates the location of lipid vesicles and membranes that are 

apart of organelles of the cell.  
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 Figure 3: Top) The Raman spectrum of the cytosol of living HeLa cell with different 
molecular Raman peaks. Bottom) Channels of different Raman peaks for cytochrome-c, 
proteins, and lipid, respectively. Channels were assigned a color to created the 2D image to 
the right. 103  

 

With an understanding of the different Raman channels that could be examined in 

biological samples, the Fujita group then investigated other biological processes using the 

2D Raman imaging technique. Of interest was to see if different cellular processes could be 
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examined in time by using a temporal series of 2D scans to capture the different cellular 

components. One example was seeing the final stages of HeLa cell division in a time series, 

shown in Figure 4.103 Additional investigations into things such as chromosome division in 

HeLa cells, the apoptosis of HeLa cells, the mineralization of bone cells, and others were 

investigated in order to better understand the cellular components in these processes.103  

 

Figure 4: Timelapse of the HeLa cell during final cell division stages using Raman imaging, 
using the same Raman channels as those of Figure 3.103  

 

B.1.3. Cryo-Freezing 

In order to expand the capabilities of the 2D Raman imaging system, a new device 

was tested to allow for cryogenic freezing of samples. Three of the main avenues explored 

for the research fellowship were to see if cellular processes could be frozen for the imaging, 
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to try to understand the freezing process better on the molecular level for cellular samples, 

and also to see what the role of the freezing medium played in the freezing process.  

To work with the existing light-field microscopes in the lab, the freezing block was 

designed to be attached to the standard baseplate of the light-field microscopes using a 

series of screws and rubber seals to create a closed off environment, seen in Figure 6. The 

air in the chamber was replaced with liquid nitrogen gas. The sample was placed on the 

movable stage (peach), whereby the stage had a controllable flow of liquid nitrogen to 

regulate the temperature experienced by the sample. A mechanical XY-position movable 

stage (grey) was placed on top of the sample, forming a sandwich, that allowed for moving 

the focus of the microscope to different part of the sample. 

 

Figure 6: Rough pictoral diagram of freezing block prototype used for frozen cellular 
sample imaging. Sample block (peach) had a liquid nitrogen flow system for cooling and a 
mechanical XY-position motor (grey). Samples were placed in the center of the block. The 
chamber was evacuated of air and replaced by liquid nitrogen gas (by two valves indicated 
in blue). The sample was illuminated from below (glass window in yellow). 

 
With the liquid nitrogen tank and temperature control apparatus (shown in Figure 

7), the freezing sample block could be taken to different light-field and Raman optical 
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arrangements. Care was needed when freezing samples beforehand, since a thinly sliced 

frozen sample would defrost quickly when exposed to ambient room conditions. 

 
Figure 7: Cryo-freezing block (top with connection cables) put on a brightfield microscope. 
Initial investigations used this arrangement to understand freezing of cells and medium.  
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B.2. Summer Fellowship Findings 

The following results were presented at the 2018 Japanese Society for the Promotion of 

Science Summer Research Fellowship research report session as the presentation of the 

United States’ representative. They by no means constitute a peer-reviewed research 

article and all credit goes to the Fujita group at Osaka University.  

B.2.1. Cryo-Preservatives 

While learning both the 2D imaging method as well as how to work with HeLa cells, 

the initial investigation was to better understand the difference between the standard 

Hank’s Balanced Salt Solution (HBSS) and cryoperservative CellBanker when freezing cells. 

From previous findings of other groups, the formation of water crystals both inside and 

outside of the cells was the main cause of damage to cells. The popular understanding is 

that as the water crystals form, the cellular membranes are not flexible enough to allow for 

the crystals growth and thus are ruptured during the freezing process. When the cells are 

then thawed, the now ruptured membranes quickly lead to cell death. 

To try to fix this problem, DMSO-based solutions are used. Dimethyl sulfoxide 

(DMSO) is a reagent that has been found to create pores within cellular membranes, aiding 

the permeation of materials in the cell body as well as partitioning molecules and proteins 

into bilayers. By using these same pores during the freezing process for cells, water is able 

to leave the cellular environment and form crystals outside of the cell, mitigating the 

damage done to the cellular components. 
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Figure 8: Comparison of the freezing of HeLa cells in (left) standard/HBSS and (right) 

CellBanker solutions. Ice crystals formed in solution and in the cell for the standard 

solution, puncturting the cell membrane and destroying the cell. CellBanker’s main 

component of DMSO allowed water to leave the cell during the freezing process, limiting 

water crystals puncturing cell membranes. 

 

Figure 8 highlights the two freezing processes for the different sample medium. The 

HBSS solution’s cell loses much of their original shape after the freezing process, forming 

long strands indicative of cell membrane damage. The CellBanker cells on the other hand 

still retain the majority of their original shape, though parts of the cells appear globular. 

The globularization might in fact be due to the lose of water within the cell itself, whereby 

the membranes would constrict over the organelles and other cellular components.  
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B.2.2. Light-field and Raman Images of HeLa Cells 

To observe chosen cells at different temperatures, a region of unique looking cell 

clusters was found in both the HBSS and CellBanker cell solutions. These two regions were 

tracked at different temperatures, with the sample stage being adjusted to keep the cells in 

the same frame throughout all the temperatures. At each step in the freezing process, a 

light-field image of the sample (grey pictures in Figure 9) was used to not only change the 

XY-position but also the focus depth of the optics to account for the increasing thickness of 

the frozen solution. 

 

Figure 9: Light-field comparison of the same cell sample in either HBSS (left) or CellBanker 
(right) at different temperatures. The same cells were tracked during each run of 
decreasing temperature, with approximately the same frame maintained throughout the 
different freezing steps.  
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Using the adjusted sample position frames from the brightfield, a 2D Raman scan of 

the same image region was taken. Once the data cube was acquired for each image area, the 

following channel colorations were assigned: green was used for cytochrome c vibration at 

740 cm-1 for intercellular components, red was used for the -CH2 mode of lipids at 2930 cm-

1, and blue for the scissoring mode of liquid water found at 3230 cm-1. Of interest between 

the two data sets is the evidence of globularization of the CellBanker solution seen in the 

light-field images. Of additional interest is what appears to be a much higher degree of 

liquid water within the cell bodies of the CellBanker sample then compared to HBSS at -

60°C. However, additional testing would be necessary to substantiate any more claims for 

the differences between the samples.  
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Figure 10: Raman comparison of the same cell sample in either HBSS (left) or CellBanker 
(right) at different temperatures. The different color channels are given.  
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